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ABSTRACT 

 Nearly all genomes contain mobile DNA elements that move from one location to 

another via transposition. The movement of these elements can cause mutation, either 

because the element inserts within a gene or because it promotes significant mutations via 

recombination between pairs of mobile elements in different locations, etc., the most 

common of which are chromosomal rearrangements. These chromosomal mutations (such as 

insertions, deletions, or translocations) cause changes in gene expression and copy numbers 

of genes and are more likely to occur through transposition than through a single nucleotide 

change from a random base-pair mutation. Chromosomal mutations impact the entire 

chromosome, and the structural changes that occur can often be deleterious. However, these 

types of mutations can also be essential for populations because they often lead to adaptive 

evolution and an increase in genetic diversity. This research sought to determine the role of 

transposable elements on genome evolution and on adaptation to novel selective pressures by 

introducing a highly active foreign transposable element, Hermes, to a host population of 

Saccharomyces cerevisiae yeast. It was determined that invasion by the transposon required 

outcrossing sex and did not occur in initially identical asexual populations maintained within 

the same environment. Furthermore, invasion and establishment of the transposon increased 

evolvability through novel adaptive mutations when grown in a lethally hyperosmotic 

environment and modified the expression levels of several key stress-associated genes. The 

advantages afforded to host populations harboring the novel Hermes transposon may give 

insight into the benefits of sexual reproduction in eukaryotic organisms and why this type of 

reproduction is so widespread.   
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CHAPTER I 

Transposable Elements & Evolutionary Change 

Transposable genetic elements (TEs) encompass a vast assortment of DNA 

sequences, all having the ability to insert copies of themselves into multiple chromosomal 

locations within a genome (Cowley & Oakey, 2013). They must mobilize in order to ensure 

their own spread and are often considered “parasitic” or “selfish” due to their inherent 

autonomous proliferation and potential for genetic disruption through mutagenic 

transposition when spreading throughout a novel population (Aziz et al., 2010). 

Chromosomal mutations resulting from recombination between copies and the transposition 

process itself can also lead to double-strand breaks. When infected and uninfected organisms 

mate, the existence of a transposable element at multiple chromosomal locations within the 

infected individual increases the percentage of offspring that will inherit it (Hurst & Werren, 

2001). If mating is random and transposons multiply within a genome, this biased 

transmission can outweigh selection against infected genomes. This strategy requires 

outcrossing sex, since the segregation advantage of multiple copies can only be seen once 

there have been matings between infected and uninfected hosts (Zeyl & Bell, 1995). 

With increasing numbers of entire genomes available for analysis, it is clear that TEs 

play a major role in large-scale genome evolution (Werren, 2011; Schaack et al., 2010). This 

is thought to be somewhat cyclical: an element is introduced to a naïve population from an 

already-infected population, or by horizontal transfer. The mutations caused by transposable 

elements are thought to be mostly deleterious. However, it has been suggested that the 

increased supply of genetic variation obtained by TE invasion may facilitate or speed 

adaptation to environmental changes and stressful genomic situations such as UV exposure or 

pathogen invasion (Cowley & Oakey, 2013; Slotkin & Martienssen, 2007; Liu & Zhang, 
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2019). Furthermore, once a transposable element has established itself in the host genome, 

the mutations it causes may be more likely than random replication errors to be adaptive 

since many of them will be some form of chromosomal rearrangement, which would lead to 

changes in gene expression and allow for better adaptability of the host.  

On the other hand, transposition may be suppressed by the host through epigenetic 

mechanisms including modifications of histone tails, which alter the binding of protein 

factors, alterations in chromatin packing, remodeling, and condensation, and DNA 

methylation (Levin & Moran, 2013). TE silencing can also occur post-transcriptionally using 

non-coding RNA. For example, small interfering RNAs (siRNAs), a class of double-stranded 

RNA molecules, can operate within the RNA interference (RNAi) pathway to interfere with 

the expression of specific genes with complementary nucleotide sequences. This degrades 

mRNA after transcription so that translation does not occur. These siRNAs can be derived 

from copies of a transposable element and will cause silencing of that TE. They are produced 

from TE transcripts by a protein complex called Dicer, which is responsible for cleaving 

double-stranded RNA (Slotkin & Martienssen, 2007).  

Established TEs are commonly epigenetically silenced in eukaryotic genomes 

(Feschotte & Pritham, 2007). This is thought to be an evolved mechanism for preventing the 

effects of potentially destructive transposable elements by regulating their propagation. Little 

to no transmission advantage is gained by additional transposition once the element is 

represented in most of the genomes, and selection for both TE and host tends to decrease 

transposition rates or damage to the host (Dolgin & Charlesworth, 2006).  

Alternatively, the mutagenic effects of TEs may also provide host populations with 

greater potential to adapt to new or stressful circumstances (Samani & Bell, 2010; 

Casacuberta & Gonzalez, 2013). Coevolution with the host genome can minimize the costs 

that the transposable elements have on the population once integrated. Rather than inserting 
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into random locations, some elements evolve target preferences outside of protein-coding 

regions. They can also insert into regions where fitness cost to the host is reduced or where 

the host is unable to readily evolve countermeasures for the transposable element invader. 

For example, long-established TEs evolve insertion-site specificity that avoids euchromatin 

and open reading frames (ORFs) or restricts transposition to germline cells (as seen with P 

elements in Drosophila), while host genomes can evolve or adapt gene-regulatory 

mechanisms to suppress transposition (Levin & Moran, 2013).  

Two types of transposons will be relevant to this research project. The first type, 

DNA transposons, are the type that I experimentally introduced to yeast populations as 

horizontally transferred invaders. These transposons use a “cut-and-paste” mechanism to 

directly enter a host genome and transpose within it. DNA transposons (also known as Class 

II transposons) move by the excision of an existing copy and its reinsertion into a new 

location. Complete copies carry an open reading frame (ORF) encoding a transposase, which 

specifically recognizes that element's terminal inverted repeats during the transposition 

process, and typically will also engage and transpose partially deleted or "non-autonomous" 

copies, as long as they retain the inverted repeats (Feschotte & Pritham, 2007; Kidwell, 

2002). Transposons can multiply rapidly within newly infected genomes through 

mechanisms such as transposition of one strand of an existing copy followed by repair 

synthesis of the complementary strands of both the original and the new copy (Kazazian, 

2004). 

The second are known as long terminal repeat (LTR) retrotransposons or Class I 

transposons, which are the only type of transposable element naturally found in the yeast 

genome. "LTR" refers to the characteristic sequence of a few hundred base pairs found at 

both ends of the element (Muszewska et al., 2011). These transposable elements use an RNA 

intermediate to insert copies of themselves into a host genome. They are transcribed, reverse-
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transcribed, and inserted as DNA copies into new chromosomal locations. Retrotransposons 

can cause rapid increases in the size of multicellular eukaryotic genomes (Feschotte & 

Pritham, 2007; Kazazian, 2004). LTR retrotransposons are normally suppressed by the RNAi 

pathway, however, this system is not present in budding yeast due to the evolutionary loss of 

Dicer and Argonaute functions (Sandmeyer et al., 2015).  

Hermes, the DNA transposon that serves as the invasive element in this experiment, 

has been genetically marked with a fungal gene (Nat) encoding resistance to the antibiotic 

nourseothricin (clonNAT), and previously engineered for activity in yeast (Gangadharan et 

al., 2010). Hermes activity in yeast shows characteristics typical of TE transposition in its 

native housefly host genomes, including long-range insertion-site preferences such as GC-

rich regions, a tendency towards exclusion from the locations of nucleosomes, and an 8-nt 

duplication of its insertion sites (Gangadharan et al., 2010). These characteristics indicate that 

apart from the experimentally increased rates, Hermes transposition in yeast resembles that in 

its native genome and is representative of transposons in general. The horizontally transferred 

transposons are affected by the chromatin structure of the host and were therefore introduced 

to experimental populations on centromere plasmid pHermes2.   

 

Transposable Elements within the Domains & Kingdoms of Life 

 

  The mobilome consists of all mobile genetic elements (MGE) within a cell. MGEs 

are considered to be any type of DNA that can move around, within, or between genomes 

(Siefert, 2009). This encompasses everything from transposable elements and plasmids to 

self-splicing molecules such as mobile introns and homing endonucleases.  MGEs influence 

the genome evolution and genetic variation of both prokaryotes and eukaryotes. For example, 

some exons and regulatory sequences of host genes, and even entire new RNA and protein-

coding genes are derived from domesticated transposable elements. Furthermore, in 
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prokaryotes, MGEs, such as plasmids and conjugative transposons, play a significant role in 

horizontal gene transfer and distribution of resistance and virulence factors between species 

(Frost et al. 2005; Kazazian, 2004). Each of the three domains of life contains some form of 

transposable element within their genomes. However, mobile genetic elements do not share a 

single common ancestor, and, in most, if not all of these genomes, there is not a single gene 

that is conserved. However, these elements have formed a complex network of evolutionary 

relationships in which genomes are linked through different shared genes and partially 

overlapping sets of genes. This evolutionary relationship most likely emerged through the 

widespread exchange of genes between similar and widely different genetic elements (Frost 

et al., 2005).  

 Fungi, plants, and animals mainly carry Class I and Class II transposable elements, 

though the diversity and number of these elements varies greatly among organisms (Chalopin 

et al., 2015). MITEs, miniature inverted-repeat transposable elements, are one such element 

commonly shared by all three. They are short, non-autonomous class II transposable elements 

containing no ORFs, terminal inverted repeats, or target site duplications. Both archaea and 

bacteria can carry a large number and variety of transposable elements as well. One of these 

is known as an insertion sequence or IS element. IS elements are a simple type of TE that are 

widely distributed among bacteria and archaea. They can be autonomous but can also be part 

of more complex transposons where two ISs flank one or more accessory genes (such as a 

gene encoding antibiotic resistance). Most ISs in individual genomes are evolutionarily 

young in that they have been recently acquired. They do not carry any accessory genes of 

their own and only code for proteins that are involved in transposition activity such as 

transposase, which catalyzes enzymatic reactions, and regulatory proteins, which can 

stimulate or inhibit activity. Often, these elements result in the duplication of a short target 

sequence that flanks the insertion, known as a direct repeat (Makalowski et al., 2019). It is 
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thought that IS elements transpose through a mechanism involving a replication step to eject 

a circular IS transposon copy from the donor site, which then serves as a transposition 

intermediate. Intergenic IS elements are not randomly distributed throughout prokaryote 

genomes. Some are known to exhibit target site preference, and more reside between 

convergently positioned genes compared to those that are divergently positioned than what 

would be expected by chance (Chalopin et al., 2015).   

           Bacteria also house plasmids, which play an integral role in horizontal gene transfer 

due to their ability to move between hosts and between species. Plasmids can acquire 

different accessory genes (such as antibiotic resistance or virulence) as well as transposons 

and IS elements, which can then be transported from plasmid to host chromosome or plasmid 

to plasmid (Siefert, 2009). They integrate into a bacterial host chromosome using 

homologous recombination and will often transfer a portion of that chromosome, along with 

itself, into a new recipient host (Makalowski et al., 2019). Plasmids can also be found in 

many eukaryotic organisms, such as animals and fungi. The plasmid used in this study of 

experimental evolution acts as a vector for carrying a copy of a Hermes transposase with a 

clonNAT antibiotic resistance marker into the fungal host, S. cerevisiae. 

Effects of Mutation on Gene Expression/Function 

Gene expression, or the process by which cells make a functional gene product, 

requires many steps in order to work properly, including, but not limited to, the transcription 

and translation of DNA. There are several ways in which mutations can affect gene function. 

First, transcription can be blocked by changes to the promoter region of the gene. Protein 

production is then either inhibited or occurs at the incorrect time due to changes in a part of 

the regulatory region (Cooper et al., 2003). Second, the structure and function of the protein 

coded by that gene can be affected. This may lead to enzyme inactivity, where a protein is 
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made but has no enzymatic function (Muotri et al., 2007). Third, some nonsense or frameshift 

mutations can lead to the complete absence of a protein due to a premature stop codon, etc. 

Lastly, mutations within introns that affect the specific nucleotide sequences that direct intron 

splicing may result in an mRNA that still contains an intron (Barrick & Lenski, 2013). When 

translated, this extra RNA will add amino acids to the protein, and its extra length will lead to 

a nonfunctioning protein.    

Some of the changes in gene expression that can be brought about by transposition 

include changes in DNA methylation and histone modification. DNA methylation is the 

process of covalently adding a methyl group to the base cytosine in the dinucleotide CpG of 

the DNA nucleotide sequence. Most of these CpG dinucleotides in the genome are 

methylated, and unmethylated CpGs are usually strategically found clustered together in CpG 

“islands,” which are in the promoter regions of many genes. For transcription to occur, the 

promoter, which controls the initiation of RNA transcription, should be readily accessible to 

transcription factors (TFs) and other regulatory units such as enhancers (Cooper et al., 2003). 

DNA methylation can directly prevent transcription factor binding and lead to changes in 

chromatin structure that restrict the access of TFs to the gene promoter. For example, 

methylated CpGs attract methyl-CpG-binding domain proteins that recruit “repressor 

complexes,” resulting in histone modifications. Methylated DNA can also interfere with gene 

transcription because binding proteins can preferentially recognize methylated DNA and 

recruit chromatin-remodeling factors (Muotri et al. 2007; Jin et al., 2011). Although distant 

methylated sequences can contribute to repression, the repression is greater if the promoter 

itself is methylated.      

The nucleosome, which is produced through interactions between DNA and histone 

proteins, plays a pivotal role in chromatin compaction. The positioning of nucleosomes can 

regulate the binding of chromatin factors. Some chromatin factors, including many 
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transcription factors, bind to specific DNA sequences only in nucleosome-free regions. On 

the other hand, many chromatin factors require nucleosomes for binding to chromatin 

(McGinty & Tan, 2015). Histones are the key components of chromatin. They are proteins 

that act as spools for wrapping up DNA. The modification of histones by the recruitment of 

the repressor complex leads to a more condensed, nuclease-resistant chromatin structure 

(heterochromatin) as opposed to an open and active euchromatin structure that is required for 

transcription (Jin et al., 2011). Acetylated histones have decreased interaction with the 

oppositely charged phosphate groups of DNA (Barrick & Lenski, 2013). As a result, the 

chromatin becomes less condensed and associates with higher levels of transcription. Histone 

deacetylation (HDAC) activity reverses this – causing euchromatin to become more densely 

packed, hindering transcription. With transcription repressed, transposons are unable to 

produce the proteins they rely on to move throughout the genome (Peek & Tollefsbol, 2011).  

Transposable elements can influence gene expression by affecting the local chromatin 

state. When in the coding region of genes, TEs can generate new alternative mRNA splicing 

isoforms, which can be seen as an intermediate step in the origination of new genes during 

evolution (Gao et al., 2015). Transposable elements can also exert long-range regulation of 

gene expression by actively reshaping chromatin organization (Zeng et al., 2018). For 

example, DNA transposons can inactivate or alter the expression of genes by inserting within 

introns, exons, or regulatory regions. Transposable elements that integrate into introns can 

also become spliced into the mRNA of the gene into which they have inserted. This often 

introduces stop codons into the mRNA sequence, which can lead to nonsense-mediated 

mRNA decay, ultimately controlling gene expression (Matsuda & Garfinkel, 2009).  
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Experimental Evolution & its Applications in Research  

In experimental evolution, selection can occur/act on any and all traits and genes 

relevant to fitness under the environmental systems of interest (Kawecki et al., 2012). It also 

provides an opportunity to study these changes over many generations under a relatively 

controlled and stable environment that can be manipulated to suit the needs of the 

experimenter. Furthermore, it allows for the control of pre-defined parameters such as genetic 

background and type/strength of selection and the ability to understand how populations 

adapt to conditions in a particular environment, which are usually defined in terms of a 

specific factor such as temperature, stress, competition, etc. (Kawecki et al., 2012). 

Understanding the relationship between the selection that occurs within a particular 

environment and the functional basis of adaptation at the molecular level is essential in 

predicting the trends and overall outcomes of evolutionary change (Gresham & Dunham, 

2014; Voordeckers & Verstrepen, 2015; Liu & Zhang, 2019).  

Even if maintained under the same environmental conditions, isolated populations 

derived from the same gene pool will diverge over time (Kawecki et al., 2012). This 

divergence will be driven by the establishment of new mutations, as well as the order in 

which they occur. It can also be driven by random genetic drift acting on pre-existing 

polymorphisms; however, the populations in this experiment have no starting genetic 

variation so that the emergence of new mutations over time can be observed as the host 

genome and transposon coevolve. Furthermore, any uncontrolled environmental variation can 

affect the direction and intensity of selection on the population, though this is greatly 

minimized by utilizing experimental evolution (Liu & Zhang, 2019; Lind, et al., 2015). 

Determining the distribution of fitness effects attributable to new mutations is closely related 

to the reproducibility of adaptive evolution. The selective environment imposed and 
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properties of the population, such as its size and mutation rate, will dictate the number of 

possible beneficial mutations and their fitness effects. The gene and mutation type also 

contribute to the fitness effect of a mutation, such as when a mutation that is initially 

beneficial becomes deleterious over time. Divergence generated by these stochastic 

mechanisms can be further amplified by selection if the resulting differences in genetic 

background influence the fitness effects of new alleles, a process known as epistasis (Lind, et 

al., 2015).  

Experimental evolution allows researchers to estimate genetic variance in fitness 

within populations, as well as between replicate evolving lines. It can also test specific 

predictions concerning the effect of general properties of the environment, demography, and 

evolutionary processes and outcomes. Hypothesis testing in evolution experiments typically 

involves comparisons between sets of populations evolving under different regimes, but 

originally derived from the same base population or the same ancestral genotype. This 

quantifies the differences in the evolutionary response under the various systems (Liu & 

Zhang, 2019). Divergence between experimental populations can then be quantified relative 

to variation among independently evolving replicate populations subjected to the same 

system.  

Microbial experimental evolution studies have demonstrated the rapid accumulation 

of genetic variation such as point mutations, copy number variation, and genomic 

rearrangements over time in response to laboratory environments (Liu & Zhang, 2019). 

Phenotypic changes in morphology, resistance to drugs, and fitness, for example, can be 

observed as early as a few generations. Experimental microbial evolution usually entails 

selection of the de novo mutations that arise in initially genetically identical populations 

(Gresham & Dunham, 2014). Using these organisms allows the experiment to start at a very 
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low amount of genetic variation, unlike most other organisms. In this long-term experimental 

selection study, all fixed alleles that arise will be new mutations. 

 

Saccharomyces cerevisiae as a Model Organism 

Saccharomyces cerevisiae is an ideal model organism for evolution and genetics 

research due to its rapid life cycle, minute size, and ease of genetic manipulation, which 

makes it possible to monitor change in large populations within a very short amount of time 

and at a relatively low cost. Though S. cerevisiae is a eukaryote and shares the complex 

internal cell structure of other eukaryotes, it does not contain the high percentage of non-

coding DNA that can confound research that the others comprise. More specifically, S. 

cerevisiae contains very few introns and much less intergenic DNA compared to other 

eukaryotic organisms (only ~28% of the yeast genome).  

S. cerevisiae has two mating types known as MATa and MATα (alpha). Mating only 

occurs between opposite mating types and is in response to the release of different MAT-

specific pheromones from each of the two types binding to receptors that are also MAT-

specific. (Reding et al., 2013). S. cerevisiae reproduces by mitosis and grows preferentially as 

diploid cells when nutrients are abundant. However, when placed under stress, such as 

starvation for nitrogen, and kept on a carbon source like acetate, which must be respired 

instead of fermented, diploid cells are able to undergo sporulation (Schneiter, 2004). This 

entails entering meiosis and producing four haploid “daughter” spores, which can then mate. 

Under optimal conditions, yeast cells can double their population every 100 minutes 

(Dunham et al., 2002). However, the environment and the strain being used can play a large 

role in growth rate (Gresham et al., 2008). The sexual cycle of S. cerevisiae can be easily 

controlled, ensuring that meiosis will occur in sexual populations but not in asexual 

populations. Selectable markers can also be implemented in order to eradicate unmated or un-
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sporulated cells at relevant points in the sexual cycle so that cell lineages are unable to avoid 

TE infection simply by not mating at all. S. cerevisiae can also be relatively easy to transform 

allowing for either the addition of new genes or deletion through homologous recombination, 

and genetic markers can be introduced by transformation so that isogenic strains can be easily 

derived from a common background (Leu & Murray, 2006; Schneiter, 2004). Furthermore, 

the ability to grow S. cerevisiae as a haploid simplifies gene knockouts. 

 A significant advantage of using S. cerevisiae as a model organism for this project is 

the fact that the only endogenous transposable elements it possesses are 5 families of 

retrotransposons, Ty1 through Ty5 (Sasaki et al., 2013). It has no known prior history with 

DNA transposons, so evolutionary change within the TE and the host genome during the 

experiment can be confidently attributed to coevolution during the experiment. S. cerevisiae 

also naturally harbors plasmids, which will be the vectors used to introduce the novel DNA 

transposon into the host genome. The S. cerevisiae strain that will be used in this research 

was the first eukaryotic genome to be sequenced. Therefore, not only is the sequence known, 

it is also the best-annotated yeast genome, which will help when mapping genomic locations 

of interest, such as transposon insertions, and in identifying candidates for adaptive mutations 

in the invasion and evolvability experiments. 

Saccharomyces cerevisiae usually uses transcription factors to regulate gene 

expression. This may come in the form of a “repressor” protein that prevents binding of an 

“activator” or that reduces the rate of transcription. Its chromatin is usually found in the 

lightly packed euchromatin state, and only three genomic locations undergo chromatin 

compaction including telomeres, the mating-type loci, and genes coding for nucleolar 

ribosomal DNA (rDNA). These heterochromatic structures are significantly different than 

those of other eukaryotes, however, because they lack important components of chromatin 
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compaction such as H3K9 methylation and heterochromatin-specific structural proteins 

(Hahn & Young, 2011).  

Heterochromatin formation in S. cerevisiae is based mainly on histone 

hypoacetylation. Sir genes 1-4 are responsible for the establishment of heterochromatic loci 

and their gene products are involved in the epigenetic silencing of mating type specific loci. 

This process relies on Sir2 and other Sir proteins due to the loss of the HP1 protein from the 

yeast genome, which aids in histone modification and the transcriptional silencing of 

heterochromatin (Zeng et al., 2011). ORC1, a component of the origin of replication 

complex, also plays a role by interacting with Sir protein S1 (Bi & Broach, 1999; Hickman et 

al., 2011). 

Saccharomyces cerevisiae lacks discernable homologs of Argonaute, Dicer, and 

RNA-dependent RNA polymerase, which produces dsRNA in some RNAi pathways. There 

are, however, a few species of budding yeast that still possess Argonaute genes and a 

functional RNAi pathway, including Saccharomyces castellii and Kluyveromyces polysporus 

(both close relatives of S. cerevisiae) and Candida albicans (a common yeast pathogen to 

humans) (Scannell et al., 2007). This, along with experiments showing the reconstitution of 

the pathway in S. cerevisiae using only inserted Argonaute (Ago1) and Dicer (Dcr1) proteins, 

suggest that RNAi was recently lost in the S. cerevisiae lineage and that it was possibly a 

more simplistic and distinct pathway than that of the known RNAi pathways that involve 

additional proteins. It is also possible that the reconstructed pathway uses mechanisms that 

have been maintained in S. cerevisiae since its recent loss of RNAi (Drinnenberg et al., 

2009), and, under strongly selective conditions, these missing components could again be 

selected for. 

Though Saccharomyces cerevisiae lacks the genes required for RNAi, it is still able 

to maintain control over the retrotransposition of Ty1 elements whose structure and strategies 
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for gene expression resemble those of retroviruses (Drinnenberg et al., 2009). S. cerevisiae 

contain few mature Ty1 proteins, and transposition occurs at a low rate despite high levels of 

Ty1 mRNA and numerous functional elements within the genome. There is evidence that 

antisense (AS) and non-coding RNAs from these Ty1 elements affect transcription, and post-

transcriptionally inhibit transposition, by preventing the accumulation of mature integrase 

(IN) and reverse transcriptase (RT). Several Ty1 antisense (Ty1AS) transcripts overlap with 

Ty1 sequences necessary for copy number control (CNC) and inhibit transposition in trans. 

Altering the Ty1 copy number or deleting sequences in the CNC region that are required for 

reverse transcription affect Ty1AS RNA levels and the movement of Ty1. Ty1AS RNAs are 

associated with less reverse transcriptase, a substantial decrease in the level of integrase, and 

an inability to synthesize Ty1 cDNA. Therefore, Ty1AS RNAs are part of an essential 

mechanism that limits retrotransposition by reducing the protein levels required for 

replication and integration (Matsuda & Garfinkel, 2009). 

 

Analyzing the Evolutionary Effects of Transposon Invasion via Experimental 

Evolution 

There is abundant genetic variation in many eukaryotes; much of which can be 

attributed to transposable elements (TEs), which are known to compose a large portion of 

these genomes. Transposable elements are thought to be the most abundant type of gene on 

Earth (Aziz et al., 2010). They also cause a significant number of spontaneous mutations 

ranging in severity from insertions and deletions to chromosome rearrangements and are 

consequently one of the major contributors to the evolutionary change of genomes (Werren, 

2011). 

Eukaryotic species demonstrate considerable variation in the amount of TEs 

inhabiting their genomes. These discrepancies account for much of the variation in genome 
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size among eukaryotes, and even between closely related species (Feschotte & Pritham, 

2007; Kidwell, 2002). TEs first invade novel host populations as genetic parasites since 

mobilization is needed to ensure their spread. This introduction begins when the TEs are 

introduced by horizontal transfer from an unrelated species (Pace et al., 2008). The spread of 

transposable elements occurs despite overall fitness costs. After invasion, some types have 

evolved specific targeting mechanisms that direct their incorporation into genomic 

sanctuaries, such as regions containing non-essential genes. Once established, they can have 

two differing long-term consequences. Firstly, the host genome may be able to repress 

transposition through epigenetic mechanisms such as chromatin modification. Second, 

mutations caused by an established TE may be more apt than random replication errors to be 

adaptive, so TEs may be agents of evolvability in that they contribute to evolutionary change 

and innovation.  

 Major contributions to our understanding of the origin and maintenance of diversity, 

the genomics of adaptation, the origin of metabolic novelty, and the evolution of genetic 

systems themselves have been made through evolution experiments using microbes (Barrick 

& Lenski, 2013). This project tested hypotheses concerning the spread and longer-term 

effects of a foreign TE on genome evolution and on adaptation to novel selective pressures. 

This was done using a transposon, Hermes, which was genetically engineered for invasion 

into the yeast genome, yet entirely foreign to it.  Specifically, the three experiments 

conducted focused on the hypotheses that invasion requires sexual cycles with random 

mating, that this invasion has the potential to increase the adaptability of host yeast 

populations, and that cycles of exposure to highly active transposons will select for an ability 

of host genomes to repress transposon activity. 
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CHAPTER II 

 Experiment 1 – Long Term Invasion of S. cerevisiae Host Populations by 

Foreign DNA Transposon, Hermes  

 

Abstract 

 Transposable elements (TEs) make up a large fraction of most eukaryotic genomes 

and cause much of the variation and spontaneous mutation found within them through their 

ability to mutate existing genes, generate new genes, and alter gene regulation. Therefore, 

they are major agents of evolutionary change. Unlike the genetic clones created by asexually 

reproducing organisms, when transposon infected and uninfected sexually reproducing 

organisms mate, the existence of a transposable element at multiple chromosomal locations 

within the infected individual increases the percentage of offspring that will inherit it. If 

mating is random, this biased transmission can then offset the cost of maintaining these 

infected genomes over time, allowing the TEs to proliferate in the population. For these 

reasons, we proposed that the invasion and subsequent proliferation of a novel transposon 

into an S. cerevisiae host genome would require outcrossing sex. We introduced a foreign 

DNA transposon, Hermes, engineered for high mobility in yeast, into experimentally 

evolving sexual and asexual populations, and allowed it to spread throughout and coevolve 

with the host genomes. A vast difference was seen in the average frequency of the invading 

transposon within sexual populations tested when compared to asexual populations (62.5% vs 

6.2%), which supported the original hypothesis. Whole genome sequencing of experimental 

populations showed a high percentage of new mutations in sexual samples (20-26%) 

including numerous Hermes insertions mainly within regions upstream or downstream of 

known yeast genes. This suggests non-random targeting of specific genomic regions of low 

nucleosome occupancy and gives insight into how transposable elements can proliferate 

rapidly while evading purifying selection.      
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Introduction 

Benefits & Consequences of Sexual Reproduction   

 Sexual reproduction, or outcrossing, is highly ubiquitous among Eukaryotic 

organisms despite the costs that are usually incurred (Morran et al., 2011). The prevalence 

and maintenance of this type of reproduction suggest that there are selective advantages in 

sexual reproduction when compared to asexual, though these are not widely understood 

(Sniegowski et al., 2000). One accepted benefit of reproducing sexually is the ability for the 

genome to undergo recombination, which allows new genotypes to be formed. In the absence 

of recombination, accumulation of irreversible deleterious mutations can occur that cause an 

increase in mutational load over time (especially in small asexual populations) – a process 

known as Muller’s ratchet. Utilization of recombination by sexually reproducing organisms 

allows for the loss of deleterious mutations by decoupling hitchhiking mutations that 

associate with normal alleles in a population (Zeyl & Bell, 1997, McDonald et al., 2016). 

Recombination also allows for variation to remain in a population. However, the opposite is 

true if there is negative linkage disequilibrium (Sniegowski et al., 2000). Negative linkage 

disequilibrium implies that in the initial population, compared to a similar population in HW 

equilibrium, there is an excess of intermediate genotypes and a scarcity or absence of 

extreme (good and bad) genotypes. The genotypic variance is obviously smaller, which 

hinders natural selection. 

 The utilization of sexual reproduction is also favored in rapidly changing 

environments where species must evolve to survive by producing offspring that are more fit 

in that novel environment than their predecessors. This can include drastic changes in 

available nutrients, sudden exposure to stressful conditions such as UV light, or the 

introduction of a novel pathogen (Liu & Zhang, 2019). The latter, according to the Red 

Queen hypothesis, involves environmental changes that follow the invasion of a novel 
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pathogen. Coevolutionary interactions between the host and pathogen have the potential to 

generate ever-changing environmental conditions that would favor the long term maintenance 

of outcrossing sex rather than asexual reproduction (Brockhurst, et al., 2014; Morran et al., 

2011). However, under stable environmental conditions, the lack of need for adaptation 

would potentially significantly decrease the need for sexual reproduction. 

Hermes Transposon Background & Significance  

 The DNA transposable element, Hermes, is a member of the hobo, Ac, & Tam3 

(hAT) Class II transposon superfamily currently active in the house fly, Musca domestica. 

Elements of the hAT family have been found in many plant and insect species and are 

thought to be of ancient origins. They can function in a variety of non-host and heterologous 

cellular environments in both insect and plant species without the need for modification 

(Warren, Atkinson, & O’Brochta, 1994). Consequently, these transposable elements are 

widely used as vectors, and Hermes specifically has been used to genetically transform a 

wide range of species, including insects, such as Aedes aegypti, and microorganisms such as 

Escherichia coli and S. cerevisiae (Hickman et al., 2014; Smith & Atkinson, 2010).  

 The termini of the Hermes element consist of imperfect inverted repeats that are 

nearly identical to the 17 base-pair inverted terminal repeats of the hobo element of 

Drosophila melanogaster. Full-length Hermes elements also contain one long open reading 

frame (ORF) capable of encoding a protein of 612 amino acids, which is 55 % identical to the 

amino acid sequence of the hobo transposase (Warren, Atkinson, & O’Brochta, 1994). The 

versatility of the Hermes transposase allows it to insert in either orientation once it recognizes 

an 8-bp ‘nTnnnnAn’ target site, and it can recognize both its terminal inverted repeat (TIR) 

and a subterminal repeat as binding sites (Hickman et al., 2014; Kim et al., 2011). A 

hyperactive version of the Hermes transposase was used for this experiment which has been 
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adapted for transposition in yeast. This version of the transposon was also used in a study 

conducted by Gangadharan et al., 2010 on the insertion site preferences of Hermes within the 

yeast genome.  

Using Galactose to Induce Transposition 

Saccharomyces cerevisiae preferentially uses glucose, if available, over other carbon 

sources as it can directly enter the glycolytic pathway. This preferential use of glucose as a 

carbon and energy source by yeast results from glucose-induced transcriptional repression of 

genes required for catabolism of other sugars and carbon metabolism (Turcotte et al., 2010). 

Glucose also causes the repression of mitochondrial function, which is required for oxidative 

phosphorylation necessary for the metabolism of non-fermentable carbon sources (Broach, 

2012). These processes are regulated by glucose through the combined actions of several 

regulatory complexes. Yeast cells assess their nutrient abundance primarily through their 

perception of glucose rather than their metabolism of it (Turcotte et al., 2010). Declining 

glucose levels elicit a response that promotes the expression of hundreds of genes involved in 

the use of alternate carbon sources through a variety of transcription factors and promotes 

repression of numerous genes involved in amino acid metabolism (Conrad et al., 2014).  

 Many of the enzymes of the glycolytic pathway are so specific for glucose that other 

sugars, even other hexoses, are not processed at any significant rate. To overcome this 

problem, there are a number of short pathways that convert other common sugars (e.g., 

galactose and fructose) into glycolytic intermediates. Galactose is metabolized to glucose 6-

phosphate, which is more metabolically useful, by enzymes of the Leloir pathway (Conrad et 

al., 2014). Since galactose is not recognized by the initial enzymes of glycolysis, this 

pathway is essential. In yeast, this pathway is under strict genetic control. In the presence of 

glucose, the GAL genes, which are responsible for encoding the enzymes of the Leloir 
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pathway, are completely repressed through the action of a transcription factor Mig1p 

(Turcotte et al., 2010). Only in the presence of galactose with the absence of glucose are 

these GAL genes able to be activated.  

 This experiment utilizes galactose to activate the GAL1 promoter for a transposase 

that is inactive in the presence of glucose, allowing for complete control of the activity of the 

transposase during its coevolution with a novel host genome. Without this sugar, the 

transposon is unable to move throughout the genome. Being able to regulate the transposase 

allows for the establishment of high rates of controlled transposition in host cells grown on 

galactose.  

 

Materials & Methods: 

Strain Construction  

 Two isogenic yeast strains were created for this experiment that are of opposite 

mating types (MATa & MATα) and deficient in the ability to make uracil. This deficiency 

acts as a marker in addition to the Nat (antibiotic) resistance marker added by the plasmid. 

The pHermes2 plasmid was introduced by lithium-acetate transformation into the host strains 

(Gietz & Woods, 2002). pHermes2 contains a URA3 marker (restoring the ability to 

synthesize uracil) and a Hermes transposon that is marked with Nat resistance (Hermes-

NatMX) and carrying a GALs promoter-regulated, hyperactive Hermes transposase gene (T 

P-ase). The transposase and NatMX cassette that allows for resistance to antibiotic clonNAT 

are bordered by terminal inverted repeats (TIRs) (Gangadharan et al., 2010) (Figure II.1). 

The GALs promoter regulates the T P-ase, allowing for high transposition rates in host cells 

grown on galactose. The media used for this experiment, YPGAL, is a rich medium 

containing 1% yeast extract, 2% peptone, and 2% galactose, which induces high rates of 
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transposition of the GAL-regulated experimental transposon. The constructed strains also 

contain markers specific to their mating type (Table II.1) that allow each to be easily selected 

for during different points in the experiment. These experimental strains were modified from 

those constructed by Reding et al. (2013). 

 

     

Figure II.1. Engineered Hermes transposon that was introduced into the host yeast genome on 

the plasmid vector, pHermes2, which was constructed from plasmids pSG30 and pSG36 

(Gangadharan et al., 2010). Hermes carries a Nat (antibiotic) resistance marker which allows for 

the selection transformants. Primers SUN 130 and 131 amplify the NatMX cassette region of the 

transposon, while primers SUN 113 and 154 amplify the GALs promoter and the transposase. The 

URA3 marker allows for the removal of the plasmid once transposon insertions into the host 

chromosomes have been obtained. Arrows flanking the Nat marker and TP-ase region represent 

terminal inverted repeats. 
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Structure for Experimental Cycle  

 The experiment executed 25 ten-day cycles of mating, growth in YPGAL to induce 

transposition, and meiosis on each of ten replicate sexual populations, and a parallel cycle 

without meiosis on asexual diploid populations (see schematic, Fig. II.2). Each population 

consisted of a 50/50 mixture of the MATa & MATα strains outlined in Table II.1. This 

experiment relied on the ability of the strains to reproduce sexually, and therefore called for 

the manipulation of the yeast HO locus. The HO locus encodes an endonuclease that makes a 

double-stranded cut within the mating type (MAT) locus. When a cell buds off of a daughter 

cell, the endonuclease encoded by HO cuts the allele present within the MAT locus. That cut 

is repaired using either the MATa or the MATα sequence from its silenced site at one end or 

the other of chromosome 3 as a template. The MAT allele at the expression site is either 

replaced with another copy of itself, or it is replaced by the other MAT allele at random, 

resulting in either no change, or causing that cell to switch mating type. Since haploid cells 

mate spontaneously on contact with compatible cells, this results in a high rate of parent-

daughter cell mating, which produces mostly inbred diploid cells. To remedy this in our 

experiment, the HO locus was replaced with an antibiotic resistance marker (ho::G418, 

MATα, & ho::Hygro, MATa) which not only provides a marker, but also enables selection 

for outcrossed diploids and prevents mating-type switching, allowing that cell lineage and/or 

culture to remain haploid (Table II.1).  

Selection for diploids occurred in liquid YPGAL + G418 + Hygromycin antibiotics 

before sporulation to ensure that no cell lineages were able to avoid TE infection by simply 

not mating. This was done using antibiotic resistance markers at the ho locus in which 

outcrossed diploids were heterozygous for G418 and Hygromycin resistance markers. While 

sexual populations were on sporulation medium, asexual populations were left in YPGAL 
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without being transferred, causing them to run out of nutrients and remain in a stationary 

phase. Once sporulation was complete, the population was divided and each half incubated 

on minimal media lacking either leucine or histidine to select for haploid cells, preventing 

cells from avoiding infection with Hermes by remaining diploid. This was done using the 

mating-type specific markers LEU2 and HIS3, which are alleles induced by transformation 

and regulated by mating-type specific promoters. Only MATa cells were able to grow on 

plates without histidine, and only MATα cells were able to grow on plates without leucine 

(McDonald, et al., 2016). Each experimental cycle consisted of 20 mitotic generations of 

selection in YPGAL, resulting from three transfers of 100 µl of overnight culture into 10 ml 

fresh medium. 

Hermes, the DNA transposon that served as the invasive element, was introduced at 

an initial frequency near 4% into populations that, for the ancestral strain in YPGAL, had an 

effective size near 107. The ‘carrier’ subpopulation was constructed by inducing a surge of 

transposition from plasmid pHermes2, constructed from plasmids pSG30 and pSG36 by 

LakePharma (Figure II.1; Gangadharan et al., 2010). A transformant carrying the plasmid 

was grown in YPGAL (2% galactose in rich medium) containing clonNAT for three 24-hour 

growth cycles, with 100 µl of overnight culture transferred to 10 ml of fresh medium every 

24h. Cells with at least one chromosomal insertion each of Hermes were isolated by dilution 

and plated on an agar medium containing both 5-FOA, which selects for plasmid loss by 

killing cells with the URA3 marker carried by the plasmid, and clonNAT to select 

simultaneously for the Nat marker carried by the transposon (since the ammonium sulfate 

normally included in 5-FOA medium as a nitrogen source makes clonNAT ineffective, it was 

replaced by glutamate). Ninety-six colonies, representing 96 independent insertion mutants 

and making up the infected 4%, were then picked at random. The remaining 96% of each 

population was obtained from the same transformant carrying pHermes2, after growth in 
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YPD rather than YPGAL (replacing galactose with glucose to prevent transposition from the 

plasmid) and loss of the plasmid on 5-FOA lacking clonNAT. 

 

Table II.1. Summary of mating-type a (MATa) and mating-type α (MATα) specific markers for 

the two strains used in Exp.1. The HO (or ho if deleted) locus for MATa contains an antibiotic 

resistance marker for Hygromycin whereas the locus for MATα contains a G418 antibiotic 

resistance marker. The HO locus is not linked to mating type, so after the first cycle, Hygromycin 

and G418 resistance will be equally frequent in both mating types. MATa cells are able to 

synthesize histidine, and MATα cells to synthesize leucine. Both haploid strains were 

transformed with the pHermes2 plasmid once all markers were obtained.  

 Strain: YAS 91 

Genotype: MATa, hoΔ::hphMX4, MFApr-HIS3, STE3pr-LEU2, his3Δ, 

leu2Δ, ura-, pHermes2 (NatR, URA3) 

ho:: hphMX4  Genetic marker for Hygromycin antibiotic resistance, deletion prevents mating 

type switching 

leu2∆, his3∆ Deletions resulting in leucine and histidine auxotrophy 

MFApr-HIS3 Histidine prototrophy, expressed only in MATa due to regulation by the MFA 

promoter  

pHermes2 Transposase carrying plasmid conferring Nat antibiotic resistance and uracil 

prototrophy 

   Strain: YAS 92 

Genotype: MATα, hoΔ::kanMX4, MFApr-HIS3, STE3pr-LEU2, his3Δ, 

leu2Δ, ura-, pHermes2 (NatR, URA3) 

ho:: kanMX4 Genetic marker for G418 antibiotic resistance, prevents mating type switching 

leu2∆, his3∆ Deletions resulting in leucine and histidine auxotrophy  

STE3pr-LEU2 Leucine prototrophy, expressed only in MATα due to regulation by the STE3 

promoter 

pHermes2 Transposase carrying plasmid conferring Nat antibiotic resistance and uracil 

prototrophy 
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Figure II.2. Schematic of Experiment 1, invasion by the galactose-inducible transposable 

element Hermes as modified from the original invasion experiment conducted by Zeyl et al. 1996. 

After mating, selection for diploids will occur concurrently with transposition using antibiotic 

resistance markers at the ho locus prior to sporulation. Mating-type specific LEU2 and HIS3 

constructs will then be used to select for haploids. 
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Determining Hermes Transposon Frequency 

 The frequency of the Hermes transposon, which is defined as the percentage of 

transposon insertion occurrences within a population, was determined for each sexual and 

asexual experimental population using the NatR marker associated with the Hermes 

transposon. Cells from all 20 populations were grown on eight permissive YPD plates each 

and counted before being replica-plated onto YPD plates that contained a normally lethal 

amount of clonNAT antibiotics (120g of salt per 1 liter of YPD liquid media). Any cells that 

were able to grow on these plates were known to have at least one Hermes insertion. 

Percentage was calculated as the average of the number of cells grown on YPD divided by 

the average number of cells able to grow on plates containing clonNAT. This was done at the 

beginning of the experiment and again every two and three cycles in order to estimate/track 

Hermes frequencies in each of the 20 experimental populations. This is indicated by the data 

points plotted in Figure II.3.    

 The frequency of Hermes transposon insertions was measured for each of the 10 

sexual and asexual host populations periodically throughout the course of the 25 

experimental cycles completed. Frequency was determined by first performing a serial 

dilution on 100ul of sample at the end of each cycle after growth in minimal media. The 

diluted sample was then spread evenly onto a permissible YPD plate to produce countable, 

individual colonies. Each population was represented by 10 plates, and the resulting colonies 

were then counted and replica-plated onto YPD plates containing clonNAT antibiotic. After 

48 hours, the number of colonies that grew on the plates containing clonNAT was recorded. 

Average colony numbers for both plate types were compared, giving the average transposon 

frequency for each individual population. The frequency was determined at 11 time-points, 

and results were graphed using R programming software (See Figures II.3 & II.4).       
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Analysis of Sexual Population Growth Rates 

 The growth rates of each of the 10 sexual experimental populations were determined 

for both the 13th (middle) cycle and the 25th (final) cycle using plate spectrophotometry. 

Populations were transferred (10ul) from fresh YPD tubes to a 96 well plate containing 180ul 

of YPD with 10 replicates for each population. Each plate also included 10 replicates of the 

ancestor strain in order to compare growth rates to that of the original population prior to 

being subject to coevolution with the Hermes transposon. OD620 readings were taken every 

ten minutes over a 48-hour period after which R software was used to analyze maximum 

growth rate (Figure II.5).  

Sequencing and Analysis of Populations 

 The DNA of the ancestor strain, 1 asexual population, and 5 sexual populations from 

the final (25th) cycle of Experiment 1 was isolated and purified using MasterPure Mini-prep 

DNA Extraction kit protocol and tested for quantity and purity using Qubit and Nanodrop 

technologies respectively. The samples were then sent to the Georgia Genomics and 

Bioinformatics Core (GGBC) laboratory at the University of Georgia to be sequenced using 

high-coverage Illumina Next Generation Sequencing methods with PE150 paired-end reads. 

Sequencing results were analyzed using various tools in Galaxy, R, & Python. FASTQ files 

for each population sequenced were first assembled using the SPAdes genome assembler and 

mapped to the reference genome using the Burrows-Wheeler aligner (BWA).  

 Duplicate molecules from the aligned sequence were located and flagged using a set 

of Picard command line tools to correct for mapping errors, and the aligned re-aligned reads 

were filtered to output two datasets. The first dataset included sequence reads that matched 

correctly to the reference genome, while the second included only sequences that did not 

match to the reference (“unmapped reads”). These two datasets were then subject to BLAST 
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analysis against the Hermes transposon sequence to determine the number, size, and relative 

location of complete/partial insertions within each of the evolved populations.  

Population variant calls were made by comparing the allele counts in each population 

sample for each genomic position to the counts of the same allele and position from the 

reference data using the LoFreq sensitive variant-caller for inferring SNVs and indels from 

next-generation sequencing data. This comparative approach used stringent base-call quality 

testing and filtered out any position that had false positive variant calls due to positional 

effects, such as mapping or systematic sequencing errors. The matched dataset was then run 

through the Galaxy tool SnpEff, a variant effect predictor (SNP, MNP and InDels) and 

annotator for genomic data that uses the reference genome to detect mutations/variants within 

the experimental sequences and predict the impact these sequence changes will have on the 

gene involved. The differences between the Ancestor genome and the evolved genomes were 

then further analyzed using Integrative Genomics Viewer software to find changes to each of 

the evolved populations. Graphical analysis was done on the variant statistics using bcftools.  

   

Results 

Hermes transposon frequency in sexual compared to asexual populations after 25 

cycles 

 To investigate whether invasion of the Hermes transposon required outcrossing sex 

and whether it would occur in initially identical asexual populations maintained within the 

same environments as outcrossing populations, we first compared the average transposon 

frequency of all sexual and asexual populations over the course of their co-evolution with the 

transposon. This was done by observing changes in the total fraction of the population with a 

copy of the Hermes transposon (frequency) within the genomes of the 10 replicate sexual and 

asexual host populations (average copies per genome) over a 25-cycle period (Figure II.2). 
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Frequency measurements taken every two cycles showed a wide variation in transposon 

occurrences of the newly introduced Hermes transposon among the independently evolved 

populations, with final frequencies ranging from 25% - 98% (Figure II.4, Figure II.5) as well 

as a substantial increase in Hermes transposon frequency within sexual populations over time 

(Figure II.3, Figure II.4). Five of the ten sexual populations consistently had a frequency 

above 50% from the 9th cycle onward (Figure II.4) with an average ending transposon 

frequency around 62.5% overall (Figure II.5). On the other hand, almost no insertion 

occurrences appeared in most asexual populations (Figure II.3, Figure II.4) with only two 

populations (2 & 8) having any noticeable increase in frequency and an average ending near 

6.2% on average (Figure II.5). Logistic regression statistical analysis performed in R further 

confirmed that Hermes frequencies increased over time (experimental cycle number), and 

considerably more so in sexual populations (Table II.2; see Figure II.3). 

 

Table II.2 Logistic regression performed in R to confirm that Hermes frequencies increased over 

time (experimental cycle number), and much more so in sexual populations than in asexuals. 

COEFFICIENT ESTIMATE STANDARD ERROR P-VALUE 

TIME 0.037 0.006 7.05 x 10-11 

TREATMENT 3.528 0.075 2.0 x 10-16 

TIME*TREATMENT 0.017 0.006 0.003 
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Figure II.3. Frequency of the Hermes transposon within 10 sexual and 10 asexual populations. 

Trend lines show the average transposon frequency for each set of populations (Sexual = Blue, 

Asexual = Red). As shown on the y-axis, frequency is defined as the percentage of transposon 

insertion occurrences within a population and is determined using the NatR marker associated 

with the Hermes transposon. Nat resistant colonies = presence of Hermes transposon. Transposon 

frequency was determined for each of the 20 populations after cycles 0 (initial), 2, 5, 6, 9, 10, 13, 

14, 17, 18, and 25 (final). Trend lines indicate average frequency over time. 
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Figure II.4. Progression of transposon frequency over a 25-cycle period for each of the 20 

individual sexual and asexual populations analyzed in Experiment 1. Estimates were made after 

cycles 0 (initial), 2, 5, 6, 9, 10, 13, 14, 17, 18, and 25 (final). As shown on the y-axis, frequency is 

defined as the fraction of the population with at least one insertion and is determined using the 

NatR marker associated with the Hermes transposon. Nat resistant colonies = presence of Hermes 

transposon.   

 

 

 

 

 

 

 

 

 

 

 

 



40 

 

 

 

Figure II.5. Average frequency of the Hermes transposon in 10 asexual and 10 sexual host 

populations on a scale of 0-100% Hermes insertions. Only the final (25th) cycle was averaged and 

displayed in this figure to show the average frequency obtained by the end of the experiment for 

each treatment.  (Asexual = Red, Sexual = Blue).  
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Comparison of growth rates for sexual populations to the ancestor strain 

To determine the fitness effects (if any) caused by invasion of the host genome by the 

Hermes transposon, the maximum growth rates of each sexual population were measured and 

compared to that of the ancestor. Maximum growth rate (rmax) indicates the rate at which a 

population should grow under ideal environmental conditions and is often used to estimate 

the overall fitness of a population (Orr, 2009). The approach used to measure growth rates for 

this experiment consisted of 48-hour rounds of growth in permissive YPD medium followed 

by analysis of the resulting growth curves. This was done for the ancestor strain along with 

both the 13th (middle) and 25th (final) cycles using plate spectrophotometry. Interestingly, the 

maximum growth rate was highest in sexual populations tested from the 13th cycle of the 

experiment, while the growth rate for populations from the final cycle of the experiment 

differed little from that of the ancestor strain (Figure II.6). 
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Figure II.6. Comparison of growth rate between the ancestor strain, the experimental strain at 

cycle 13 (middle cycle), and the experimental strain at cycle 25 (final cycle) over a 48-hour 

period in permissible YPD media using plate spectrophotometry. Growth rate was calculated for 

each of the 10 experimental populations, then averaged for each time point shown.        
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Analysis of Genome Evolution in Evolved Populations 

 To analyze genomic changes, 6 evolved populations (5 sexual populations & 1 

asexual population) and the ancestor strain used to obtain them were sequenced using 

Illumina Next Generation Sequencing (NGS) with base coverage ranging from 12-45X, and 

the entire genome was assessed for each. Genomes were assembled and mapped using 

various Galaxy tools (see section Methods) and split into mapped (to ancestor genome) and 

unmapped (absent from ancestor, present in evolved) datasets. Approximately 20%-25% of 

all sexual evolved genomes did not map to the ancestor sequence. On the other hand, only 

4% of the asexual evolved genome was unmapped. Both mapped and unmapped datasets 

were BLASTed against the Hermes transposon sequence to determine the relative number 

and size of insertions present. Insertion sizes in unmapped reads ranged from 11bp to 

160bp+, and insertion abundance, though varied, was much greater in sexual populations 

(Figure II.9). 

 Annotation of newly acquired genetic variants was completed on a compiled dataset 

of mapped reads from all evolved populations. Mutation types were calculated using the 

SnpEff variant annotation and effect prediction tool, which annotates and computationally 

predicts the effects of genetic variants within the tested genome using a reference genome 

database for the S288C yeast genome. Variant rate details were calculated per chromosome 

and averaged for all evolved populations compared to the reference genome. Average length, 

type, and rate of variant accumulation are estimated per chromosome (Table II.3.A). The 

greatest number of novel variants occurred in chromosomes IV, VII, and XII, which also 

correspond to three of the largest S. cerevisiae chromosomes, while the highest rate of 

variation was found in chromosomes V and VIII (Table II.3A; Figure II.8). Totals of each 

variant type detected were calculated showing a disproportionately large number of single 
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nucleotide polymorphisms followed by insertion and deletion mutations (Table II.3B). Most 

of the variants were found in intergenic regions directly upstream or downstream of known 

gene locations (Figure II.7). The effects of these detected variants were then predicted using 

their location relative to nearby gene regions and the type of mutation present at that location 

(Table II.3.C, Table II.3.D). 
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Table II.3. Analysis of mutation types using the SnpEff variant annotation and effect prediction 

tool, which annotates and computationally predicts the effects of genetic variants within the tested 

genome using a reference genome database. Annotation was completed on a compiled dataset of 

mapped reads from all evolved populations. A. Variant rate details were calculated per 

chromosome and averaged for all evolved populations compared to the reference genome. 

Average length, type, and rate of variant accumulation are estimated per chromosome. B. Totals 

of each variant type detected were calculated showing a disproportionately large number of single 

nucleotide polymorphisms. C. The effects of these detected variants were predicted using their 

location relative to nearby gene regions D. and the type of mutation present at that location.     

            

A.              Variants Rate Details Per Chromosome             B.     

Chromosome Length Variants Variants rate 
I 230,218 1,556 147 

II 813,184 4,501 180 

III 316,620 576 549 

IV 1,531,933 9,648 158 

IX 439,888 3,041 144 

V 576,874 472 1,222 

VI 270,161 2,137 126 

VII 1,090,940 7,725 141 

VIII 562,643 678 829 

X 745,751 4,663 159 

XI 666,816 2,678 248 

XII 1,078,177 6,071 177 

XIII 924,431 5,362 172 

XIV 784,333 2,704 290 

XV 1,091,291 2,677 407 

XVI 948,066 3,395 279 

Total 12,071,327 59,492 202 

 

   C.             Number of Effects by                               D.      Number of Effects by 

                       Predicted Impact                                                Functional Class 

 
 

 

 

VARIANT TYPE TOTAL 

SNP 47,530 

MNP 0 

INS 5,622 

DEL 6,340 

MIXED 0 

INV 0 

DUP 0 

BND 0 

INTERVAL 0 

TOTAL 59,492 

TYPE COUNT PERCENT 

MISSENSE 9,610 32.861% 

NONSENSE 88 0.301% 

SILENT 19,546 66.838% 

TYPE            COUNT PERCENT 

HIGH 1,601 0.395% 

LOW 19,549 4.825% 

MODERATE 10,505 2.593% 

MODIFIER 373,474 92.186% 
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Table II.4. Variant effects calculated by mutation type and genome region computed using the 

SnpEff prediction tool. 

                    Number of Variant Effects by Type & Region 

CODON CHANGE + CODON DELETION 488 0.12% 

CODON CHANGE + CODON INSERTION 201 0.05% 

CODON DELETION 163 0.04% 

CODON INSERTION 118 0.029% 

DOWNSTREAM 169,872 41.922% 

EXON 300 0.074% 

FRAME SHIFT 1,440 0.355% 

INTERGENIC 26,409 6.517% 

INTRAGENIC 2 0% 

INTRON 414 0.102% 

NON-SYNONYMOUS CODING 9,541 2.355% 

NON-SYNONYMOUS START 3 0.001% 

SPLICE SITE DONOR 1 0% 

START LOST 66 0.016% 

STOP GAINED 102 0.025% 

STOP LOST 62 0.015% 

SYNONYMOUS CODING 19,509 4.815% 

SYNONYMOUS STOP 37 0.009% 

UPSTREAM 176,478 43.553% 
 

 

 

 

Figure II.7. Percentage of genomic variants sorted by their location within a specific region of 

the genome. 
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II.8. Size and position of the genomic variants identified within each chromosome using SnpEff. 
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II.9. Density of Hermes insertions within the unmapped portion of each evolved population 

sorted by insertion size (length).  
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Discussion 

The existence of a transposable element at multiple chromosomal locations within an 

infected individual increases the percentage of offspring that will inherit it during sexual 

reproduction with an uninfected mate (Hurst & Werren, 2001). As these transposons multiply 

within a genome, this biased transmission can outweigh selection against infected genomes 

during random mating. This study sought to examine the fundamental role outcrossing sex 

plays in the ability of a novel transposable element to invade and coevolve within a host 

genome (Jasmin & Zeyl, 2013, Zeyl & Bell, 1997) by analyzing the coevolutionary dynamics 

between the novel transposable element, Hermes, and ten replicate S. cerevisiae host 

genomes. Coevolution results from interactions between species who impose mutual 

selection on one another either antagonistically (such as host-parasite interactions) or 

mutualistically. It is a central part of the evolution and maintenance of sexual reproduction 

and evolutionary diversification (Hall et al, 2020). As predicted, the Hermes transposon was 

found to proliferate rapidly within the majority of the experimental sexually reproducing 

populations while spread within asexual populations remained almost non-existent 

throughout the course of the experiment.  

Spread varied widely across sexually reproducing populations despite being initially 

genetically identical and grown within the same environmental conditions, which is 

indicative of evolutionary change rather than an accidental selection artifact and supports the 

hypothesis that outcrossing facilitates the proliferation of novel transposable elements. It also 

agrees with previous studies involving numerous organisms including yeasts that have 

demonstrated that the content and location of transposable elements varies greatly not only 

between species, but between individuals of the same species due to differences in insertion 

locations and consequent mutations, etc. (Maxwell, 2020). 
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A deeper examination of the changes to each host genome caused by the spread of the 

Hermes transposon allowed for a more in-depth understanding of the dynamic coevolutionary 

development between host and parasite. Using Illumina high-throughput whole genome 

sequencing, it was determined that approximately 20-26% of evolved sexual population 

genomes differed from that of the ancestor genome. This difference is far higher than what 

would be expected to occur by the accumulation of random mutation alone and indicates that 

the Hermes transposon was the cause of much of the newly attained genomic diversity. Most 

of these novel mutations found in the evolved populations when compared to the original 

ancestor population consisted mainly of SNPs and INDELs with a substantial fraction 

(approximately 41-46%) of the 5,622 detected insertions mapping to portions of the Hermes 

transposon. This suggests the presence of many partial transposon insertions likely left 

behind after transposition to a new location and imperfect DNA repair at the excision site. 

However, a limitation to our analysis, the type of sequencing we were able to perform on our 

evolved populations, may have underrepresented the actual (larger) sizes of some of the 

Hermes insertions with the use of shorter reads.     

Specific insertion site preference in transposable elements occurs not only at the 

species level but can also be host dependent. The P-element in D. melanogaster, for example, 

shows strong preference for inserting into GC-rich regions near gene promoters, while 

retrotransposons seem to target regions upstream or downstream of tRNA in other species 

(Liao et al, 2000; Blanc & Adams, 2004). On the other hand, the retrotransposon, Ty5, which 

is native to S. cerevisiae, is found mainly within the heterochromatin at telomeres. This 

ultimately silences any further transposition, but it also avoids any deleterious effects that 

may have arisen from inserting into a gene (Gao et al, 2008; Novikova, 2009).  

We found that our insertions also followed a pattern of non-random distribution 

throughout the genome and occurred predominantly in intergenic regions directly up or 
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downstream of gene borders. This backs the suggestion made by Gangadharan et al. that 

Hermes insertions preferentially target nucleosome free regions (the most accessible DNA). 

Other studies show that TEs exhibit various levels of preference for insertion within certain 

regions of the genome. Many elements have evolved mechanisms to target specific loci 

where their insertions are less detrimental to the host but favorable for their propagation 

(Sultana et al, 2017; Cosby et al, 2019). For example, several retrotransposons in different 

species have independently evolved the ability to target the upstream regions of genes 

transcribed by RNA polymerase III, where they do not appear to affect host gene expression 

but retain the ability to be transcribed themselves (Bourque et al, 2018). Additionally, 

experiments on Drosophila nasuta have observed that TEs appear to preferentially insert 

and/or accumulate around historically lowly expressed genes (Wei, 2022). Further 

analysis on what genes Hermes transposons have inserted next to could give further 

insight on this trend.     

Though the results of this experiment supported our hypothesis, there are several 

evolutionary factors that could have prevented invasion by the Hermes transposon. For 

example, the genome of S. cerevisiae is very compact with approximately 5% of its 

protein-coding genes containing introns, and only nine containing more than one, and 

only 3.6bp of non-coding DNA. By contrast, 90% of genes in mammals contain introns, 

with an average of eight introns per gene. These yeast introns are also miniscule with 

only a small amount of space between genes (Edwards & Johnson, 2019). Another factor 

is the overall small size of the yeast genome (12,000Kb) compared to other eukaryotic 

genomes such as humans with a genome size of over 3 million Kb or Drosophila with a 

genome spanning 180,000 Kb. With this knowledge, it could be reasonable to assume 

that Hermes proliferation within this novel host would be more difficult than a host with 



55 

 

a larger genome since there would be far fewer places for the transposon to insert that 

would not cause deleterious mutations and consequently be actively selected against.     

 Genome evolution and genetic diversity have been heavily influenced by transposable 

elements across all domains of life (Cosby et al, 2019). Their ability to facilitate genetic 

diversity makes them an essential tool for genetic research. The vast differences in TEs 

between species make attempts to establish their regulatory and evolutionary roles 

exceptionally challenging. This experiment gave new insight into the complex process of 

invasion and proliferation of a novel TE within a genome unable to readily repress its 

advances and the importance of outcrossing sex for its success. Furthermore, it allowed for 

the observation of co-evolution in real time. A deeper examination of this coevolution at 

earlier time points could give further insight into how the yeast genome changed over the 

course of the entire experiment and how Hermes insertions shaped this change into what is 

seen after the final experimental cycle.     
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CHAPTER III  

Experiment 2 – Impacts of the Hermes Transposon on Evolvability through 

Evolutionary Rescue 

 

 

Abstract 

 The ability of a population to adapt to a rapidly changing environment is crucial to 

that entity’s survival as their inability to do so is often fatal. The faster this adaptation can 

occur, the better the population’s chances of survival are. Transposable elements may be 

beneficial in these situations since they can cause/generate adaptive mutations, especially 

when that environmental change is deleterious to the host, which the transposon relies on for 

its persistence. In this study, a novel transposable element, Hermes, was introduced into host 

populations of S. cerevisiae yeast that were subsequently transferred to a normally lethal, 

highly osmotically stressful environment. Populations carrying the transposon were able to 

escape extinction far more often (11x) than populations without, possibly through the 

emergence of new adaptive mutations or altered gene expression. Experimental populations 

had much higher rates of growth overall (p<0.005) compared to both the original ancestor 

strain and control populations when subjected to these highly osmotic conditions. The 

Hermes transposon also demonstrated a pattern of preferentially inserting into areas of the 

host genome that either dealt with response to environmental stress, or “genomic sanctuaries” 

such as non-coding regions, open reading frames (ORFs), and non-essential genes, with 67% 

of the 36 sampled insertions being found within genes that specifically play a role in 

regulating various aspects of stress response. Further analysis revealed that the transposon 

was also able to affect expression levels significantly in several identified genes. These 

results provide new insight into the complex involvement of TEs in host adaptability and 

evolution and suggest that their role may be more in-depth than previously thought.   
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Introduction 

Genetic Evolution of Mutation Rates 

 Mutation is one of the most important forces driving evolution. However, due to their 

deleterious nature, the rate at which these mutations occur is often low when a population is 

in an environment it is well adapted to (Liu & Zhang, 2019). Mutation rate refers to the 

frequency of new mutations in a single gene or genome over generations and reflects the 

probability of an alteration in the genome sequence to occur between parent and offspring. 

These rates are not constant and are affected by many sources including the movement of 

transposable elements, unrepaired DNA damage, recombination, polymerase errors, and 

other molecular processes that introduce errors (Lynch, 2010). Mutation and recombination 

are the fundamental processes that produce genetic variation (Carja et al., 2014), which is 

then acted upon by natural selection. The rate of mutation within a population may change 

over evolutionary time and can be altered when natural selection acts on the frequencies of 

alleles responsible for modifying mutation rate (mutation rate modifiers) (Lynch, 2010).  

 Selection on a mutation rate modifier can be direct or indirect. Direct selection 

depends on the effect (if any) of the modifier allele on fitness through factors other than its 

effect on mutation (Nadeau, 2001). In contrast, indirect selection depends on non-random 

association (linkage disequilibrium) between the modifier allele and alleles at other loci that 

are affecting fitness (Baumdicker et al., 2020). The effectiveness of indirect selection on 

mutation rate is highly dependent on the recombination rate since recombination separates 

these modifier alleles from the mutations they cause (Johnson, 1999, Barrick & Lenski, 

2013). Furthermore, since beneficial mutations are predicted to be rare compared to 

deleterious mutations, indirect selection to increase the mutation rate is weakened 
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significantly by recombination, while indirect selection to lower mutation rate is largely 

unaffected (Sniegowski et al., 2000, Carja et al., 2014).  

 As the frequency of a beneficial allele is increased due to selection, the frequencies of 

linked alleles increase indirectly as well, a process known as genetic hitchhiking. Genetic 

hitchhiking disproportionately associates combinations of certain alleles in a population, and 

is therefore especially sensitive to recombination (Sniegowski et al., 2000; Raynes & 

Sniegowski, 2014). The occurrence of beneficial mutations usually has little effect on 

mutation rate in sexual populations since recombination has such a strong impact on lowering 

linkage disequilibrium between mutation rate modifiers and fitness alleles. Mutation rate is 

instead determined by a tradeoff between indirect selection due to deleterious mutations and 

the direct selective cost of increasing replication accuracy (Johnson, 1999; Raynes & 

Sniegowski, 2014, Samani & Bell, 2010). 

 When a population suddenly encounters a fluctuating environment, however, alleles 

that were once beneficial may no longer provide the advantage they did under stable 

conditions. These environmental changes can affect the evolution of mutation rates especially 

when the population is put under duress (Baumdicker et al., 2020). Forcing a population to 

adapt in order to reach a changing fitness optimum usually leads to an increase in the 

frequency of mutation rate modifiers which in turn increase mutagenesis. This can accelerate 

adaptations due to a heightened rate of beneficial mutation occurrences, a phenomenon 

known as stress-induced mutagenesis (Liu & Zhang, 2019). Increased mutagenesis in 

response to stress occurs in a variety of organisms and the mechanism in which it occurs 

depends heavily on the stressor (for example, hyperosmolarity or oxidation) and the intensity 

at which it is occurring. Over time, hitchhiking of the modifier allele can cause the beneficial 

mutations to be indirectly selected against as deleterious mutations accumulate faster in 
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strains with higher mutation rates, causing the mutation rate to decrease once again (Johnson, 

1998, Baumdicker, 2020). 

S. cerevisiae Hyperosmotic Stress Response 

  Cells regulate gene expression in response to stressful stimuli using an intricate 

network of signaling pathways, transcription factors, and promoters. When exposed to 

hyperosmotic stress, in addition to the general external stress response pathway (ESR), yeast 

cells initiate another more specific and complex set of adaptive responses. These are mostly 

regulated by the high osmolarity glycerol (HOG) pathway, which is a signaling pathway 

composed of membrane-associated osmosensors, an intracellular signaling pathway 

centralized around the Hog1 MAP kinase (MAPK) cascade, and cytoplasmic and nuclear 

effector functions (Gonzalez et al., 2016). The HOG pathway involves the regulation of gene 

expression during the initial steps of transcription through the modulation of initiation and 

elongation (Nadal & Posas, 2022). It also alters various other transcription and translation 

patterns within the cell by regulating the transcription of key enzymes required for glycerol 

production and stress adaption (Capaldi et al., 2008; Nadal & Posas, 2022). Furthermore, the 

HOG pathway temporarily terminates cell-cycle progression and aids in maintaining the 

integrity of the cell by accumulating and retaining the compatible osmolyte, glycerol (Rep et 

al., 2000). The entire pathway is conserved in various fungal species, while homologues of 

the Hog1 MAPK cascade are conserved even in higher eukaryotes such as humans. 

 Once activated, much of Hog1 MAPK is transported into the nucleus (though the 

cytoplasm also contains Hog1 targets) where it regulates transcription of the cell cycle by 

acting on core components of the cell cycle machinery. For example, Hog1 controls 

transition from G1 to S phase by downregulating the expression of cyclin (Nadal & Posas, 

2022; Saito & Posas, 2012). Intracellular accumulation of glycerol is an essential response 
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for survival under high-osmolarity conditions, and the Hog1 MAPK is responsible mainly for 

the accumulation of glycerol in the presence of high osmolarity. As adaptation proceeds, and 

osmotic balance is re-established, Hog1 activity decreases back to original baseline levels via 

a parallel feedback loop in the signaling cascade, and Hog1 is exported back into the 

cytoplasm (Rep et al., 2000; Saito & Posas, 2012; Sharifian et al, 2015).  

The Influences of Ty1 Elements within the Yeast Genome 

 The S. cerevisiae genome is home to several long-established retrotransposons, the 

most abundant of which is the LTR retrotransposon Ty1 (Mularoni et al, 2012; see pp.3 and 

12-13). Ty1 insertions can alter tRNA levels and gene regulation, drive transcription in 

regions adjacent to them, and are thought to be recruited as alternate exons or promoters 

causing a wide range of evolutionary changes (Servant et al., 2008). They can also promote 

translocation events of one or more genes to other genomic locations, or result in epigenetic 

gene silencing. Additionally, they can disrupt gene function or alter splicing patterns by 

inserting into certain regions of a gene (Czaja et al., 2020). Studies have also found that Ty1 

transcription can be activated by the yeast genome under certain stressful environmental 

conditions in order to regulate gene expression by driving the transcription of coding and 

noncoding sequences (Servant et al. 2008).  

 In order to minimize the deleterious effects of transposition, Ty1 elements 

preferentially integrate into intergenic regions and regions of low transcriptional activity. 

Specifically, they largely insert into a region of about 750 base pairs upstream of various 

tRNA genes involved in the regulation of numerous steps in the transposition of Ty1 

elements (Blanc & Adams, 2004) and are present in approximately 35 copies per genome 

(Gafner & Philippsen, 1980). They are also known to target nucleosomes for integration 

unlike other studied transposons such as the DNA transposon Hermes and retrotransposon 
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Tf1 (Mularoni et al, 2012). Since none of the systems normally used to suppress transposition 

are present in S. cerevisiae, a mechanism known as copy number control (CNC) is utilized 

their place. Restriction via CNC is mediated by the Ty1 retrotransposon itself and is 

dependent on the number of genomic copies present (Czaja et al., 2020).  

    Transposon Effects on Host Evolvability 

Understanding the complex interactions between transposable elements (TEs) and 

their host genomes is essential in determining the roles these elements play in genome 

evolution. Generally, long established TEs are transcriptionally and transpositionally inactive 

in eukaryotic genomes (Yoder et al. 1997; Zilberman et al. 2007) through 

restriction/repression regulatory mechanisms that are thought to have evolved to prevent or 

reduce the fitness costs of mutations caused by random transposition (Feschotte & Pritham, 

2007). This has prompted some elements, such as the yeast retrotransposon Ty1, to evolve 

integration preferences within regions of low transcriptional activity or outside of protein 

coding regions into areas where fitness cost to the host is not increased. (Levin & Moran, 

2013; Blanc & Adams, 2004).  

It has been found, however, that certain extreme or stressful changes to the 

environment cause the activation or “de-repression” of some transposons within the host 

genome (Deneweth et al., 2022; Levin & Moran, 2013), leading to altered expression of the 

gene in which the element resides. These TEs can also provide host populations with greater 

potential to adapt to these new stressful circumstances through mutagenesis (Samani & Bell, 

2010; Casacuberta & Gonzalez, 2013). Stress has been shown to induce TE transcription and 

integration or to redirect TE integration to alternative target sites (Casacuberta & Gonzalez, 

2013). De-repression of transposable elements in response to stress is widely shared across 
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eukaryotes. Under stress, de-repression of TEs usually impacts TE transcription levels and 

can increase transpositional activity (Deneweth et al. 2022). 

 This experiment analyzed the effects of the invasion and establishment of the novel 

Hermes DNA transposon on the evolvability of host populations under extreme 

environmental growth conditions using the same diploid strain from Experiment 1. 

Transposon effects on evolvability among 1,500 replicates of invaded versus non-invaded 

populations were measured through probabilities of “evolutionary rescue”. Evolutionary 

rescue is the escape from extinction of a population threatened by a severe environment 

through the selection of new mutations. This test used a highly osmotically stressful medium 

(120 g/L NaCl) that has served as an accurate measure of factors affecting the likelihood of 

evolutionary rescue in previous studies (Bell & Gonzalez, 2009, Carlson et al. 2014).   

Testing for the effects of Hermes activity on the rate of evolutionary rescue among 

populations was done using populations constructed with known transposon frequencies 

based on studies on the parameters that affect the likelihood of a yeast population evading 

extinction in a stressful or deteriorating environment through new mutations (Samani and 

Bell, 2010). The hypothesis that the mutagenic effects of Hermes activity would increase 

rates of evolutionary rescue was tested by applying the same culture conditions as those used 

in the Bell and Gonzalez studies to populations with a specific frequency of genomes 

carrying Hermes (Bell & Gonzalez, 2009; Bell & Gonzalez, 2011). The probability of an 

adaptive mutation caused by the transposon arising before either a spontaneous mutation or 

extinction increases with initial transposon frequency, which for this experiment, was set at 

50%. Populations lacking Hermes provided the baseline rescue rate for comparison with 

Hermes-bearing populations and with the previous studies cited above.  

In these asexual populations, with clonal interference (occurrence of two (or more) 

different beneficial mutations arising independently in different individuals) limited by 
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modest population sizes and harsh selection, rescue mutations are expected to carry their 

genomic backgrounds (either carrying or lacking Hermes) to near-fixation. This enables both 

background-of-origin (presence or absence of Hermes) to be identified and rescue likelihood 

as a function of Hermes frequency to be estimated.  

 

Materials & Methods 

Experimental Procedure 

The Hermes transposon was transformed into the same strain used to begin the first 

experiment (Refer to Chapter II, Materials & Methods on Strain Construction). The 

transformed population was split into two groups. One group was grown in galactose to 

induce transposition, while the other group was grown in glucose to prevent transposition. 

Both populations were then grown in 5FOA medium to select for plasmid loss and tested by 

growth on medium with and without uracil (pHermes2 plasmid marker). Colonies from the 

group that had previously been grown in glucose and had lost the plasmid would no longer 

carry any Hermes transposons and would be unable to grow in medium containing clonNAT 

antibiotics. After confirming this, these colonies were transferred into 96-well plates (60 

wells x 10 plates) to become individual control populations which were then pooled together 

to create the final control population. Colonies that had been previously grown in galactose 

were confirmed to have at least 1 Hermes insertion by growth on clonNAT antibiotic medium 

and pooled in the same way as the control population (60 wells x 10 plates). These two 

populations, which were otherwise identical, were to be the ancestral strain/population and as 

such were tested for viability in YPD with 120 g/L salt with no growth detectable by 

spectrophotometry after 48 hours. This allowed for baseline survivability estimations (no 

survival).     
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Microwells of 96-well plates were inoculated from YPD cultures with ~5 x 105 cells 

(excluding edge wells), a population size based on published work (Bell & Gonzalez, 2009) 

that is intended to result in rescue frequencies among control populations near 0.5, to 

maximize sensitivity to changes in a binomial variable caused by transposon activity (Samani 

& Bell, 2010). Microwell plates containing 120ul of YPD media were inoculated with the 

same diploid strain used in Experiment 1 and incubated at 30°C for 24 hours to obtain fresh 

cells. Initial populations used for each well consisted of 50% Hermes infected cells (YAS91) 

and 50% uninfected control cells (YAS92) taken from the same ancestor population. 10ul of 

fresh culture was then transferred to a new 96 well plate containing 180ul of YPD+120g/L 

salt and incubated for 48 hours during which the OD620 of each well was determined by a 

plate spectrophotometer. Readings were taken every ten minutes.  

We have defined “rescue” as having a maximum growth rate that is significantly 

higher than that of the baseline rate of the ancestor population under the same harsh 

conditions. After the 48-hour period and spectrophotometry of the incubated plates, plates 

containing potential rescues were subject to a second round of testing to confirm that the 

elevated O.D. could be replicated. 10ul of culture from each well of this plate was transferred 

to a new 96 well plate containing the same salty medium as the previous run, and OD620 

readings were again determined by plate spectrophotometry (Figure III.1). The average of 

each of the replicates was used for further analysis. Once 25 plates were completed for both 

experimental and control populations, identified rescues were isolated and the locations of 

any Hermes insertions within the host genome were found using Splinkerette PCR protocol. 

This procedure was then repeated using populations of 100% uninfected control cells.      
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Figure III.1. Schematic of Experiment 2 testing for evolvability through evolutionary rescue. 

After 24 hours of growth in permissible YPD media, control and experimental populations are 

transferred to new 96-well plates (10ul per well) containing 120g/L of salt in YPD. After 48h 

incubation 10ul from each well/population is diluted into 180ul of the same highly osmotic 

medium and incubated for an additional 48 hours. OD620 is determined via plate 

spectrophotometer over each 48-hour period.  Outer wells were excluded due to evaporation 

inconsistency. White wells represent empty wells or wells with no growth, while yellow wells 

represent wells containing cells (Darker = more growth, higher number of cells present).   
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Comparison of Rescue Growth Rates to Ancestor Strain 

 The growth rates of the isolated rescue populations were also determined using plate 

spectrophotometry. Isolates were transferred (10ul) from fresh YPD to a 96 well plate 

containing 180ul of YPD+120g/L salt with 10 replicate wells representing each population 

within the rows of the inner wells of the plate. Outer wells were excluded and contained only 

180ul of YPD+120g/L salt due to their potential for excessive evaporation leading to uneven 

concentrations. Each plate containing rescues also included 10 replicates of the ancestor 

strain in order to compare rescue growth rates to that of the original population in the highly 

osmotic environment (Figure III.2). OD620 readings were taken every ten minutes over a 48-

hour period after which R software was used to estimate maximum growth rate 

(Supplemental Figure III.1). The procedure was then repeated for control populations 

(Supplemental Figure III.2).  
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Figure III.2. Example of the procedure used to measure growth rates of rescue and ancestor 

populations. Rows B through F contain replicates of rescued experimental populations while row 

G contains the ancestor strain to these rescue populations (excluding all outer wells). Media is 

YPD+120g/L Salt. 
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Identification & Analysis of Hermes Insertion Locations 

 Specific genotypes were isolated for each rescued population using the clonNAT 

antibiotic resistance marker associated with the Hermes transposon to ensure that at least one 

insertion was present within that population. The chromosomal locations of these individual 

transposon insertions for each rescued population were then determined by sequencing the 

flanking genomic regions amplified by “Splinkerette PCR” (spPCR). This method was 

developed specifically for transposable element mapping (Potter & Luo, 2010) due to the 

need for 2 primers for PCR. The sequence of Hermes is used to design one of these primers, 

but since the insertion site is unknown, there is no sequence information from which to 

design the other primer. 

The genomic DNA of interest was extracted and digested using restriction enzyme 

BstYI to produce a fragment with compatible 3’ “sticky ends” encompassing the portion of 

the sequence associated with the corresponding Hermes primers. A double-stranded 

Splinkerette oligonucleotide containing a stable hairpin loop was ligated to the compatible 

sticky ends of the restriction fragment, followed by three rounds of PCR with nested primer 

pairs (Figure III.3).  

 The PCR primer, which anneals to the oligonucleotide, only amplifies DNA that has 

been produced from a successful first strand synthesis. As a result, the PCR reaction occurs 

preferentially between genomic DNA that has ligated to a Splinkerette oligonucleotide. 

Furthermore, background products are reduced due to the stable hairpin loop on the 

Splinkerette since it will not ligate to genomic DNA to generate nonspecific priming and it 

moderates end-repair priming.  This allowed the genomic DNA containing the transposon of 

interest to be isolated and sequenced. BLAST was used to compare the sequence fragments 
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obtained to the reference S. cerevisiae genome in order to locate the exact chromosomal 

region containing each insertion (Table III.2). 

 

  

 

 

 

 

 

Figure III.3. Splinkerette PCR schematic adapted from Potter and Luo, 2010.    
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RT-PCR Analysis of Target Gene Expression 

 RNA was extracted from each rescued sample of interest and used in gene expression 

analysis in order to determine whether the Hermes transposon insertions within these specific 

genes were affecting the extent to which the gene was being expressed in response to 

hyperosmotic stress. End-point RT-PCR was performed with gene-specific primers using 

One Taq One-Step RT-PCR kits (Figure III.4) to quantify the relative expression of each 

gene of interest using the housekeeping gene, β-Actin (ACT1) as a control. β-Actin mRNA 

levels are commonly used to normalize the expression intensity shown when analyzing 

results on an Agarose gel. Both cDNA synthesis and PCR amplification were performed 

within a single reaction using gene-specific primers, and, since the kit used is able to 

accommodate up to three primer pairs per reaction, three genes were amplified during the 

initial round of PCR. The PCR product obtained was subjected to a second round of PCR 

using each primer pair separately in order to amplify each gene product individually. These 

products were then run through a 2% agarose gel and the expression of each sample was 

analyzed for each gene of interest in addition to the ancestor via Microsoft Excel and ImageJ 

software tools. Primers were created for each gene through GenScript and obtained through 

Integrated DNA Technologies (IDT). 
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Figure III.4. Schematic of One-Step RT-PCR process adapted from “Everything about 

Biotech” educational website (https://www.everythingaboutBiotech.com). In this method, 

RNA is extracted and transcribed into complementary DNA (cDNA) by reverse 

transcriptase. The resulting cDNA is then used as the template for the PCR reaction using 

gene-specific primers to amplify the region of interest. 
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Results 

Rate of rescue comparisons for experimental & control populations 

 Rescue rates for each experimental and control population in this study were 

determined using the procedure shown in Figure III.1. Experimental populations began as 

replicates of an original ancestor population containing a 50/50 ratio of Hermes infected and 

uninfected cells that were then allowed to evolve independently in separate wells containing 

YPD+120g/L salt (normally lethal) over a 48 hour period followed by a duplicate run for 

confirmation of rescue (Figure III.1). A non-parametric Wilcoxon rank sum test was then 

used (with corrections for multiple testing and continuity) to compare rates of growth 

between experimental and ancestor populations. Experimental populations had a higher rate 

of rescue compared to ancestor populations with all of the 14 experimental plates analyzed 

having highly significant (p < 0.001) rescue growth rates above that of the ancestor 

population (Table III.1, Supplemental Figure III.1). Of the 14 control populations, however, 

only 7 of the plates had growth rates significantly different from the ancestor with only 5 of 

these being highly significant (p < 0.001) (Table III.1, Supplemental Figure III.2). A Fisher 

exact test comparing the number of rescued populations in the experimental treatment with 

that in the control confirms that evolutionary rescue was significantly more frequent among 

populations with Hermes activity (p = 0.0009). Results also showed a much wider range of 

growth (0.005 – 0.044, 0 – 0.02) for experimental populations along with a higher rate of 

rescue in most experimental rescue populations compared to control (Figure III.5, Figure 

III.6).  
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Supplemental Figure III.1. Analysis of rescued populations from 14 separate experimental 96 

well plates over a 48 hour period. Growth was determined using a plate spectrophotometer which 

measured O.D every 10 minutes over this time period. Each blue line indicates one of the 60 

populations of potential rescues excluding all outer wells of the 96-well plate.  
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Supplemental Figure III.2. Analysis of populations from 12 separate control (no plasmid) 96 

well plates over a 48-hour period. Growth was determined using a plate spectrophotometer which 

measured O.D every 10 minutes over this time period. Each blue line indicates one of the 60 

populations of potential rescues excluding all outer wells of the 96-well plate. 
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Table III.1. Pairwise comparisons of Experimental (EXP) and Control (CON) growth rates to 

that of the Ancestor strain under environmentally stressful conditions (YPD+120g/L Salt). A non-

parametric Wilcoxon rank sum test was used with corrections for multiple testing and continuity. 

Data corresponds to comparisons shown in Supplemental Figures III.1 & III.2. Bonferroni 

corrected probabilities are shown with an asterisk. 

 
P-VALUE 

   
P-VALUE 

 

EXP 1 2.60E-11 *** 

 

CON 1 0.155 
 

EXP 5 1.10E-11 *** 

 

CON 2 0.036 * 

EXP 6 1.10E-11 *** 

 

CON 3 6.10E-04 *** 

EXP 7 1.40E-11 *** 

 

CON 4 0.179 
 

EXP 8 1.10E-11 *** 

 

CON 5 0.13 
 

EXP 10 1.10E-11 *** 

 

CON 6 0.103 
 

EXP 13 1.10E-11 *** 

 

CON 7 0.281 
 

EXP 14 1.14E-11 *** 

 

CON 8 0.421 
 

EXP 18 1.10E-11 *** 

 

CON 10 0.815 
 

EXP 19 2.30E-11 *** 

 

CON 11 0.00133 ** 

EXP 23 1.10E-11 *** 

 

CON 13 5.70E-07 *** 

EXP 24 1.10E-11 *** 

 

CON 14 5.70E-07 *** - 

EXP 25 1.10E-11 *** 

 

CON 15 6.80E-07 *** - 

EXP 27 1.30E-11 *** 

 

CON 16 4.30E-07 *** - 

EXP OVERALL 3.00E-09 *** 

 

CON OVERALL 9.40E-04 ***  

* significant at p < 0.05; ** significant at p < 0.005; *** significant at p < 0.001 

 

 

 

 

 

 

 



87 

 

 

Figure III.5. Comparison of maximum growth rate between 14 experimental plates and the 

ancestor strain after 48 hours of growth in 120g/L salt YPD solution. Each point represents one 

independent population from the plate being tested. 

 

 

Figure III.6. Maximum growth rate of rescues from control plates and the ancestor strain after 48 

hours of growth in 120g/L salt YPD solution. Each point represents one independent population 

from the plate being tested. 
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Hermes transposon preferentially inserts into chromosomal “sanctuaries” and 

stress-response genes 

  The integration sites of most studied transposable elements have been found not to 

be chosen at random. Many transposons have preferred “sanctuary” sites, also known as 

“genomic hotspots”, which they use for integration into the genome. These hotspots can be 

defined by certain sequence preferences, interactions with host proteins, or multiple 

mechanisms using varying proteins. Chromatin structure also affects integration site locations 

as it dictates the accessibility of DNA to transposase and other proteins (Gangadharan et al. 

2010). Using Splinkerette PCR, the insertion sites of 40 Hermes isolates were mapped 

(Figure III.3). The locations of these insertions within the yeast genome were then 

determined using BLAST and the Yeast Genome Database (Table III.2). Upon further 

inspection of the genes within which the transposon insertions were discovered, it was found 

that most (25/36, 69%) dealt directly with environmental stress response in some capacity. 

Furthermore, seven of these genes were found to hold insertions in more than one of the 

tested rescue populations. The remainder of the 36 genes consisted of those that coded for 

unknown or non-essential proteins, and the remaining 4 Hermes insertions did not map to an 

area within a gene, rather, all were discovered within the same 100bp intergenic area of 

Chromosome XVI between base pairs 700,500 – 700,900.   
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Table III.2. Individual Hermes transposon insertions found within the genomes of rescue 

populations in Experiment 2. Splinkerette PCR was performed on the isolated DNA of each 

population to obtain each location. Bolded genes indicate those with a known role in stress 

response mechanisms.   

     

NAME 
FEATURE 

TYPE 
DESCRIPTION 

SSB1/ 

YDL229W 
(2 occurrences) 

ORF 

Cytoplasmic ATPase; ribosome-associated molecular 

chaperone; belongs to a subfamily of cytosolic HSP70 

heat shock proteins 

SSB2/ 

YNL209W 
(2 occurrences) 

ORF 

Cytoplasmic ATPase; ribosome-associated molecular 

chaperone; belongs to a subfamily of cytosolic HSP70 

heat shock proteins 

SSA1/ 

YAL005C 
ORF 

ATPase involved in protein folding and NLS-directed 

nuclear trans.; belongs to a subfamily of cytosolic 

HSP70 heat shock proteins 

GDH3/ 

YAL062W 
ORF 

NADP(+)-dependent glut. dehydrogenase; synthesizes 

glutamate; expression regulated by nitrogen and carbon 

sources and specific growth conditions 

RRP5/ 

YMR229C 

(2 occurrences) 

ORF 
RNA binding protein involved in synthesis of 18S and 

5.8S rRNAs 

YDL228C ORF 

Dubious open reading frame; unlikely to encode a 

functional protein; almost completely overlaps the 

verified gene SSB1 

ARS404 ARS 
Autonomously Replicating Sequence; functions as an 

origin of chromosomal replication 

FUN19/ 

YAL034C 
ORF 

Non-essential protein of unknown function; expression 

induced in response to heat stress 

ACA1/ 

YER045C 
ORF 

ATF/CREB family basic leucine zipper transcription 

factor; important for carbon source utilization 

KEL3/ 

YPL263C 

 

ORF Cytoplasmic protein of unknown function 

FMP40/ 

YPL222W 
ORF 

Putative protein of unknown function; proposed to be 

involved in responding to environmental stresses 
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YNLCTy1-1 
LTR RETRO- 

TRANSPOSON 
Ty1 element, LTR retrotransposon of the Copia group 

YNL284C-B TE GENE Retrotransposon TYA Gag and TYB Pol genes 

PTK1/ 

YKL198C 
(3 occurrences) 

ORF 
Serine/threonine protein kinase; regulates spermine 

uptake & ion channel activity. Cell structure & stability 

SWD2/ 

YKL018W 

(2 occurrences) 

ORF 

Subunit of the COMPASS (Set1C) histone H3K4 

methyltransferase complex. Regulation of transcription 

and DNA damage response 

ERC1/ 

YHR032W 
(2 occurrences) 

ORF 
Member of the multi-drug and toxin extrusion (MATE) 

family 

YGL214W ORF 
Dubious open reading frame; unlikely to encode a 

functional protein 

YHL050C ORF Hypothetical protein of unknown function 

TRP1/YDR007

W 

 

ORF 

Phosphoribosyl anthranilate isomerase. Amino-acid 

biosynthesis, Aromatic amino acid biosynthesis, 

Tryptophan biosynthesis 

SLT2/YHR030

C 

 

 

ORF 

Serine/threonine MAP kinase; involved in regulating 

maintenance of cell wall integrity, nuclear mRNA 

retention in heat shock, plays role in adaptive response of 

cells to cold 

 

FLC2/YAL053

W 

 

ORF 

Putative calcium channel involved in calcium release 

under hypotonic stress; required for uptake of FAD into 

endoplasmic reticulum; involved in cell wall maint. 

BIT61/YJL058

C 
ORF Subunit of TORC2 membrane-associated complex 

YEL077C ORF 

Helicase-like protein encoded within the telomeric Y' 

element; Involved in suppression of extreme variations 

in gene silencing 

YDL247W-A ORF Dubious open reading frame unlikely to encode a protein 

MET13/YGL12

5W 
ORF Major isozyme of methylenetetrahydrofolate reductase 

MPH2/YDL247

W 

(3 occurrences) 

ORF 
Alpha-glucoside permease; transports maltose, 

maltotriose, alpha-methyl glucoside, and turanose 

YRF1/YPL283C ORF 
Helicase encoded by the Y' element of subtelomeric 

regions 
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Target Gene Expression is affected by Hermes Transposon Insertions in Some Genes 

 In an extreme, unfavorable environment, some hosts will initiate the activation of 

certain transposable elements located within their genome in order to alter the expression of 

the gene in which the element resides. In this experiment, expression levels were tested for 

each of the genes of interest found via Splinkerette PCR using semi-quantitative One-Step 

RT-PCR methods in order to determine whether these novel targeted Hermes insertions were 

altering gene expression of identified stress-related genes. Eleven genes were tested in total 

and analysis of expression was measured using gel electrophoresis band intensity and ImageJ 

software. Quantified expression levels for each were calibrated by comparing the band 

intensity of experimental populations to that of the population’s ancestor strain and 

normalized using the control gene, β-actin (ACT1) (Figure III.7; Table III.3). It was found 

that the expression of most of the genes tested was significantly different from that of the 

ancestor in at least one population, especially for genes MPH2, PTK1, and SWD2 whose 

expression levels were greatly increased (Figure III.8; Figure III.9). Furthermore, the 

populations found to be significant matched those that were identified as containing a 

Hermes insertion within that gene (Table III.2).  
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Figure III.7. Expression of various stress-response related genes from 11 rescue populations 

grown in YPD+120g/L Salt. After quantitative normalization for each gene by densitometry using 

β-actin (ACT1) gene expression, semi-quantitative RT-PCR was performed for the indicated 

genes and compared to the ancestor population. Numbers 1-11 correspond to the order of the 

strains listed in Table III.3. 
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Table III.3. Expression levels of 11 genes found to contain Hermes transposon insertions. Levels 

for each gene were tested for all rescued strains using gel electrophoresis and ImageJ software. 

Values were calibrated using the Ancestor strain as a baseline and normalized using the control 

gene β-actin. Data corresponds to that shown in Figure III.10.     

Strain Gene 
Peak Area 

(Intensity) 

Calibrated 

Value 

Peak Area 

(β-actin) 

Control 

Calibrated 

Value 

Normalized 

Expression 

50.1 SLT2 14589.924 0.483039674 24801.108 1.105883972 -10211.184 

50.5 SLT2 14259.238 0.472091402 19879.028 0.886407915 -5619.79 

50.6.1 SLT2 27699.886 0.917081123 16179.472 0.721444331 11520.414 

50.6.2 SLT2 11498.581 0.380692238 15874.936 0.707865039 -4376.355 

50.16 SLT2 23192.815 0.767862107 18376.794 0.819423146 4816.021 

50.18 SLT2 34164.108 1.131097021 19412.978 0.865626698 14751.13 

50.22 SLT2 28585.057 0.946387151 20853.149 0.929844072 7731.908 

50.25 SLT2 25450.208 0.842599328 20703.635 0.923177227 4746.573 

50.27 SLT2 25387.108 0.840510229 22749.25 1.014391411 2637.858 

50.28.1 SLT2 20904.936 0.692115563 24500.35 1.092473141 -3595.414 

50.28.2 SLT2 23466.936 0.776937639 19659.078 0.876600322 3807.858 

Ancestor SLT2 30204.401 1 22426.501 1 7777.9 

50.1 TRP 31937.179 1.343146275 24801.108 1.105883972 7136.071 

50.5 TRP 27262.815 1.146561768 19879.028 0.886407915 7383.787 

50.6.1 TRP 27245.522 1.145834495 16179.472 0.721444331 11066.05 

50.6.2 TRP 29518.865 1.241441943 15874.936 0.707865039 13643.929 

50.16 TRP 25769.865 1.083774436 18376.794 0.819423146 7393.071 

50.18 TRP 31566.258 1.327546864 19412.978 0.865626698 12153.28 

50.22 TRP 29978.037 1.260752827 20853.149 0.929844072 9124.888 

50.25 TRP 18506.35 0.778300897 20703.635 0.923177227 -2197.285 

50.27 TRP 24294.664 1.021733555 22749.25 1.014391411 1545.414 

50.28.1 TRP 24810.907 1.043444611 24500.35 1.092473141 310.557 

50.28.2 TRP 23264.593 0.978413009 19659.078 0.876600322 3605.515 

Ancestor TRP 23777.886 1 22426.501 1 1351.385 

50.1 SSB2 10129.418 0.472472555 24801.108 1.105883972 -14671.69 

50.5 SSB2 9810.711 0.457606912 19879.028 0.886407915 -10068.317 

50.6.1 SSB2 20608.723 0.9612651 16179.472 0.721444331 4429.251 

50.6.2 SSB2 9113.539 0.425088298 15874.936 0.707865039 -6761.397 

50.16 SSB2 17173.258 0.801022633 18376.794 0.819423146 -1203.536 

50.18 SSB2 20857.915 0.972888312 19412.978 0.865626698 1444.937 

50.22 SSB2 19874.238 0.927006073 20853.149 0.929844072 -978.911 

50.25 SSB2 18025.329 0.840766295 20703.635 0.923177227 -2678.306 
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Strain Gene 
Peak Area 

(Intensity) 

Calibrated 

Value 

Peak Area 

(β-actin) 

Control 

Calibrated 

Value 

Normalized 

Expression 

50.27 SSB2 16919.087 0.789167182 22749.25 1.014391411 -5830.163 

50.28.1 SSB2 13019.309 0.607267484 24500.35 1.092473141 -11481.041 

50.28.2 SSB2 15901.673 0.741711327 19659.078 0.876600322 -3757.405 

Ancestor SSB2 21439.167 1 22426.501 1 -987.334 

50.1 PTK1 19482.258 9.549166873 24801.108 1.105883972 -5318.85 

50.5 PTK1 23549.572 11.54274791 19879.028 0.886407915 3670.544 

50.6.1 PTK1 24189.986 11.8566448 16179.472 0.721444331 8010.514 

50.6.2 PTK1 24466.229 11.99204443 15874.936 0.707865039 8591.293 

50.16 PTK1 25421.522 12.46027826 18376.794 0.819423146 7044.728 

50.18 PTK1 22705.522 11.12903948 19412.978 0.865626698 3292.544 

50.22 PTK1 25948.007 12.71833321 20853.149 0.929844072 5094.858 

50.25 PTK1 19700.986 9.656375707 20703.635 0.923177227 -1002.649 

50.27 PTK1 25292.643 12.39710862 22749.25 1.014391411 2543.393 

50.28.1 PTK1 25433.765 12.46627912 24500.35 1.092473141 933.415 

50.28.2 PTK1 23691.794 11.61245757 19659.078 0.876600322 4032.716 

Ancestor PTK1 2040.205 1 22426.501 1 -20386.296 

50.1 MPH2 27429.522 1.843660386 24801.108 1.105883972 2628.414 

50.5 MPH2 27928.229 1.877180706 19879.028 0.886407915 8049.201 

50.6.1 MPH2 28538.643 1.91820935 16179.472 0.721444331 12359.171 

50.6.2 MPH2 26860.057 1.805384106 15874.936 0.707865039 10985.121 

50.16 MPH2 23260.279 1.563426988 18376.794 0.819423146 4883.485 

50.18 MPH2 23793.572 1.599271987 19412.978 0.865626698 4380.594 

50.22 MPH2 10487.752 0.70492854 20853.149 0.929844072 -10365.397 

50.25 MPH2 24647.087 1.656640533 20703.635 0.923177227 3943.452 

50.27 MPH2 9987.974 0.671336234 22749.25 1.014391411 -12761.276 

50.28.1 MPH2 27436.309 1.844116571 24500.35 1.092473141 2935.959 

50.28.2 MPH2 28587.602 1.921500103 19659.078 0.876600322 8928.524 

Ancestor MPH2 14877.752 1 22426.501 1 -7548.749 

50.1 YNL-B 23889.593 0.972875056 24801.108 1.105883972 -911.515 

50.5 YNL-B 15294.723 0.622859272 19879.028 0.886407915 -4584.305 

50.6.1 YNL-B 11918.309 0.485358857 16179.472 0.721444331 -4261.163 

50.6.2 YNL-B 15695.037 0.63916158 15874.936 0.707865039 -179.899 

50.16 YNL-B 14978.078 0.609964284 18376.794 0.819423146 -3398.716 

50.18 YNL-B 21634.756 0.881049521 19412.978 0.865626698 2221.778 

50.22 YNL-B 21804.212 0.887950413 20853.149 0.929844072 951.063 

50.25 YNL-B 21639.04 0.881223982 20703.635 0.923177227 935.405 

50.27 YNL-B 22396.17 0.912057194 22749.25 1.014391411 -353.08 

50.28.1 YNL-B 29314.362 1.193792275 24500.35 1.092473141 4814.012 

50.28.2 YNL-B 28979.241 1.180144874 19659.078 0.876600322 9320.163 

Ancestor YNL-B 24555.664 1 22426.501 1 2129.163 
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Strain Gene 
Peak Area 

(Intensity) 

Calibrated 

Value 

Peak Area 

(β-actin) 

Control 

Calibrated 

Value 

Normalized 

Expression 

50.1 SWD2 19701.815 3.9163246 24801.108 1.105883972 -5099.293 

50.5 SWD2 23212.007 4.614080176 19879.028 0.886407915 3332.979 

50.6.1 SWD2 22728.371 4.517943065 16179.472 0.721444331 6548.899 

50.6.2 SWD2 28818.855 5.728608799 15874.936 0.707865039 12943.919 

50.16 SWD2 22424.371 4.457513979 18376.794 0.819423146 4047.577 

50.18 SWD2 22624.057 4.49720754 19412.978 0.865626698 3211.079 

50.22 SWD2 24840.179 4.937728025 20853.149 0.929844072 3987.03 

50.25 SWD2 22734.078 4.519077502 20703.635 0.923177227 2030.443 

50.27 SWD2 24467.815 4.863709551 22749.25 1.014391411 1718.565 

50.28.1 SWD2 30428.836 6.048640644 24500.35 1.092473141 5928.486 

50.28.2 SWD2 23144.936 4.60074781 19659.078 0.876600322 3485.858 

Ancestor SWD2 5030.69 1 22426.501 1 -17395.811 

50.1 ARS404 14877.635 0.52774455 24801.108 1.105883972 -9923.473 

50.5 ARS404 13279.714 0.471062551 19879.028 0.886407915 -6599.314 

50.6.1 ARS404 7424.095 0.263350033 16179.472 0.721444331 -8755.377 

50.6.2 ARS404 24785.714 0.879207312 15874.936 0.707865039 8910.778 

50.16 ARS404 27970.563 0.992181364 18376.794 0.819423146 9593.769 

50.18 ARS404 6164.731 0.218677444 19412.978 0.865626698 -13248.247 

50.22 ARS404 24887.856 0.882830528 20853.149 0.929844072 4034.707 

50.25 ARS404 20932.149 0.742512339 20703.635 0.923177227 228.514 

50.27 ARS404 22288.371 0.790620709 22749.25 1.014391411 -460.879 

50.28.1 ARS404 24962.463 0.885477013 24500.35 1.092473141 462.113 

50.28.2 ARS404 28180.141 0.999615586 19659.078 0.876600322 8521.063 

Ancestor ARS404 28190.978 1 22426.501 1 5764.477 

50.1 FLC2 21917.401 1.227383175 24801.108 1.105883972 -2883.707 

50.5 FLC2 17452.43 0.977343023 19879.028 0.886407915 -2426.598 

50.6.1 FLC2 21101.735 1.181705555 16179.472 0.721444331 4922.263 

50.6.2 FLC2 19002.572 1.064151592 15874.936 0.707865039 3127.636 

50.16 FLC2 19535.643 1.09400378 18376.794 0.819423146 1158.849 

50.18 FLC2 5516.205 0.308909674 19412.978 0.865626698 -13896.773 

50.22 FLC2 10927.296 0.611932923 20853.149 0.929844072 -9925.853 

50.25 FLC2 16941.258 0.948717188 20703.635 0.923177227 -3762.377 

50.27 FLC2 18956.723 1.061584029 22749.25 1.014391411 -3792.527 

50.28.1 FLC2 24313.907 1.361588465 24500.35 1.092473141 -186.443 

50.28.2 FLC2 18001.187 1.008073633 19659.078 0.876600322 -1657.891 

Ancestor FLC2 17857.016 1 22426.501 1 -4569.485 

50.1 RRP5 14844.116 0.684474042 24801.108 1.105883972 -9956.992 

50.5 RRP5 16147.924 0.74459367 19879.028 0.886407915 -3731.104 

50.6.1 RRP5 15847.208 0.730727415 16179.472 0.721444331 -332.264 

50.6.2 RRP5 14654.128 0.675713544 15874.936 0.707865039 -1220.808 
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Strain Gene 
Peak Area 

(Intensity) 

Calibrated 

Value 

Peak Area 

(β-actin) 

Control 

Calibrated 

Value 

Normalized 

Expression 

50.16 RRP5 16723.714 0.771143807 18376.794 0.819423146 -1653.08 

50.18 RRP5 16505.886 0.761099584 19412.978 0.865626698 -2907.092 

50.22 RRP5 22122.016 1.020063823 20853.149 0.929844072 1268.867 

50.25 RRP5 20395.258 0.940441633 20703.635 0.923177227 -308.377 

50.27 RRP5 21421.945 0.98778299 22749.25 1.014391411 -1327.305 

50.28.1 RRP5 20209.066 0.931856171 24500.35 1.092473141 -4291.284 

50.28.2 RRP5 20663.966 0.952831973 19659.078 0.876600322 1004.888 

Ancestor RRP5 21686.894 1 22426.501 1 -739.607 

50.1 ERC1 20407.288 1.385481053 24801.108 1.105884021 -4393.82 

50.5 ERC1 20320.966 1.379620525 19879.028 0.886407955 441.938 

50.6.1 ERC1 17278.966 1.173094632 16179.472 0.721444363 1099.494 

50.6.2 ERC1 16205.137 1.100190789 15874.936 0.70786507 330.201 

50.16 ERC1 18840.765 1.279127483 18376.794 0.819423182 463.971 

50.18 ERC1 17403.279 1.181534426 19412.978 0.865626736 -2009.699 

50.22 ERC1 21064.522 1.430101644 20853.149 0.929844113 211.373 

50.25 ERC1 14634.229 0.993539514 20703.635 0.923177268 -6069.406 

50.27 ERC1 8393.773 0.5698657 22749.25 1.014391457 -14355.477 

50.28.1 ERC1 17807.258 1.20896116 24500.35 1.09247319 -6693.092 

50.28.2 ERC1 18925.38 1.284872121 19659.078 0.876600361 -733.698 

Ancestor ERC1 14729.388 1 22426.5 1 -7697.112 
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Figure III.8. Expression levels of 6 stress response genes from 11 rescued populations compared 

to the gene expression of the β-actin (ACT1) control. Relative expression levels were calibrated 

for each population using the ancestor populations as a standard (See Table III.3). 
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Figure III.9. Expression of 7 stress-response related genes from 11 rescue populations grown in 

YPD+120g/L Salt. Semi-quantitative RT-PCR was performed for the indicated genes and 

compared to the expression of the ancestor population. Quantitative normalization for each gene 

was calculated by densitometry using β-actin (ACT1) gene expression (shown above). Expression 

levels below zero indicate decreased expression for rescued populations containing the Hermes 

transposon while those above zero indicate increased expression level. Genes shown in this figure 

correspond to those used in Figure III.8. 

 

 

 

 

 

 

 



100 

 

 

 

 

Supplemental Figure III.1. Expression of gene SSB2 from 11 rescue populations grown in 

YPD+120g/L Salt. After quantitative normalization for each gene by densitometry using β-actin 

(ACT1) gene expression, semi-quantitative RT-PCR was performed for the indicated genes and 

compared to the ancestor population. Expression levels below zero indicate decreased expression 

for rescued populations containing the Hermes transposon while those above zero indicate 

increased expression level. 
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Supplemental Figure III.2. Expression of gene MPH2 from 11 rescue populations grown in 

YPD+120g/L Salt. After quantitative normalization for each gene by densitometry using β-actin 

(ACT1) gene expression, semi-quantitative RT-PCR was performed for the indicated genes and 

compared to the ancestor population. Expression levels below zero indicate decreased expression 

for rescued populations containing the Hermes transposon while those above zero indicate 

increased expression level. 
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Discussion 

The survival of a population can depend on its ability to adapt to rapid environmental 

changes. This adaptability emerges in the form of new mutations that allow the population to 

escape extinction, a process known as “evolutionary rescue”. Transposable elements can 

provide host populations with greater potential to adapt to these new stressful circumstances 

through beneficial mutagenesis (Samani & Bell, 2010; Casacuberta & Gonzalez, 2013). 

Furthermore, certain extreme or stressful changes to the environment have been shown to 

cause the activation of some transposons within the host genome (Levin & Moran, 2013), 

leading to increased or decreased gene expression of the gene in which the element resides. 

When populations face long-lasting environmental change, the creation of new genetic 

variability induced by the activity of transposable elements may favor a more rapid 

adaptation (Capy et al. 2000). 

While the previous chapter examined the invasion and establishment of a novel 

transposable element, this chapter sought to determine the possible consequences of invasion 

by analyzing the ability of the invaded host to evolve in response to deleterious hyperosmotic 

environmental change. By measuring rates of evolutionary rescue, we determined that 

populations containing novel Hermes transposon insertions were able to evade extinction by 

adapting to the environmental change far more often (11x) than populations not containing 

novel insertions. To better understand this revelation, rescued populations were further 

investigated by mapping the location of Hermes insertions within their genomes. 

Most established transposable elements are transcriptionally and transpositionally 

inactive (Yoder et al. 1997; Zilberman et al. 2007). However, environmental stimuli and 

stress, in particular, can trigger epigenetic de-repression of TEs resulting in insertional 

mutagenesis (Miousse et al. 2015). Stress has been shown to induce TE transcription and 
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integration or to redirect TE integration to alternative target sites (Casacuberta & Gonzalez, 

2013). However, the impact of stress on TE expression is highly variable among TE families, 

copies, and species. TE de-repression in response to stress is widely shared across 

eukaryotes. De-repression of TEs under stress usually impacts TE transcription levels and 

can increase transpositional activity (Dubin et al. 2018).  

Previous studies have found that the Hermes transposon prefers to integrate into 

nucleosome-free regions (NFRs) at the 5′ and 3′ ends of genes, which are generally sites of 

transcription initiation for mRNA and noncoding RNA (ncRNA) (Gangadharan et al., 2010). 

These regions are sometimes found within open reading frames. The genome of S. cerevisiae 

consists mainly of open reading frames (ORFs) – approximately 70% overall. These ORFs 

house all genetic material located between each start and stop codon throughout the entire 

genome and will therefore include all DNA that codes for protein (Yadon et al, 2010). The 

other 30% of the S. cerevisiae genome includes all non-coding and intergenic regions. Of the 

40 Hermes transposon insertions investigated in our experiment, 36 were found within ORFs 

while 4 were found inserted into the same intergenic region of the genome within 

Chromosome XVI. This finding corresponds to previous studies on the insertion site 

preferences of this particular transposon and how these target preferences are affected by host 

stress response.             

 Genes involved in response to various types of environmental stress in yeast have 

been well documented in previous studies. Several of the identified genes containing 

transposon insertions are involved in the regulation of DNA transcription (Table III.2). 

Saccharomyces cerevisiae responds transcriptionally to stress by general and/or stimuli-

specific response mechanisms (Causton et al., 2001). These mechanisms are controlled by 

five distinct MAP kinase pathways, each of which can be activated by specific extracellular 

stimuli. In response to an increase in extracellular osmolarity, the Hog1 MAPK pathway is 
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activated, which leads to the induction of cytoplasmic and nuclear adaptive responses (Martin 

et al., 2014). Cytoplasmic responses include the control of ionic fluxes and glycerol transport, 

metabolic enzymes, and protein translation. Nuclear responses include the modulation of 

cell-cycle progression and the control of gene expression (Saito & Posas, 2012).  

 One such gene identified in this study, Slt2, is a Serine/Threonine MAP kinase well 

documented for its involvement in the control of cell wall integrity in response to osmotic 

and other stress (Bermejo et al. 2008; Hohmann, 2002). Slt2 is a component of the Hog1 

HOG MAP kinase regulatory cascade and is specifically involved in the Bck1-Slt2/Mpk1 

pathway which is initiated by certain forms of cellular stress, including cell wall stress and 

heat shock (Yurko et al., 2017; Martin et al., 2015). When activated, Slt2p phosphorylates 

both transcriptional activators and repressors, altering patterns of gene expression to allow 

cells to survive (Carmody et al., 2010). Further investigation should be done as to how the 

Slt2 genes containing Hermes insertions modify the expression of the stress-response genes 

already known to be regulated by Slt2 or whether an insertion the way Slt2 interacts with 

other genes. This would provide further insight into the insertion patterns of Hermes by 

determining whether the insertion is contributing to changes in interactions of these 

associated genes or just to the Slt2 gene in which it is inserted. Slt2 is also associated with the 

histone H3 lysine 4 (H3K4) methyltransferase COMPASS complex, which is responsible for 

methylation of H3K4 in the regulation of transcription and DNA damage response. This is 

regulated in part by the gene Swd2, which was also found to house an insertion in two 

separate samples in this experiment.      

 Ptk1, which was identified in 3 separate samples to contain a Hermes insertion, is 

another serine/threonine protein kinase. It is involved in the regulation of spermine uptake 

(necessary for cell growth) and plays an important role in many cellular processes including 

the regulation of transcription and translation, control of the activity of ion channels, effects 
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on the cell cycle, protection from oxidative damage, modulation of kinase activity, the 

maintenance of membrane structure/function, and contributing to nucleic acid stability (Pegg, 

2014). The fact that Hermes transposon insertions were found in these specific genes and, in 

some cases, greatly increased their expression in response to stress, reiterates the idea that 

transposable elements target genes linked to host survivability. Furthermore, it indicates that 

these insertions are directed toward stress response genes and suggests that Hermes may have 

evolved its transcription and integration mechanisms to improve the survival of cells exposed 

to environmental stress which it carried over from interactions with its native Drosophila 

host.    

 SSB1, SSB2, and SSA1 belong to a subfamily of cytosolic HSP70 heat shock 

proteins; a large family of proteins that has been evolutionarily conserved across both 

bacteria and eukaryotes (Boorstein et al. 1994) and have been associated with all main 

growth-related processes such as cell division, transcription and translation, protein folding 

and transport, and membrane function. Heat shock proteins are produced by cells in response 

to exposure to stressful conditions, and their expression is dependent upon the type of change 

that has occurred (Mager & Kruijff, 1995). They were first identified in relation to heat 

shock, but are now known to be expressed during other forms of stress such as exposure to 

cold and UV light (de Nobel et al, 2001). Each of the five occurrences found in this study 

was identified within a different rescue population, suggesting that this particular part of the 

genome may be a genomic hotspot. Furthermore, finding multiple Hermes insertions within 

locations involved in stress response suggests that the transposon is in fact contributing to 

host survival rather than merely integrating into a genomic sanctuary. Interestingly, these 

genes are located just before HO - one of only three genomic locations that undergo 

chromatin compaction in S. cerevisiae.  
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 Once it was clear that many (67%) of our Hermes transposon insertions were located 

within genes known to be involved in stress response, we wanted to determine whether the 

insertions were affecting the expression of these genes to aid in host survivability and 

adaptation. Previous studies have found that transposable elements are capable of altering 

gene expression during extreme environmental changes through a variety of mechanisms 

(Casacuberta & Gonzalez, 2013; Zeng et al, 2018; Esnault et al, 2019). For example, 

transposable elements may directly affect the function of individual genes or distribute 

regulatory elements that can lead to the creation of stress-inducible regulatory networks 

(Todeschini et al, 2005; Esnault et al, 2019). They can also inadvertently cause decreased 

expression or epigenetic silencing of nearby genes when being transcriptionally inactivated 

by the genome. This is due to the recruitment of nearby histones to achieve chromatin 

compaction leading to the spread of heterochromatin to close by genes (Casacuberta & 

Gonzalez, 2013; Choi & Lee, 2020). To determine the extent to which Hermes was involved, 

we tested expression levels in each gene of interest using RT-PCR. Findings from our study 

showed similar trends to prior publications with several of the genes being significantly 

upregulated in multiple samples and downregulated in others when compared to the ancestor 

genome (Figure III.9 & Figure III.10).     

Our studies have provided new insights into the role of transposable elements during 

the dynamic process of adaptation, specifically during host response to osmotic 

environmental stress. There is evidence stress induces a heritable increase in the ability of 

organisms to withstand infection and tolerate stress. Such changes can loosen the epigenetic 

limitations on transposons, allowing stress-inducible TEs to propagate stress-inducible 

promoters to other genes through transposition (Strikant & Drost, 2021). It would be 

interesting to examine this dynamic within the populations used in this experiment by 

following the generational changes to stress response of this specific environment. Clearly, 
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understanding the consequences of stress-induced transposition will yield insights about how 

TE mobility can lead to genetic diversity and in turn, how they affect the ability of an 

organism to cope with genomic stress.       

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



108 

 

Literature Cited 

Barrick, J. E. & Lenski, R. E. (2013). Genome dynamics during experimental evolution. 

Nature Reviews Genetics 14, 827-839. 

Baumdicker, F. et al. (2020). Modifiers of mutation rate in selectively fluctuating 

environments. Stochastic Processes and their Applications 130, 6843-6862. 

Bell, G. & Gonzalez, A. (2009). Evolutionary rescue can prevent extinction following 

environmental change. Ecology Letters 12, 942-948. 

Bermejo, C. et al. (2008). The Sequential Activation of the Yeast HOG and SLT2 Pathways 

Is Required for Cell Survival to Cell Wall Stress. Molecular Biology of the Cell 3, 

1113-1124. 

Blanc, V. & Adams, J. (2004).  Ty1 insertions in intergenic regions of the genome of 

Saccharomyces cerevisiae transcribed by RNA polymerase III have no detectable 

selective effect. FEMS Yeast Research 4, 487-491. 

Boorstein, W. et al. (1994). Molecular evolution of the HSP70 multigene family. Journal of 

Molecular Evolution 38, 1-17. 

Capaldi, A. et al. (2008). Structure and function of a transcriptional network activated by the 

MAPK Hog1. Nature Genetics 40, 1300-1306. 

Capy, P. et al. (2000). Stress and transposable elements: co-evolution or useful parasites? 

Heredity 85, 101-106. 

Carja, O. et al. (2014). Evolution in changing environments: Modifiers of mutation, 

recombination, and migration. PNAS 111, 17935-17940.  

Carlson, S. et al. (2014). Evolutionary rescue in a changing world. Cell Press 29, 521-530. 



109 

 

Casacuberta, E. & Gonzalez, J. (2013). The impact of transposable elements in 

environmental adaptation. Molecular Ecology 22, 1503–1517. 

Causton, H. et al. (2001). Remodeling of Yeast Genome Expression in Response to 

Environmental Changes. Molecular Biology of the Cell 12, 323-337. 

Choi, L & Lee, Y. (2020). Double-edged sword: The evolutionary consequences of the 

epigenetic silencing of transposable elements. PLOS Genetics 16, e1008872. 

Czaja, W. et al. (2020). Evolution of Ty1 copy number control in yeast by horizontal 

transfer and recombination. PLoS Genetics 16: e1008632. 

De Nobel, H. et all. (2001). Parallel and comparative analysis of the proteome and 

transcriptome of sorbic acid-stressed Saccharomyces cerevisiae. Yeast 18, 1413-

1428. 

Deneweth et al. (2022). Nearby transposable elements impact plant stress gene regulatory 

networks: a meta-analysis in A. thaliana and S. lycopersicum. BMC Genomics 23, 1-

15. 

Esnault, C. et al. (2019). Transposable element insertions in fission yeast drive adaptation to 

environmental stress. Genome Research 29, 85-95. 

Feng, G. et al. (2013). Transposon integration enhances expression of stress response genes. 

Nucleic Acids Research 41, 775–789. 

Gafner, J. & Philippsen, P. (1980). The yeast transposon Ty1 generates duplications of 

target DNA on insertion. Nature 286, 414–418. 

Galhardo, R., Hastings, P., & Rosenberg, S. (2007). Mutation as a Stress Response and the 

Regulation of Evolvability. Crit Rev Biochem Molecular Biology 42, 399-435. 



110 

 

Gonzalez, R. et al. (2016). New Genes Involved in Osmotic Stress Tolerance in 

Saccharomyces cerevisiae. Frontiers in Microbiology 7, 1-12. 

Hohmann, S. (2002). Osmotic Stress Signaling and Osmo-adaptation in Yeasts. 

Microbiology and Molecular Biology Reviews 2, 300-372. 

Johnson, T. (1999). Beneficial mutations, hitchhiking, and the evolution of mutation rates in 

sexual populations. Genetics 151, 1621-1631.   

Lee, Y. et al. (2012). Involvement of GDH3-encoded NADP+-dependent Glutamate 

Dehydrogenase in Yeast Cell Resistance to Stress-induced Apoptosis in Stationary 

Phase Cells. Journal of Biological Chemistry 287, 44221-44233. 

Liu, H & Zhang, J. (2019). Yeast Spontaneous Mutation Rate and Spectrum Vary with 

Environment. Cell Press: Current Biology 29, 1584–1591. 

Leskoske, K. et al. (2017). The Stress-Sensing TORC2 Complex Activates Yeast AGC-

Family Protein Kinase Ypk1 at Multiple Novel Sites. Genetics 1, 179-195. 

Lynch, M. (2010). Evolution of the mutation rate. Trends in Genetics: Cell Press 26, 345-

352. 

Marks, V. et al. (2016). Dynamics of the yeast transcriptome during wine fermentation 

reveals a novel fermentation stress response. FEMS Yeast Research 8, 35-52. 

Martin, H. et al. (2015). Differential genetic interactions of yeast stress response MAPK 

pathways. Molecular Systems Biology 11, 1-10. 

Muir, A et al. (2015). Down-regulation of TORC2-Ypk1 signaling promotes MAPK-

independent survival under hyperosmotic stress. eLife 4, e09336. 



111 

 

Mularoni, L. et al. (2012). Retrotransposon Ty1 integration targets specifically positioned 

asymmetric nucleosomal DNA segments in tRNA hotspots. Genetics Research 22, 

693-703. 

Nadal, E. & Posas, F. (2022). The HOG pathway and the regulation of osmoadaptive 

responses in yeast. FEMS Yeast Research 22, 1-16. 

Nadeau, J. (2001). Modifier genes in mice and humans. Nature Reviews Genetics 2, 165–

174. 

O'Connor, S. et al. (2012). Genome-Wide Functional and Stress Response Profiling Reveals 

Toxic Mechanism and Genes Required for Tolerance to Benzo[a]pyrene in S. 

cerevisiae. Frontiers in Genetics 3, 316-322. 

Pegg, A. (2014). The function of spermine. IUBMB Life 1, 8-18. 

Potter, C.J. & Luo, L. (2010). Splinkerette PCR for Mapping Transposable Elements in 

 Drosophila. PLoS ONE 5(4): e10168 

Raynes, Y. & Sniegowski, P.D. (2014). Experimental evolution and the dynamics of 

genomic mutation rate modifiers. Heredity 113, 375–380. 

Rigamonti, M. et al. (2015). Hypotonic stress-induced calcium signaling in Saccharomyces 

cerevisiae involves TRP-like transporters on the endoplasmic reticulum membrane. 

Cell Calcium 57, 57-68. 

Saito, H. & and Posas, F. (2012). Response to hyperosmotic stress. YEASTBOOK: Cell 

Signaling and Development 192, 289-318. 



112 

 

Samani, P. & Bell, G. (2010). Adaptation of experimental yeast populations to stressful 

conditions in relation to population size. Journal of Evolutionary Biology 23, 791-

796. 

Servant, G. et al. (2008). Remodeling Yeast Gene Transcription by Activating the Ty1 Long 

Terminal Repeat Retrotransposon under Severe Adenine Deficiency. Molecular and 

Cellular Biology 28, 1-6.  

Sharifian, H. et al. (2015). Parallel feedback loops control the basal activity of the HOG 

MAPK signaling cascade. Integrative Biology 7, 412-422. 

Strikant, T. & Drost, H. (2021). How Stress Facilitates Phenotypic Innovation Through 

Epigenetic Diversity. Frontiers in Plant Science doi10.3389. 

Tan, X-Y, et al. (2021). Yeast autonomously replicating sequence (ARS): Identification, 

function, and modification. Engineering in Life Sciences 21, 464-474. 

Todeschini, A. et al. (2005). Severe adenine starvation activates Ty1 transcription and 

retrotransposition in Saccharomyces cerevisiae. Mol Cell Biol 25, 7459–7472. 

Valdés-Santiago, L. & Ruiz-Herrera, J. (2013). Stress and polyamine metabolism in fungi. 

Frontiers in Chemistry 1, 1-15.   

Sniegowski, P. D. et al. (2000). The evolution of mutation rates: Separating causes from 

consequences. BioEssays 22, 1057-1066. 

Uren, A. G. et al. (2009). A high-throughput splinkerette-PCR method for the isolation and 

sequencing of retroviral insertion sites. Nat Protoc. 5, 789-798.  

Wood, K., Tellier, M., & Murphy, S. (2018). DOT1L and H3K79 Methylation in 

Transcription and Genomic Stability. Biomolecules 1, 11-23. 



113 

 

Yadon, A. et al. (2010). Chromatin Remodeling around Nucleosome-Free Regions Leads to 

Repression of Noncoding RNA Transcription. Molecular and Cell. Biology 30, 1-13. 

Yoshikawa, K., et al. (2009). Comprehensive phenotypic analysis for identification of genes 

affecting growth under ethanol stress in Saccharomyces cerevisiae. FEMS Yeast Res 

9, 32-44. 

Yurko, N., et al (2017). MPK1/SLT2 Links Multiple Stress Responses with Gene 

Expression in Budding Yeast by Phosphorylating Tyr1 of the RNAP II CTD. 

Molecular Cell 68, 913-925. 

Zeng, L. et al. (2018). Transposable elements and gene expression during the evolution of 

amniotes. Mobile DNA 9, 1-12. 

 

 

 

 

 

 

 

 

 

 



114 

 

CHAPTER IV 

Experiment 3 – Selection for Transposon Repression by the Host Genome 

Abstract 

 The movement of transposable elements within the genome can result in genomic 

instability as the frequency of mutations increases. Transposons have evolved methods to 

survive and proliferate within the host genome such as specific targeting mechanisms that 

direct their incorporation into genomic sanctuaries after invasion. However, in response to 

this, organisms have evolved multiple mechanisms to regulate and suppress the transposition 

of these elements and to maintain the integrity of the genome (Levin & Moran, 2011). With 

this in mind, we hypothesized that forced long-term exposure to a highly active transposable 

element would cause the host genome to evolve a mechanism to repress these insertions. We 

introduced a foreign DNA transposon, Hermes, engineered for high mobility in yeast, into 

experimentally evolving populations of yeast using the plasmid, pHermes2, and forced these 

populations to evolve with Hermes, subsequently reintroducing the plasmid after completing 

each cycle so that. Repression by the host was tested by changing the antibiotic resistance 

marker associated with the transposon and assessing the number of host colonies able to grow 

on medium containing that antibiotic, indicating new transposition events. Results showed no 

significant difference in the ability to repress new transposition events between populations 

with and without the Hermes transposon. Further analysis was done on Hermes transposase 

activity to analyze the rate of transcription within experimental, control, and ancestral 

populations using RT-PCR. Levels of transposase were found to vary slightly between 

experimental and control populations, though there was no definitive trend in the difference 

between the two treatments.       
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Introduction 

Silencing of Transposons and their Remnants  

 The deleterious consequences of the presence and activity of transposable elements 

within a host genome have caused the emergence of regulatory mechanisms in many 

organisms in order to preserve genomic stability. RNA interference (RNAi) is a cellular 

pathway responsible for post-transcriptional gene regulation and silencing, formation, 

epigenetic modification, and regulation of heterochromatin, DNA elimination, and 

interactions between the host genome and parasitic invaders (Drinnenberg et al., 2009). This 

pathway acts as a defense against both viruses and genomic parasites such as transposable 

elements (TEs), and can provide exceptional control over other components by regulating 

gene expression in the host (Verdel & Moazed, 2005). However, RNAi can be also exploited 

by the parasite to disrupt host cell function by manipulating host gene expression and 

blocking host resistance mechanisms (Obbard et al., 2009). RNA silencing occurs in many 

different eukaryotic organisms including animals (RNAi), fungi (Quelling), and plants (Post-

Transcriptional Gene Silencing). In all of these organisms, the process is initiated by dsRNA 

and requires a conserved set of gene products, mutations of which can cause the reactivation 

of TEs in many eukaryotic species (Tijsterman et al, 2002). 

 RNAi occurs at the mRNA (messenger RNA) level and involves a mechanism in 

which untranslated double-stranded RNA (dsRNA) molecules mediate sequence specific 

degradation of target mRNA (Obbard et al., 2014). The mechanism for RNA silencing 

involves the cleaving of longer dsRNA molecules of endogenous or exogenous (outside the 

organism) origin into smaller pieces of a defined length corresponding to both the sense and 

antisense strands of the target gene by the Rnase-III domain enzyme, Dicer (Saito, 2013, 

Tijsterman, et al, 2002). dsRNA matching a specific gene sequence is broken into short 
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pieces of RNA. There are two classes of these smaller RNAs: miRNAs (microRNAs) and 

siRNAs (small interfering RNAs), the structure of which is highly specific to prevent 

inaccurate gene silencing. siRNAs are 21–24 nucleotide dsRNA duplexes with symmetric 2–

3 nucleotide 3' overhangs and 5'-phosphate and 3'-hydroxyl groups, which degrade matching 

mRNA sequences (Gaglione, et al., 2014). The siRNAs are then loaded into the Argonaute 

effector protein to guide the cleavage of target transcripts (Slotkin & Martienssen, 2007).  

 The siRNA molecules are incorporated into an RNA-inducing silencing complex 

(RISC), which uses the antisense strand of the siRNA to bind to and degrade the 

corresponding mRNA, resulting in gene silencing (Levin & Moran, 2011). The siRNA must 

be 5' phosphorylated in order to enter into RISC, and an endogenous kinase will 

phosphorylate any siRNAs that lack a 5' phosphate. The single-stranded antisense strand of 

the unwound siRNA duplex then guides RISC to mRNA that has a complementary sequence, 

which initiates the cleavage of the target mRNA (Gaglione et al., 2014).  

 Endogenously expressed siRNAs have been noted in Drosophila (Malone & Hannon, 

2009), but have not been found in mammalian systems. However, related miRNA molecules 

have been identified in mammals as well as in Drosophila and many other organisms, and the 

microRNA pathway is a vital component of post-transcriptional control of gene expression. 

MicroRNAs derive from regions of RNA transcripts that fold back on themselves to form 

short hairpins. They are encoded by the host genome and transcribed by RNA polymerase II 

as part of larger primary miRNAs, which are processed and cleaved in the nucleus by the 

Rnase III enzyme Drosha into precursor miRNA (pre-miRNAs), and then exported to the 

cytoplasm for processing by a Dicer family member to form the mature miRNA (Obbard et 

al., 2014, Lee et al., 2002). The miRNAs are then loaded into the Argonaute-containing 

effector complex (RISC), where the complementary ‘passenger’ strand is lost. RISC can then 

interact with target mRNAs that contain a complementary sequence to the miRNA. Unlike 
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siRNA, miRNAs often bind to sites that have only partial sequence complementarity (usually 

in the 3’ untranslated region) to the target mRNA, causing gene silencing through repression 

of translation and protein synthesis inhibition rather than cleavage (Verdel & Moazed, 2005). 

However, miRNA molecules with full sequence complementarity can induce mRNA 

degradation (Hock & Meister, 2008, Obbard et al., 2014).  

 An additional RNA-based pathway, the piRNA pathway, is the major regulator of 

transposons, retrotransposons, and endogenous retroviruses in vertebrate and Drosophila 

germ line cells. Argonaute and/or Dicer proteins process transcripts, leading to reduced 

transcript numbers, epigenetic modification of transposon copies within the genome, 

heterochromatin formation, and reduced expression of transposable elements (Obbard et al., 

2009). In Drosophila and vertebrates, TE silencing relies on Piwi proteins in the Argonaute 

family that are strongly expressed in the germline (Argonaute-3, Piwi, and Aubergine). These 

proteins bind to a class of short RNAs known as Piwi-interacting RNAs (piRNAs), mainly 

derived from transposable elements, which act as guides for TE recognition (Halic & 

Moazed, 2009). piRNAs are approximately 24-30 nucleotides long, and originate from a 

single-stranded RNA (ssRNA). Piwi-piRNA complexes can act in trans, allowing for the 

repression of transposons interspersed throughout chromosomes (Saito, 2013). Primary 

piRNAs are amplified by a back-and-forth “ping pong” mechanism in which antisense 

piRNAs, associated with the Aubergine protein, target sense transcripts and produce sense 

piRNAs. These then associate back with Aubergine proteins and target antisense transcripts 

(Halic & Moazed, 2009, Brennecke et al., 2007). In Drosophila, the majority of piRNAs 

target repeat sequences such as TEs, while in vertebrates most target other repetitive 

sequences, only some of which match to transposable elements.  

 In animals, the germ line tissue is uniquely sensitive to the heritability of transposable 

element activity since these elements must mobilize within gametes or during early 
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development to ensure their spread to future generations (Levin & Moran, 2011). An 

example of this can be seen in the hybrid dysgenesis of D. melanogaster in which crosses 

between males with P element DNA transposons and naïve females without P elements result 

in a variety of reproductive abnormalities including sterility associated with high rates of 

germline transposition in the offspring. P elements found in the maternal parent, however, 

suppress hybrid dysgenesis and eggs from females containing P elements produce repressor 

proteins and piRNAs that inhibit the transposition of these elements (Brennecke et al., 2007). 

This maternal suppression is due to a cytoplasmic condition called the P-cytotype, which is 

not suitable for the transposition of P elements, and which can be inherited for several 

generations as long as P elements are present in the female’s chromosomes (Castro & 

Carareto, 2004). If they are not, the M-cytotype will be present allowing for transposition to 

occur.  

 Hybrid dysgenesis in D. melanogaster can also be caused by non-LTR 

retrotransposons, which use an RNA intermediate and reverse transcription to insert copies of 

themselves into the genome. Similar to the P cytotype, retrotransposon activity depends on 

the Piwi family Argonaute protein, Aubergine, and the repressive signal from specific 

elements that are located in heterochromatin is passed from the maternal parent to the 

offspring (Slotkin & Martienssen, 2007). In this way, there are two different heterochromatic 

TEs that produce signals which are transmitted in the maternal cytoplasm to protect their 

offspring from the damaging effects of hybrid dysgenesis and transposition.  

 Another cellular defense mechanism used by various species against transposable 

elements involves the RNAi pathway acting at the transcriptional level to initiate the 

packaging and compartmentalization of transposon-rich regions into heterochromatin by 

promoting specific DNA or histone modifications (Verdel & Moazed, 2005, Levin and 

Moran, 2011, Slotkin and Martienssen, 2007). RNAi-mediated DNA and chromatin 
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modifications play significant roles in genome stability by inhibiting recombination and 

mobilization of unwanted repetitive DNA elements such as retrotransposons. RNAi-mediated 

heterochromatin formation is also required for proper chromosome segregation (Verdel & 

Moazed, 2005). These regions are characterized by specific modifications on histones, such 

as methylation of histone H3 lysine 9 (H3K9). Proteins such as heterochromatin protein 1 

(HP1), which promote transcriptional and transposon silencing, are then recruited through 

these modifications (Hurst and Werren, 2001, Halic and Moazed, 2011).  

 In many eukaryotes, components of the RNAi pathway and other RNA-independent 

pathways are required for chromatin modifications and the maintenance of transposable 

element silencing at the chromatin level (Slotkin & Martienssen, 2007). Studies in the fission 

yeast Schizosaccharomyces pombe have demonstrated that components of the RNAi pathway 

are also necessary for silencing transgenes that integrate into repeating centromeric regions 

(centromeric silencing), which occurs at the transcriptional level, as well as centromeric 

heterochromatin assembly (Verdel et al., 2004, Verdel & Moazed, 2005). The effector 

complex in fission yeast, known as RITS (RNA-induced Initiation of Transcriptional Gene 

Silencing), performs differently from the RISC complex in its use of siRNAs to target 

specific regions for inactivation within the chromosome. RITS utilizes siRNAs to recognize 

targets, as RISC does, along with chromodomain and Argonaute proteins. However, unlike 

RISC, the RITS complex initiates chromatin modifications from inside the nucleus (Verdel & 

Moazed, 2005) and uses histone methylation of heterochromatin to silence the target areas 

with the aid of RNA Polymerase II. Furthermore, the RNAi machinery in S. pombe works on 

emerging RNAs that are still bound to the chromosome and transcribe them into siRNAs 

simultaneously (Slotkin & Martienssen, 2007). RITS also regulates the synthesis of dsRNA 

and siRNA by recruiting an RNA-directed RNA polymerase complex (RDRC) to sites of 

heterochromatin assembly (Verdel et al., 2004, Verdel & Moazed, 2005).  
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 Overall, fungi utilize many mechanisms similar to those described above, such as 

histone modification and DNA methylation, but there are a few silencing mechanisms which 

are unique to them. Quelling resembles post-transcriptional gene silencing in plants. It 

involves the recognition of mRNA from repeated sequences and targets them for degradation 

during vegetative growth. This RNA silencing can occur due to pre-meiotically induced 

methylation (MIP), which is reversible, or through repeat-induced point mutations (RIP), 

which renders them irreversibly inactivated. Both of these mechanisms are homology 

dependent (Hurst and Werren, 2001).  Fungi also utilize antisense and non-coding RNA to 

affect transcription and post-transcriptionally inhibit transposition by preventing mature 

integrase and reverse transcriptase accumulation (Matsuda & Garfinkel, 2009).  

 In addition to RNAi, a range of chromatin modifications suppress the transcription of 

transposable elements, including modifications of histone tails, DNA methylation, and 

changes in the condensation and packaging of chromatin. For example, modifications of 

histone amino (N)-terminal tails, which function in the formation of higher-order chromatin 

and are essential for chromosome condensation (Park et al., 2011), alter protein factor 

binding and transmit information to transcription factors. Nucleosomes associated with 

transposable elements are enriched for methylation of histone H3 lysine 9 (H3K9), which is 

also required for proper chromatin condensation and acts as a signal for transcriptionally 

repressive and inactive chromatin (Slotkin & Martienssen, 2007). Methylated and silenced 

TEs are commonly excluded from gene-rich regions, suggesting a trade-off between gene 

expression and the silencing of transposable elements (Hollister & Gaut, 2009), and 

mutations in genes required for these repressive histone tail modifications often lead to the 

reactivation of these mobile elements.  

 Although it is not present in all eukaryotes, such as fission and budding yeast, DNA 

methylation on cytosine residues is another important signal that represses the transcription 
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of transposable elements. Methylation of the cytosine residues can occur in a symmetrical 

context (CpG) in order to stably silence genes. Upon DNA replication, this methylation is 

copied to the new DNA strand, which provides a mechanism for inheritance of TE silencing. 

Proteins that modify chromatin structure are also involved in TE silencing (Slotkin & 

Martienssen, 2007). During this modification, most genes are unaffected, however, 

transcripts from transposable elements are highly elevated, suggesting that the remodeling 

activity is specifically targeted to these elements (Hollister & Gaut, 2009). 

 

Materials & Methods 

Structure for Experimental Cycle 

To determine if cycles of exposure to highly active transposons would select for an 

ability of host genomes to repress transposon activity, 10 experimental populations were 

subject to rounds of mating and selection, with each cycle lasting approximately 15 days (see 

schematic, Fig. IV.1). These cycles (17 in total) forced strong selection on experimental 

populations to suppress transposition into their chromosomes by Hermes from plasmid 

pHermes2 (Figure II.1), whose high copy number (40-50 per cell) ensures high transposition 

rates.  

Cycles began with growth in YPD+Nat antibiotics to introduce the pHermes2 

plasmid, followed by selection for diploid cells using a triple antibiotic medium containing 

the antibiotics Hygromycin (Hygro), Nourseothricin (Nat), and Geneticin (G418) to ensure 

that no cell lineages were able to avoid plasmid infection by simply not mating. This was 

done using antibiotic resistance markers at the HO locus in which diploids were heterozygous 

for G418 and Hygro resistance. The HO locus encodes an endonuclease that cuts within the 

mating type (MAT) locus. When a cell buds off of a daughter cell, the endonuclease encoded 
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by HO cuts the allele present within the MAT locus. That cut is repaired using either the 

MATa or the MATα sequence from its silenced site at one end or the other of chromosome 3 

as a template. The MAT allele at the expression site is either replaced with another copy of 

itself, or it is replaced by the other MAT allele, causing that cell to switch mating type. Since 

haploid cells mate spontaneously on contact with compatible cells, this results in a high rate 

of parent-daughter cell mating, which produces mostly inbred diploid cells. To remedy this in 

our experiment, the HO locus was replaced with an antibiotic resistance marker (ho::G418, 

MATα, & ho::Hygro, MATa) which not only provided a marker, but also enabled selection 

for outcrossed diploids and prevented mating-type switching, allowing that cell lineage 

and/or culture to remain haploid.  

Once diploids were obtained, populations were grown in YPGal+Nat media to induce 

transposition, then in sporulation+Nat media to produce haploid cells while retaining the 

plasmid. After sporulation was complete, the population was divided and each half incubated 

on minimal media lacking either leucine or histidine to select for haploid cells, preventing 

cells from avoiding infection with Hermes by remaining diploid. This was done using the 

mating-type specific markers LEU2 and HIS3, which are alleles induced by transformation 

and regulated by mating-type specific promoters. Only MATa cells were able to grow on 

plates without histidine, and only MATα cells were able to grow on plates without leucine 

(McDonald, et al., 2016). 

In order to prevent evolution of the plasmid, each successive experimental cycle 

ended with the removal of the plasmid from experimental populations by incubation in 5-

FOA and the reintroduction of the original stock plasmid into experimental populations by 

mating with the founder strain, containing the plasmid. 5-FOA selects for plasmid loss by 

killing cells with the URA3 marker carried by the pHermes2 plasmid. Control populations (5) 

went through the same cycle but with a plasmid carrying a copy of Hermes that lacks the 
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transposase gene (pSG30; (Gangadharan et al. 2010)) making it impossible for transposition 

to occur.  

 

                      Population with Transposase                Control Population 

 

Days 1-2 

 

Days 2-4  

 

Days 4-7 

 

Days 7-11 

 

Days 11-13 

 

Days 13-15 

 

Figure IV.1. Schematic of Experiment 3 – Selection for repression of the transposon by the host 

genome. The cycle is identical for the control and transposase-expressed populations. 
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Testing for Host Repression of Hermes 

 To test for transposition repression of Hermes by the host genome, the Nat antibiotic 

resistance marker carried by pHermes2 was replaced with resistance to G418 in order to 

enable new insertions to be distinguished from those accumulated during the evolution 

experiments that were just completed. At the end of the final experimental cycle, each of the 

5 experimental and control haploid populations were subject to 48 hours of growth in 5-

FOA+Nat medium, forcing the loss of any pHermes2 plasmids still residing within the host 

genomes. Plasmid loss was confirmed using the URA3 marker associated with its presence. 

Populations that were now unable to make their own uracil (uracil auxotroph) were known to 

no longer house pHermes2.  

 Individuals within each population were then selected that lacked G418 resistance, 

meaning that these haploid cells instead held antibiotic resistance to Hygro at their H.O. 

locus. To determine this, 100ul of sample from each population was diluted into 10ml of de-

ionized water, and 100ul of the diluted sample was spread onto both YPD+G418 and 

YPD+Hygromycin plates. Colonies were chosen that were able to grow in the presence of 

Hygromycin but lacked the ability to grow in the presence of G418. However, due to 

difficulty in obtaining an appropriate number of the correct cell type, some of the populations 

had to be excluded.  Once pools for all populations were obtained, which consisted of 120-

150 colonies each, the G418-marked pHermes2 plasmid was introduced to the evolved 

populations using electroporation transformation.  

 Following transformation of evolved populations with this plasmid, successful 

transformants from each population were found by growing transformed cells on media 

lacking uracil and media containing G418 antibiotics. Using these markers, cells that were 

able to grow on each type of media were known to contain the new pHermes2 plasmid. 
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Transposition was induced for all transformants in YPGal to induce a new round of 

transposition. G418 resistance was then tested and compared to the same samples that had 

not been subject to YPGal. This was done by spreading 100ul of each sample from both YPG 

and YPD media (x10 replicates each) onto YPD+G418 plates and analyzing the number of 

colonies that were able to grow. Number of colonies with G418 resistance was used to 

estimate transposon frequency (new) just as Nat resistance was used in experiment 1.  

RT-PCR Analysis of Hermes Transposase Activity 

 RNA was extracted from each YPD and YPG tested sample and used in gene 

expression analysis in order to determine whether activity of the Hermes transposase was 

increased in populations with newly activated transposition. End-point RT-PCR was 

performed using One Taq One-Step RT-PCR kits (see: Figure III.4, Chp.3) to quantify the 

relative expression of each gene of interest using the housekeeping gene, Actin (ACT1) as a 

control. ACT1 is commonly used to normalize the expression intensity shown when 

analyzing results on an Agarose gel. Both cDNA synthesis and PCR amplification were 

performed within a single reaction using gene-specific primers, and, since the kit used is able 

to accommodate up to three primer pairs per reaction, three genes were amplified during the 

initial round of PCR. The PCR product obtained was subjected to a second round of PCR 

using each primer pair separately in order to amplify each gene individually. These products 

were then run through a 2% agarose gel and the expression of each sample was analyzed for 

each gene of interest in addition to the ancestor via Microsoft Excel and ImageJ software 

tools.  
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Results 

Comparison of Hermes repression rates of experimental populations grown in YPG 

versus YPD media 

 To investigate host repression capabilities in evolved experimental and control 

populations after initial long-term exposure to the Nat-marked Hermes transposon, a G418-

marked Hermes transposon was introduced to each population. This new version of the 

transposon served to distinguish new Hermes insertions from old insertions accumulated with 

the Nat-marked transposon and was used in the same way the Nat marker was previously in 

experiment 1 as a proxy for determining Hermes frequency. Following growth on 

YPD+G418 plates, the number of colonies that were able to grow for each sample was 

averaged for each population for both YPD and YPG. However, during sample collection for 

the next step in the experiment, several populations were found to have a disproportionate 

number of cells with G418 resistance at their HO locus. Due to difficulty in obtaining an 

appropriate number of the correct cell type without G418 resistance, some of the populations 

had to be excluded from further testing. Average numbers of resistant colonies from the 

evolved populations that were tested were not found to be significant between YPG and YPD 

treatments (Table IV.1; Figure IV.2) and there was no discernable difference between 

experimental and control populations (p > 0.05) (Table IV.1; Figure IV.2). Ancestor 

populations were used as a control for G418 resistance since they were not resistant to the 

antibiotic to make sure that there were no false positives. 
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Table IV.1. Statistical analysis of experimental (EXP) and control (CON – no transposase) 

populations grown in both YPD & YPG to determine differences in G418 resistance. G418 

marked Hermes transposon was transformed into evolved populations to investigate host 

repression capabilities for both Galactose-induced and un-induced conditions after initial long-

term Hermes exposure.     

 

EXP.1 

YPG 

EXP.1 

YPD 

EXP.2 

YPG 

EXP.2 

YPD 

EXP.5 

YPG 

EXP.5 

YPD 

CON.3 

YPG 

CON.3 

YPD 

CON.5 

YPG 

CON.5 

YPD 

MEAN 1062 1103.16 1247.16 1270.16 1216.5 1025.5 1086.83 1067.16 1150.66 1290.5 

VAR. 8042 1850.96 8804.56 4188.16 955.5 2304.7 1937.36 3014.16 909.066 820.3 

N = 10 10 10 10 10 10 10 10 10 10 

POOLED 

VAR. 

4946.4  6496.36  1630.1  2475.76  864.683  

DF 10  10  10  10  10  

T STAT -1.013  -0.4942  8.19382  0.68459  -8.2365  

P(T<=T) 

1-TAIL 

0.1672  0.31590  4.7E-06  0.25457  4.5E-06  

T- CRIT. 

1-TAIL 

1.8124  1.81246  1.81246  1.81246  1.81246  

P(T<=T) 

2-TAIL 

0.3345  0.63180  9.5E-06  0.50915  9.1E-06  

T- CRIT. 

2-TAIL 

2.2281  2.22813  2.22813  2.22813  2.22813  
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Figure IV.2. Number of G418 resistant colonies tested from strains transformed with the Hermes 

transposon containing a G418 resistance marker. Strains grown in both YPD (red) and YPG 

(blue) medium were each analyzed and compared to their ancestor strain, which had no G418 

resistance. 
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Comparison of the Transcription Rate of Hermes Transposase in Experimental and 

Control Populations  

  In this experiment, expression levels of the Hermes transposase were found via 

Splinkerette PCR using semi-quantitative One-Step RT-PCR methods in order to determine 

whether transcription rates were higher in experimental populations exposed to a new wave 

of transposition by Hermes after initial long-term exposure. Twelve samples were tested in 

total and analysis of expression was measured using gel electrophoresis band intensity and 

ImageJ software. Quantified expression levels for each were calibrated by comparing the 

band intensity of experimental populations to that of the population’s ancestor strain and 

normalized using the housekeeping gene, β-actin (ACT1). We measured gene expression 

patterns in the final evolved populations which showed no significant decrease in transposase 

expression levels in the YPG galactose-induced populations compared to the same 

populations that were instead exposed to YPD (no new transposition events). Of the 

populations that did show a decrease in transposase activity, one was a control population, 

and the other was from a sample that was grown in YPD (Figure IV.3). 
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Figure IV.3. Expression of Hermes transposase from 14 samples grown in either YPG (blue) or 

YPD (red). Semi-quantitative RT-PCR was performed for the indicated genes and compared to 

the expression of the ancestor population. Quantitative normalization for each gene was 

calculated by densitometry using β-actin (ACT1) gene expression (shown above). Expression 

levels below zero indicate decreased expression for rescued populations containing the Hermes 

transposon while those above zero indicate increased expression level.  
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Discussion 

 Transposable elements are genomic parasites that can decrease host fitness through 

their replication and result in genomic instability as the frequency of mutations increases. 

They are able to modify gene functions through insertional mutagenesis, influence gene 

transcriptional outputs by acting as promoters or enhancers, and induce chromosomal 

rearrangements through non-allelic recombination. These elements must replicate in order to 

propagate within a population (Haig, 2016). Therefore, their fitness is closely connected with 

the fitness of their host organisms. This dependency causes the transposon to target insertion 

sites with low host fitness costs and limits the ability of TEs to evolve broadly effective anti-

transposon silencing mechanisms such as blocking an entire silencing pathway (Hollister & 

Gaut, 2009). 

 This experiment sought to understand the response of host genomes to high rates of 

transposition events by determining whether it was possible for our S. cerevisiae host genome 

to evolve a novel mechanism for repressing the movement of the Hermes transposon after 

forced long term exposure. Previous studies observed that host genomes have evolved 

numerous mechanisms to keep transposable elements under control. For example, 

transcriptional activation by demethylation can trigger a feedback mechanism that restores 

methylation and re-silences transposons. Host genomes typically silence TEs by the 

accumulation of repressive epigenetic marks (Choi & Lee, 2020; Almeida et al, 2022). While 

this silencing reduces the selfish replication of TEs and should benefit hosts, emerging 

evidence shows that the epigenetic silencing of transposable elements inadvertently spreads 

repressive heterochromatin to otherwise expressed neighboring genes, usually leading to a 

deleterious fitness cost (Hollister & Gaut, 2009; Zeng et al, 2018).  
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Testing on invaded populations found that the Hermes repression rates between YPD 

and YPG treated populations showed no significant difference in their ability to suppress 

Hermes transposition (p > 0.05), which did not support our hypothesis. One reason for this 

may be due to S. cerevisiae’s lack of robust transposable element silencing pathways. It relies 

heavily on antisense RNA to limit retrotransposition by reducing the protein levels required 

for replication and integration (Matsuda & Garfinkel, 2009) and lacks components needed for 

pathways such as piRNA and RNAi. However, experiments have shown the ability to 

reconstitute the RNAi pathway in S. cerevisiae using only inserted Argonaute and Dicer 

proteins, suggesting that it may have been an active process within the yeast genome at one 

time and that it is capable of evolving such a pathway (Drinnenberg et al, 2009).  

S. cerevisiae also has no prior experience with DNA transposons whose mechanisms 

for proliferation differ quite a bit from their native retrotransposons (Feschotte & Pritham, 

2007). The transposable elements found within most organisms today have been evolving 

with their hosts for hundreds, thousands, even millions of years (Pace & Feschotte, 2007). 

This has given the host genomes time to develop silencing pathways specific to their native 

invaders leading to most of the transposable elements being rendered inactive and, in several 

cases, becoming part of essential genomic machinery via the repurposing of their coding 

and/or noncoding sequences (Almeida et al, 2022).    

Additionally, studies have shown that many elements have evolved mechanisms to 

target specific loci where their insertions are less detrimental to the host but favorable for 

their propagation (Sultana et al, 2017; Cosby et al, 2019). This backs findings from 

sequencing results in previous chapters that suggest Hermes insertions may have been able to 

avoid causing deleterious mutations to the host genome through insertion site targeting. It 

was found that they preferred intergenic and nucleosome free regions (Figure II.7, pg.46) and 

were predicted to cause mainly silent, non-deleterious mutations overall (Table II.3, pg.45). 
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Evolved populations with similarly high Hermes frequencies from Chapter II also showed no 

adverse changes in fitness compared to the ancestor strain (Figure II.6, pg.42) suggesting that 

the mutations present in this experiment are either not deleterious or may not have reached a 

high enough mutational load (Zhang et al, 2021). The relative locations of these Hermes 

insertions should be determined to get a better idea of how they are incorporating into and 

affecting the host genome. Another factor may be that there was insufficient time for the host 

genome to react and evolve a repression response in the time allowed by experimental 

constraints (Barrick & Lenski, 20013). Allowing the experiment to run for a longer period 

may have yielded different results.  

Further analysis was conducted to compare the expression levels of the Hermes 

transposase in twelve samples from YPG galactose-induced populations and the same 

populations that were instead exposed to YPD (no new transposition events). This was done 

to determine whether transcription rates had decreased in populations that had undergone 

new transposition events. Gene expression patterns showed no significant decrease in 

transposase expression levels in the YPG populations compared to YPD. Of the populations 

that did show a decrease in transposase activity, one was a control population, and the other 

was from a sample that was grown in YPD (Figure IV.3). This result fits with what was 

found previously and indicates that transcription rates likely did not change because the 

populations had no way to repress the Hermes transposon.   

In order to preserve genomic stability, organisms have evolved regulatory 

mechanisms to mitigate the deleterious activity of transposable elements. Therefore, it is 

crucial that we understand how these processes develop and work. Though this experiment 

did not yield results that supported our hypothesis, I believe it lays an important groundwork 

for future experiments on the evolution of transposition repression pathways and gives 
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insight into how S. cerevisiae genomes react to high levels of novel transposition under the 

given timeframe and conditions.    

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



135 

 

Literature Cited 

Almeida, M. et al. (2022). Taming transposable elements in vertebrates: from epigenetic 

silencing to domestication. Trends in Genetics 38, 529-553. 

Barrick, J. E. & Lenski, R. E. (2013). Genome dynamics during experimental evolution. 

Nature Reviews Genetics 14, 827-839. 

Brennecke, J., et al. (2007). Discrete small RNA-generating loci as master regulators of 

transposon activity in Drosophila. Cell 128, 1089–1103. 

Castro, J. & Carareto, C. (2004). Drosophila melanogaster P transposable elements: 

mechanisms of transposition and regulation. Genetica 121, 107–118. 

Choi, J. & Lee, Y. (2020). Double-edged sword: The evolutionary consequences of the 

epigenetic silencing of transposable elements. PLOS Genetics 1008872. 

Cosby, R. et al. (2019). Host–transposon interactions: conflict, cooperation, and cooption. 

Genes and Development 33, 1098-1116. 

Drinnenberg, I. A., et al. (2009). RNAi in budding yeast. Science 326, 544-550. 

Feschotte, C. & Pritham, E. J. (2007). DNA transposons and the evolution of eukaryotic 

genomes. National Institutes of Health 41, 331-368.   

Gaglione, M. et al. (2014). Synthesis and gene silencing properties of siRNAs containing 

terminal amide linkages. BioMed Research International 2014, 1-15.   

Gangadharan, S. et al. (2010). DNA transposon Hermes inserts into DNA in nucleosome-

free regions in vivo. Proceedings of the National Academy of Sciences of the United 

States of America 107, 21966-21972. 



136 

 

Halic, M. & Moazed, D. (2009). Transposon silencing by piRNAs. Cell 138, 1058–1060. 

Hock, J. & Meister, G. (2008). The Argonaute protein family. Genome Biology 9, 210.1-

210.8. 

Hollister, J. D. & Gaut, B. S. (2009). Epigenetic silencing of transposable elements: A 

trade-off between reduced transposition and deleterious effects on neighboring gene 

expression. Genome Research 19, 1419–1428. 

Hurst, G. D. & Werren, J. H. (2001). The role of selfish genetic elements in eukaryotic 

evolution. Nature Reviews: Genetics 2, 597-606. 

Jasmin, J. & Zeyl, C. (2014). Rapid evolution of cheating mitochondrial genomes in small 

yeast populations. Evolution 68-1, 269–275. 

Lee, Y. et al. (2002). MicroRNA maturation: stepwise processing and subcellular 

localization. The EMBO Journal 21, 4663-4670. 

Lee, & Karpen, (2017). Pervasive epigenetic effects of Drosophila euchromatic transposable 

elements impact their evolution. eLife 25762. 

Levin, H. L. & Moran, J. V. (2011). Dynamic interactions between transposable elements 

and their hosts. Nature Reviews: Genetics 12, 615-627. 

Malone, C. & Hannon, G. (2009). Small RNAs as guardians of the genome. Cell 136(4), 

656-668. 

Matsuda, E. & Garfinkel, D. J. (2009). Posttranslational interference of Ty1 

retrotransposition by antisense RNAs. PNAS 106, 15657–15662. 



137 

 

Maxwell, P. (2020). Diverse transposable element landscapes in pathogenic and 

nonpathogenic yeast models: the value of a comparative perspective. Mobile DNA 

11, 3-14. 

Obbard, D. J., et al. (2009). The evolution of RNAi as a defense against viruses and 

transposable elements. Philosophical Transactions of the Royal Society B 364, 99–

115. 

Pace, J. & Feschotte, C. (2007). The evolutionary history of human DNA transposons: 

Evidence for intense activity in the primate lineage. Genome Research 17, 422-432. 

Park, J. et al. (2011). Deacetylation and methylation at histone H3 lysine 9 (H3K9) 

coordinate chromosome condensation during cell cycle progression. Molecular Cells 

31, 343-349. 

Saito, K. (2013). The epigenetic regulation of transposable elements by PIWI-interacting 

RNAs in Drosophila. Genes & Genetic Systems 88, 9–17. 

Slotkin, R. K. & Martienssen, R. (2007). Transposable elements and the epigenetic 

regulation of the genome. Nature Reviews: Genetics 8, 272-286. 

Sultana, T. et al. (2017). Integration site selection by retroviruses and transposable elements 

in eukaryotes. Nature Reviews Genetics 8, 292-308. 

Tijsterman, M., Ketting, R. & Plasterk, R. (2002). The genetics of RNA silencing. Annual 

Review of Genetics 36, 489–519. 

Verdel, A. & Moazed, D. (2005). RNAi-directed assembly of heterochromatin in fission 

yeast. Federation of European Biochemical Societies 579, 5872–5878. 



138 

 

Verdel, A. et al. (2004). RNAi-mediated targeting of heterochromatin by the RITS complex. 

Science 303, 672–676. 

Zeng, L. et al. (2018). Transposable elements and gene expression during the evolution of 

amniotes. Mobile DNA 9, 1-12. 

Zhang, W. et al. (2021). The mutational load in natural populations is significantly affected 

by high primary rates of retroposition. PNAS 118, e2013043118. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
  



139 

 

SHULTZ, ASHLEY L.                             CURRICULUM VITAE  

  

 Research Experience 

August 2015 – July 2022. Graduate research work in evolutionary genetics conducted 

independently under Dr. Clifford Zeyl at Wake Forest University determining the role of 

transposable elements in genome evolution and in adaptation to novel selective pressures. 

Experiments involved inserting a plasmid (via transformation) carrying a novel DNA 

transposable element into an S. cerevisiae host genome, which naturally contains only 

retrotransposons. Observations were made on how transposon invasion affects overall 

fitness/evolvability of the host by monitoring growth rates under highly osmotic duress. Also 

determined the overall amount of variation in growth due to mutation as well as the rate of 

evolutionary rescue among populations, the effects of transposon insertions on the expression 

of stress-related genes, and whether it was possible for selection for transposon repression by 

the host genome was possible after prolonged exposure.   

January 2015 – May 2015. Undergraduate research work in the West Virginia University 

Psychology Laboratories. Worked with laboratory rats, created cumulative records, reported 

results, and assessed behavior using operant conditioning chambers and various reinforcement 

schedules. 

May 2014 – January 2015.  Undergraduate Research Assistant under Dr. Karen Anderson in 

the Behavioral Pharmacology Laboratory at West Virginia University. Studies conducted 

Evolutionary & Molecular Genetics                                                             1834 Wake Forest Road 

Department of Biology, Wake Forest University                           Winston-Salem, NC 27109-6000 

Cell: 304-290-0566, Work: 336-758-3157                                                     alshultz24@gmail.com 
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include drug discrimination testing of d-amphetamine and caffeine at various dosage levels to 

assess shared stimulus properties and self-control testing pertaining to acute and chronic drug 

effects on impulsive choice in Lewis and Fischer rats. Well versed in intraperitoneal syringe 

injection. 

 January 2014 – May 2014. Undergraduate research under Dr. Jennifer Hawkins on the 

anthropogenic effects of cigarette waste on aquatic microbial communities in the Monongahela 

River systems in Morgantown, WV. Examined various concentrations of cigarette waste in 

accordance to the abundance and diversity of microbial life via DNA isolation, PCR, and Gel 

Electrophoresis processes. 

 Education 

Ph.D., Biology, 2015-2022 

Department of Biological Sciences, Wake Forest University, Winston-Salem, NC  

Prospectus: “Evolutionary Effect of Genome Invasion of a Foreign Transposable Element on S. 

cerevisiae Host Populations”                                                                                                                             

Advisory Committee: Dr. Clifford Zeyl (mentor), Dr. Brian Tague, Dr. Ke Zhang-Reid,         

Dr. Jim Curran, & Dr. Helen Murphy 

B.S., Biology & Psychology, 2012-2015        

Department of Biological Sciences & Department of Psychology, West Virginia University, 

Morgantown, WV Mentors: Dr. Jennifer Hawkins, Dr. Karen Anderson                                                                                                             

Promise Scholarship awarded and maintained. Dean’s List. Member of the WVU Pre-Medical 

Club and the National Society of Leadership and Success.  
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 Graduate Coursework, Wake Forest University  

 

Advanced Topics in Bioinformatics. Department of Computer Science, Wake Forest 

University, Winston-Salem NC, Spring 2021.                                                                                                       

Virology. Department of Biology, Wake Forest University, Winston-Salem NC, Fall 2018.                                                                                                                             

Population Genomics. Department of Biology, Wake Forest University, Winston-Salem NC, 

Spring 2018.                                                                                                                                                

Population Genetics. Department of Biology, Wake Forest University, Winston-Salem NC, 

Spring 2016.                                                                                                                                                  

Gene Expression. Department of Biology, Wake Forest University, Winston-Salem NC, Spring 

2016.                                                                                                                            

Evolutionary Developmental Biology. Department of Biology, Wake Forest University, 

Winston-Salem NC, Fall 2015.                                                                                                         

Statistics Using R. Department of Biology, Wake Forest University, Winston-Salem NC, Fall 

2015. 

 Courses Taught 

BIO 370L: Biochemistry Laboratory. Department of Biology, Wake Forest University, 

Winston-Salem, NC, Fall 2017. 

BIO 213L: Genetics and Molecular Biology Laboratory. Department of Biology, Wake Forest 

University, Winston-Salem, NC, Fall 2016 – Spring 2017, Spring 2018, Fall 2019 – Spring 

2020.   
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BIO 114L: Comparative Physiology Laboratory. Department of Biology, Wake Forest 

University, Winston-Salem, NC, Fall 2015 – Spring 2016.  

 Mentored Undergraduate Students 

Aspen Cuff (2017-2019) Wake Forest University: A novel adaptive, epistatic, epigenetic trait in 

budding yeast. 

Ricky Barash and Sierra Papay (2016-2017) Wake Forest University: Effects of transposition on 

growth rates in host yeast populations.                                                                                                                                                              

 Appointments 

Graduate Research Assistant, Evolutionary and Population Genetics, Wake Forest University, 

2015–Present. 

Graduate Teaching Assistant, Comparative Physiology Lab (Bio 114), Genetics and Molecular 

Biology Lab (Bio 213), Biochemistry Lab (Bio 370), Wake Forest University, 2015–2021. 

Research Assistant, Behavioral Pharmacology Laboratory, West Virginia University, 2014–

2015. 

Research Assistant, Genetics Laboratory, West Virginia University, 2014 
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Conferences Attended 

Gordon Research Conference – Microbial Population Biology (2019) 

SEPEEG Conference: South-Eastern Population Ecology and Evolutionary Genetics (2018) 

EMBO Conference: Experimental Approaches to Evolution and Ecology Using Yeast (2017)  

Gordon Research Conference – Microbial Population Biology (2017) 

 Presentations and Publications 

Co-evolution of Parasitic Mobile DNA with their Yeast Host Genomes 

Evolutionary Effects of Invasion of S. cerevisiae Populations by a Foreign Transposable 

Element 

Experimental Genome Invasion of Yeast Host Populations by the Hermes DNA Transposon 

  

 


