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Abstract

Primary hyperoxaluria is characterized by elevated urinary oxalate output. The

calcium salt of oxalate precipitates through the renal system as kidney stones. Pri-

mary hyperoxaluria type 1 (PH1) is caused by a defect or functional absence of the

enzyme alanine:glyoxylate aminotransferase (AGT). Primary hyperoxaluria type 2

(PH2) is caused by mutations in the gene encoding glyoxylate reductase:hydroxy-

pyruvate reductase (GRHPR). The structural and biochemical links between PH1-

causing mutations in AGT and the disease phenotype have been well studied and char-

acterized. However, there are few data on the normal activity of wild-type GRHPR

or how the various PH2-causing mutations affect the enzyme. We have undertaken a

detailed kinetic analysis of both wild-type GRHPR and three PH2-causing missense

mutations under the hypothesis that this will lead to insight into abnormal glyoxylate

metabolism leading to oxalate production. The results show that the mutations each

affect different steps of the catalytic cycle. Additionally, we have solved the X-ray

crystal structure of GRHPR in complex with an unknown molecule using a crystal

contact mutation that leads to alternate packing within the crystal. Unlike previous

structures, the new structure was solved in-house and did not require the time or

expense required to utilize synchrotron radiation.

Human glycolate oxidase (GO) catalyzes the FMN-dependent oxidation of glyco-

late to glyoxylate and glyoxylate to oxalate, a key metabolite in kidney stone for-

mation. We report herein the structures of recombinant GO complexed with sulfate,

xiii
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glyoxylate, and an inhibitor, 4-carboxy-5-dodecylsulfanyl-1,2,3-triazole (CDST), de-

termined by X-ray crystallography. In contrast to most α-hydroxy acid oxidases, a

loop region, known as loop 4, is completely visible when the GO active site contains

a small ligand. The lack of electron density for this loop in the GO-CDST complex,

which mimics a large substrate, suggests that a disordered to ordered transition may

occur upon substrate binding. The conformational flexibility of Trp110 appears to be

responsible for enabling GO to react with α-hydroxy acids of various chain lengths.

Moreover, the movement of Trp110 disrupts a hydrogen bonding network between

Trp110, Leu191, Tyr134 and Tyr208. The loss of these interactions is the first indi-

cation that active site movements are directly linked to changes in the conformation

of loop 4. The kinetic parameters for the oxidation of glycolate, glyoxylate, and 2-

hydroxy octanoate indicate that the oxidation of glycolate to glyoxylate is the primary

reaction catalyzed by GO, while the oxidation of glyoxylate to oxalate is most likely

not relevant under normal conditions.

The data presented here support the hypothesis that the metabolic pathways of

glyoxylate formation are tightly regulated. The intersection points of these pathways

serve to control the flux of metabolites in healthy cells and are regulated by AGT,

GRHPR, and GO. Knowledge of the pathways of oxalate formation and the molecular

etiology of PH2 may lead to new methods of disease treatment for patients suffering

from kidney stone disorders.



Chapter 1: Introduction
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Primary hyperoxaluria (PH) is an umbrella term used to describe a family of

inherited metabolic diseases characterized by elevated urinary secretion of oxalate.

Of these diseases only two have been well described. Primary hyperoxaluria type 1

(PH1) is caused by a defect or functional absence of the enzyme alanine:glyoxylate

aminotransferase 1 (AGT) while primary hyperoxaluria type 2 (PH2) is caused by de-

fects in the gene encoding glyoxylate reductase/hydroxypyruvate reductase (GRHPR)

(1–3). Other causes of PH are less well characterized. These include cases that can-

not be attributed to defects in AGT or GRHPR and may involve primary enteric

hyperabsorption of oxalate or its metabolic precursors (4–6).

1.1 Characteristics of the Primary Hyperoxalurias

Although primary hyperoxaluria was first described in the medical literature in 1925,

it was not understood metabolically until 1957 (7). PH2 was first recognized as

a separate condition from PH1 in 1968 (8). Both diseases share a similar clinical

progression although PH1 is generally considered to have the more serious prognosis.

Clinically, the PHs are characterized by calcium oxalate urolithiasis (kidney stones),

nephrocalcinosis (calcification of the kidneys), and systemic oxalosis. The disease is

most often diagnosed in early childhood when kidney stones are observed (9).

As the diseases progress calcium oxalate crystals become deposited in the kidneys

and the renal tract. The damage further inhibits the ability to clear the systemic

oxalate load and serves to exasperate the condition. The progressive decline in the

glomerular filtration rate of oxalate combined with the increased metabolic oxalate

production from the disease leads to saturation of plasma oxalate (10). This results in
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buildup and deposition of calcium oxalate crystals in the bone marrow, myocardium,

and the peripheral vasculature of the skin (2). Eventually, the patient may reach

end-stage renal failure.

The symptoms of PH1 are distinct from PH2 in that they are considered more

severe and often appear at an earlier age. However, the assertion that PH2 is less

life-threatening is under contention (11). Half of PH1 patients reach end-stage renal

failure before the age of forty (12). Several cases have also been reported of patients

with PH2 reaching end-stage renal failure (13, 14). Additionally, PH2 is considerably

more rare than PH1 with fewer than 100 patients reported in the literature. There is

evidence, however, that some PH2 patients have been misdiagnosed as having PH1

(15). PH2 also presents with a larger range of phenotypes. Patients may present with

urolithiasis in infancy or it may never develop (16). In addition to hyperoxaluria, PH1

is also associated with hyperglycolic aciduria, i.e. high glycolate (17). This is not true

for PH2 in which hyperoxaluria is accompanied by hyper-l-glyceric aciduria (elevated

levels of l-glycerate) (8).

PH1 and PH2 are both autosomal recessive and are very rare diseases. Studies

have varied in the estimates of the diserase prevalence in the general population. One

report put the PH1 incidence rate in France at 1.05 cases per million in the population

(12). It is estimated that PH is the cause of between 1 and 3 percent of childhood

cases of end-stage renal disease (18, 19). Treatment strategies for PH1 may include

large doses of pyridoxine (vitamin B6), the cofactor for AGT. This is only effective in

a subset of patients. Other strategies include the administration of orthophosphate
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and citrate and other molecules, which increase urinary oxalate solubility or reduce

excretion (20, 21). Dialysis is not an effective method for treatment as it is not

able to keep pace with the excessive oxalate production (22). Dietary restrictions are

frequently prescribed. However, the contribution of dietary oxalate to urinary oxalate

output is difficult to assess (23). Finally, extracorporeal shock wave lithotripsy may

be used to break up kidney stones but may ultimately harm the kidneys in patients

with PH1 or nephrocalcinosis (24).

Patients reaching end stage renal failure may benefit from a combined kidney and

liver transplant. Removing only the diseased kidneys is not effective (25). Recurrence

of the symptoms of PH1 and PH2 is highly likely to occur as the actual metabolic

defect lies in the liver (discussed later) (26). Combined liver and kidney transplanta-

tion has had a greater than 80% success rate and patients often do not require further

treatment (27). Because of the risk inherent in organ transplant most patients do not

receive liver transplants until they reach terminal status. Despite this, kidney/liver

transplantation remains the only true long-term cure for the 70% of PH1 patients

who do not respond to pyroxidine therapy and for those with PH2.

Several therapies for PH1 and PH2 have been suggested or are in development.

Multiple characteristics of the PHs make the diseases ideal targets for gene therapy.

Both the primary hyperoxalurias are specific to the liver, which has been well studied

and is responsive in gene therapy experiments (28). Additional treatments under

consideration include administration of the oxalate-degrading bacteria Oxalobacter

formigenes (29). This obligate anaerobe colonizes the gut of 70–80% of the popula-
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tion and is able to degrade oxalate for use as a carbon source (29, 30). Finally, it has

been suggested that those PH mutations that result in improperly functioning or ab-

sent GRHPR and AGT can be counteracted through the use of chemical chaperones

(30, 31). However, much work is needed to understand the molecular etiology of the

mutations that cause the metabolic effect. Experiences with pyroxidine supplemen-

tation show that effective treatments in a particular cohort of patients may not be

beneficial for another.

1.2 Oxalate Metabolism

1.2.1 Oxalate

Oxalate is derived primarily from glyoxylate and glycolate, which serve as points of

intersection for several metabolic pathways (Figures 1.1 and 1.2) (32). Oxalate, a

metabolic end product with no known function, is excreted through the urinary tract

without alteration (33). The amount of excreted oxalate derived from the diet has

been difficult to measure. However, recent studies have indicated that dietary oxalate

may make a significant contribution to the total urinary oxalate load (34).

The calcium salt of oxalate is highly insoluble and readily precipitates from so-

lution as calcium oxalate crystals at physiological pH (35). For this reason, the

endogenous balance of calcium oxalate in urine must be carefully regulated to pre-

vent the development of kidney stones. Nearly all oxalate, whether from dietary or

endogenous sources, is eliminated through the renal system (36).
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1.2.2 Glyoxylate

Glyoxylate is formed predominantly from glycine, glycolate, and hydroxyproline me-

tabolism. The peroxisomal oxidation of glycolate to glyoxylate is catalyzed by glyco-

late oxidase (GO) using flavin mononucleotide (FMN) as a cofactor (37). The reaction

produces the toxic byproduct hydrogen peroxide, which is thought to be efficiently

removed by the peroxisomal enzyme catalase. This oxidation of glycolate is the pri-

mary reaction catalyzed by GO, whose KM for the substrate is near physiological

levels (38).

Another pathway for the formation of glyoxylate is the oxidative deamination

of glycine by d-amino acid oxidase (DAO) using flavin adenine dinucleotide (FAD).

Historically, it was uncertain whether the activity of DAO contributed a significant

amount of glyoxylate in the cell (39). However, analysis with isolated guinea pig

peroxisomes indicates that glycine is only a source of glyoxylate at unphysiologically

high concentrations (due to the high KM of DAO), alkaline pHs, and after extended

incubation times (39, 40).

Recently, it was shown that the breakdown of hydroxyproline in the mitochondria

may be a significant contributor to the cellular glyoxylate pool (41). Hydroxyproline

is found in high levels in collagen, which makes up 30% of animal protein (42). The

final step in the metabolic pathway is the conversion of 2-keto-4-OH-glutarate to

glyoxylate by 2-keto-4-OH-glutarate aldolase (KHGA). In rats, mitochondrial AGT

then converts most of the glyoxylate produced from hydroxyproline breakdown to

glycine (43). Evidence for a human mitochondrial form of AGT has recently been
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found. However, the amount of glyoxylate produced from hydroxyproline breakdown

and the contribution to oxalate metabolism remains to be elucidated (44).

Several enzymes are capable of further processing glyoxylate. As mentioned, the

peroxisomal enzyme GO can catalyze a second oxidation step using FMN to form

oxalate. However, this reaction is unfavorable compared to the primary reaction of

the enzyme and is inhibited by physiological levels of glycolate and lactate (38, 40).

l-lactate dehydrogenase (l-LDH) may also oxidize glyoxylate to oxalate using the co-

factor NAD+. l-LDH has similar KM values for glyoxylate and lactate. The efficiency

of the oxidation of glyoxylate to oxalate is determined by the availability of NAD+ rel-

ative to NADH (45). However, lactate is present at much higher concentrations than

glyoxylate in healthy cells (46). Because of this, the oxidation of glyoxylate to oxalate

is most likely only relevant in cases of elevated cellular glyoxylate concentration.

Glyoxylate can be reduced to glycolate in the cytosol by the glyoxylate reduc-

tase activity of GRHPR (47). GRHPR and l-LDH compete for glyoxylate and have

similar KM values for the substrate (45). The efficiency of the reduction reaction

versus the oxidation is pushed to favor GRHPR by the high availability of the co-

factor, NADPH. GRHPR also reduces hydroxypyruvate to d-glycerate, which is a

gluconeogenic precursor (48, 49).

Finally, glyoxylate can take part in two transamination reactions, which use pyri-

doxal phosphate as a cofactor. Located in the peroxisome, AGT catalyzes the transfer

of an amino group from alanine to glyoxylate to form glycine and pyruvate (50). The

low KM of AGT for glyoxylate and the high peroxisomal concentrations of alanine



10

indicate the transamination of glyoxylate by AGT is a more efficient reaction than

oxidation by GO to form oxalate (40). Additionally, the cytosolic enzyme gluta-

mate:glyoxylate aminotransferase (GGT) catalyzes the transfer of an amino group

from glutamate, forming 2-oxoglutarate and glycine. The activity level of AGT in

the liver is much higher than that of the cytosolic GGT (51). Therefore, the latter

reaction is most likely not physiologically relevant (52).

1.2.3 Glycolate

The total endogenous contribution of glycolate to oxalate production is thus far un-

clear. The primary path to the formation of glycolate in the cytosol is the reduction

of glyoxylate by GRHPR (45). Glycolate can also be formed from glycolaldehyde

through the activity of aldehyde dehydrogenase (32). There is evidence that sev-

eral side-reactions in the breakdown of aromatic amino acids may contribute small

amounts of glycolate to the cellular pool (53).

1.2.4 Hydroxypyruvate

The mechanisms of the metabolism of hydroxypyruvate in humans are still largely un-

known. An enzyme with hydroxypyruvate decarboxylase activity has been identified

in rat liver (54). The product of this reaction, glycolaldehyde, would then presumably

be converted to glycolate by aldehyde dehydrogenase. The amount of hydroxypyru-

vate that is converted to oxalate through this pathway is not known. Studies have

indicated that between 2.5–19% of available hydroxypyruvate may be converted to

oxalate (55).
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Hydroxypyruvate decarboxylase remains unstudied and unidentified in humans,

but would present an intermediate step in a pathway from hydroxypyruvate to glyco-

late and later oxalate. However, any glycolaldehyde produced would most likely be

converted to glycine though reactions with aldehyde decarboxylase, GO, and AGT.

Therefore, the high percentages seen in the above studies may be due to the ten-

dency of hydroxypyruvate to break down to oxalate nonenzymatically (56). Despite

this barrier, it has been shown that several carbohydrates and sugars, including glu-

cose, fructose, and xylitol contribute to endogenous formation of oxalate precursors

and that hydroxypyruvate and glycolaldehyde are intermediates (57, 58). AGT also

catalyzes a second reaction involving the transfer of an amino group from serine to

pyruvate. This forms alanine and hydroxypyruvate.

1.2.5 Oxalate Metabolism is Highly Tissue Specific

The importance of the liver in glyoxylate metabolism and oxalate synthesis is high-

lighted by the fact that several of the enzymes mentioned above are highly specific for

hepatic cells. AGT, GO, and GRHPR all exist predominantly or entirely in the liver

(37, 51, 59). l-LDH is found in other tissue besides the liver, but it contributes to

other metabolic processes. The contribution of l-LDH to the above pathways occurs

primarily in the event of aberrant oxalate metabolism (60).

It is not known to what extent other organs contribute to the endogenous pool of

oxalate. Significant amounts of GRHPR have been seen in the kidney and peripheral

blood, where it may play a role in the breakdown of serine, which contributes to

glucose synthesis (32, 49, 59, 61, 62). Additionally, homologues of key enzymes have
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been identified in humans that possess different tissue specificity. A homologue of

AGT, AGT2, is seen in the kidney of rats and mRNA has been found for the enzyme

in HepG2 cells (44, 63, 64). A homologue of GO, the product of the Haox2 gene,

is also found predominantly in the liver and kidney (37). Unlike GO, GO2 shows

preference for long-chain α-hydroxy acids and has not been shown to be active with

either glyoxylate or glycolate. It is not known what role other tissues or homologous

enzymes may play in endogenous oxalate metabolism. The contributions of these

alternative routes of glyoxylate metabolism still need to be evaluated both in the

case of normal metabolic flux and the event of aberrant glyoxylate metabolism due

to disruptions in the pathways outlined here.

1.3 Key Enzymes in Normal and Aberrant Oxalate Metabolism

1.3.1 AGT

AGT is encoded by the AGXT gene and catalyzes the transfer of an amino group from

alanine to glyoxylate to form pyruvate and glycine in the peroxisomes of hepatic cells.

It also possesses serine:pyruvate aminotransferase activity, forming hydroxypyruvate

and alanine. AGT plays crucial roles in serine breakdown and the detoxification

of glyoxylate. The enzyme forms an intimate homodimer and utilizes the cofactor

pyridoxal phosphate (PLP) in the reaction mechanism (Figure 1.3).

The importance of AGT is highlighted by the consequences of its absence. A de-

ficiency of AGT activity leads to buildup of glyoxylate in the peroxisomes. The per-

oxisomal membrane has been shown to be freely permeable to hydrophilic molecules

of similar molecular weight ranges (65, 66). Once cytosolic concentrations of glyoxy-
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Figure 1.3: Structure of the human AGT dimer. PLP cofactors are shown as spheres with
the following atom colors: carbon, yellow; oxygen, red; phosphate, orange; nitrogen, blue.
Sites of mutations are also shown as spheres with the same color scheme except carbons,
which are green.

late reach sufficient levels, it can be oxidized to oxalate by l-LDH. The glyoxylate

reductase activity of GRHPR is presumably overwhelmed by the increased levels of

the molecule. The activity of GO is of particular importance in this case as it is the

primary producer of glyoxylate in the peroxisome.

AGT has been well-characterized biochemically and structurally and serves as

an archetypical example of the ability to relate PH-causing mutations to the hy-

peroxaluria phenotype. Normal AGT is present in the human population as two

polymorphic variants. The so-called minor allele differs from the primary allele by

the presence of the P11L and I340M amino acid substitutions. This is seen in approx-

imately 20% of the healthy human population (67). The I340M mutation does not

have a significant effect on the enzyme activity. In contrast, the P11L substitution
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does alter the characteristics of AGT. The polymorphism reduces enzyme activity by

60%, reduces the rate of dimerization, and redirects approximately 5% of the protein

from the peroxisome to the mitochondria (67, 68). However, even with these changes

hyperoxaluria is not observed. Significantly, the minor allele greatly enhances the

susceptibly of AGT to the PH1-causing mutations, most of which have no phenotype

in the absence of the polymorphism (68). Pro11 lies near the N-terminus of each

subunit (Figure 1.3) that wraps around the other subunit and forms an extensive

dimer interface. Therefore, it is believed that the introduction of this variant lowers

the rate of dimerization by sterically hindering association of the N-terminus with the

other subunit of the dimer. The reduced rate of dimerization exposes portions of the

enzyme that are normally localized to the interior (69). The substitution also creates

a weak mitochondrial targeting sequence (MTS).

Of the known PH1 mutations the most unusual is an Arg substitution for Gly170.

The substitution enhances the strength of the MTS created by the P11L mutation

(67, 70). Although the Gly170 variant is catalytically active in vitro, it would not be

metabolically efficient in vivo. Normal AGT associates with PLP in the cytosol before

being imported into the peroxisome (71). However, the mitochondria can only import

partially folded or unfolded monomers, rendering the mitochondrially targeted AGT

without cofactor (72, 73). Patients with the P11L and G170R substitutions make up

the 30% of PH2 cases that respond to pyridoxine therapy, which is metabolized to

the PLP cofactor in the cell (74). The exact mechanism of the therapeutic response

is unknown. However, it has been hypothesized that increased levels of PLP may
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serve to stabilize partially-folded AGT and increase the efficiency of dimer formation

(30). Once dimerized, the mitochondrial machinery cannot import AGT. The enzyme

would then presumably be imported into the peroxisome.

Other mutations found in PH1 patients have been linked to altered AGT activity.

I244T is found in approximately 9% of PH1 patients and when combined with the

P11L polymorphism leads to cytosolic aggregation and subsequent degradation (75,

76). Patients with the G82E substitution have normal amounts of properly located

AGT but without catalytic activity (68). Structural analysis suggests that replacing

Gly82 with a glutamate blocks cofactor binding (69). A final example, S205P, most

likely causes disruption in the backbone within the core of the enzyme, destabilizing

AGT and leading to degradation (77, 78).

The synergism of molecular, biochemical, and structural analyses of the AGXT

gene and its product has led to a deeper understanding of the mechanism of PH1. This

has improved the efficacy of current treatments and resulted in several proposed new

treatments (31). New pharmacological approaches such as gene therapy and chemical

chaperone treatment are likely to be developed only with a basic understanding of

the molecular etiology of a disease. This represents a fundamental shift in therapies

for PH1 from treating the results of a particular genotype to treating the actual cause

itself. This approach may be highly relevant to treatment of PH2 and other diseases

of hyperoxaluria.
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1.3.2 GRHPR

The primary distinguishing characteristic for diagnosis PH2 is the presence of hyper-

l-glyceric aciduria in conjunction with hyperoxaluria (8). It was known that patients

with PH2 have a defect in the enzyme catalyzing d-glycerate dehydrogenase activity

(DGDH, hydroxypyruvate reductase activity) long before the actual enzyme was dis-

covered (79). The presence of high levels of the products of both hydroxypyruvate

reduction (l-glycerate) and glyoxylate reduction (glyoxylate) were linked to the same

enzyme, which would possess both activities (49, 80). The enzyme was identified as

GRHPR and the gene mapped to the pericentromeric region of chromosome 9. The

GRHPR gene contains nine exons and eight introns (1).

Historically, biochemical analysis of GRHPR from humans and other mammals

has been hampered by several factors. Most early work focused on the oxidation

of d-glycerate to hydroxypyruvate, which is not the preferred activity of the en-

zyme. Additionally, analyses with mammalian GRHPR had been performed with

NADH/NAD+ as cofactors before it was discovered that the enzyme has a higher

affinity for NADPH. However, a review of the work performed to date is helpful in

understanding the questions that still surround GRHPR and the role it plays in PH2.

Kinetic experiments have been performed with GRHPR extracted from bovine,

rat, and human livers (59, 81–85). Studies focusing on the oxidation of d-glycerate to

hydroxypyruvate required a high pH (pH ∼9). Using partially-purified GRHPR from

beef liver, Rosenblum et al. determined that the oxidation of d-glycerate proceeded

with a higher specific activity when NAD+ was the cofactor (82). NADP+ was also
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shown to inhibit the reaction at high concentrations. Additionally, the reduction

reaction progressed with a higher specific activity with NADH versus NADPH.

A more detailed kinetic examination of GRHPR from beef liver was undertaken

to re-examine cofactor preference and the role inorganic ions may play in activity

(84, 85). One important observation was that the relative rates of oxidation versus

reduction were highly dependent on the pH of the buffer solution. This may explain

why others reported a preference for the oxidation reaction at high pH. Hydroxy-

pyruvate showed substrate inhibition and a Kapp
M of 4 µM was determined at 100 µM

NADH. The study reported a Kapp
M of 18 µM for NADH at an unphysiologically high

concentration of hydroxypyruvate (5 mM).

Later studies with GRHPR from rat liver sought to elucidate the preference for

NAD(H) versus NADP(H) (83). It was shown that the reduction of hydroxypyru-

vate with NADPH proceeded 2–3 times faster at low substrate concentrations (< 50

µM). This observation is relevant because the physiological concentration of hydrox-

ypyruvate is approximately 5 µM in mammalian cells (86). The Kapp
M of NADPH at

low hydroxypyruvate concentrations was less than 1 µM while the Kapp
M for NADH

was 48–153 µM. Additionally, NADP+ inhibited the reduction of hydroxypyruvate at

concentrations over 1000 times less than NAD+.

NAD(H) and NADP(H) are present in healthy mammalian cells at approximately

equal concentrations (87). Therefore, the lower KM of GRHPR for NADPH leads to

the conclusion that the enzyme acts in vivo with NADP(H) as the preferred cofactor.

Additionally, the normal high NADPH:NADP+ ratio indicates that GRHPR uses
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NADPH for the reduction of hydroxypyruvate and glyoxylate. This is in contrast to

the NADH:NAD+ ratio, which is low. Supporting the conclusion that GRHPR utilizes

NADPH, it was observed that the addition of hydroxypyruvate or glyoxylate to rat

hepatocytes stimulated the pentose phosphate pathway, most likely by increasing

cellular levels of NADP+ (83).

Several studies have focused on human GRHPR, although none have provided a

definitive, full kinetic analysis of the enzyme. Initial work was hampered by apparent

substrate inhibition and high apparent KM values for those substrates studied (59).

These experiments were performed with crude cell extract and true KM values were

not determined. More recently, preliminary true kinetic parameters were reported

(45). This work confirmed the preference for NADPH over NADH (KM(NADPH) = 11

µM versus KM(NADH) = 2400 µM) and reported KM and catalytic specificity values

for glyoxylate similar to what has been reported for homologous enzymes. However,

determining the kinetic parameters for hydroxypyruvate was hampered by strong

substrate inhibition. Instead of characterizing the full Michaelis curve, Mduli et al.

were only able to determine rates at hydroxypyruvate concentrations in a very narrow

range between 40 and 60 µM. The reported kinetic parameters were extrapolated from

secondary plots.

The X-ray crystal structure of human GRHPR has recently been solved (88).

Theoretically, this would yield new information on the role of GRHPR in glyoxylate

metabolism. While the structure does allow for the visualization of the locations of

the mutations found in GRHPR patients, it suffers from several problems. First,
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crystals of wild-type GRHPR grow as thin plates that diffract poorly. The poor

diffraction necessitated synchrotron radiation to obtain data for structure solution,

a time consuming and expensive endeavor. Additionally, many crystals had to be

screened at the synchrotron before an adequate one was found. While the data were

sufficient to solve the structure to 2.45 Å resolution, the resulting model suffered from

poor quality as indicated by a high Rmerge value and was incomplete in all resolution

shells. The resulting structure showed the ternary complex of GRHPR bound to

NADPH and d-glycerate. The four active sites in the asymmetric unit (two dimers)

contained NADPH at varying, low occupancy. Only two active sites contained d-

glycerate, which was also at low occupancy.

Each GRHRPR monomer consists of two α/β/α domains (Figure 1.4). As ex-

pected, based on sequence homology, the enzyme shares the d-2-hydroxy-acid-dehy-

drogenase fold with d-glycerate dehydrogenase, d-lactate dehydrogenase, and phos-

phoglycerate dehydrogenase. The dimer-dimer interface is formed from the larger

cofactor-binding domain, which exhibits a canonical Rossmann fold. The substrate-

binding domain is smaller but shares significant internal structural homology to the

cofactor-binding domain. It is hypothesized that this may have arisen from an ances-

tral gene duplication (89). Together, the two domains together form the active-site

cleft. It is believed that cofactor binding is accompanied by bending at the hinge re-

gion between the two domains, which helps form the substrate binding site (90, 91).

Genetic analyses of PH2 patients have identified several mutations in the Grhpr

gene (1, 15, 61, 92). Most result in frameshift errors or premature stop codons and
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Figure 1.4: Structure of human GRHPR. NADPH cofactor is shown as spheres with the
following colors: carbon, yellow; oxygen, red; phosphate, orange; nitrogen, blue. D-glyc-
erate is shown as spheres with the same colors except for carbon, which is green. Sites of
PH2-causing missense mutations are shown as spheres with magenta carbons. The enzyme
is shown in two orientations rotated 90◦ relative to each other to give a clearer view of the
locations of the mutations.
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are thought to produce an inactive or rapidly degraded enzyme. However, several

missense mutations have been identified in PH2 patients that may not abolish activity.

Specifically, these are G165D, R302C, and M322R (61, 92).

Little work has been done to characterize the PH2 missense mutants. Crude cel-

lular extracts from COS cells transiently transfected with G165D and M322R showed

no enzyme activity above baseline (92). In a different study the G165D PH2 mutation

showed activity at 1.5% that of wild-type while R302C was 5.6% wild-type. These

mutant variants were expressed as N-terminal, His-tagged recombinant proteins and

analyzed after crude cell extract was passed over a nickel column.

The currently available structure of human GRHPR can be used to begin ratio-

nalizing the effects of the disease-causing mutations on enzyme activity (Figure 1.4).

Gly165 sits in the NADPH binding pocket and is the third glycine of the GXGXXG

fingerprint motif. Changing this residue to an Asp would most likely inhibit cofactor

and possibly substrate binding. Arg302 lies near the dimer-dimer interface and sub-

stitution by a Cys residue may interfere with the shape of the active site by interfering

with a number of hydrogen bonding interactions. Finally, Met322 lies within a C-

terminal β-strand in the substrate-binding domain. Changing this residue to Arg may

cause distortions in the protein backbone and thereby destabilize the enzyme. Further

structural and biochemical experimentations are necessary to definitively rationalize

the effects of the PH2 mutations on GRHPR activity.

To date, there has been no detailed kinetic analysis of the activities of the three

missense PH2 mutants. The crude extracts analyzed in previous experiments may
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contain contaminants that reduced enzyme activity. Additionally, the conditions

used in these analyses differ in buffer composition, pH, and salt content. Finally,

the analysis of the recombinant mutant proteins did not involve removal of the His-

tag from the constructs and did not evaluate whether the presence of the His-tag

could interfere with the GRHPR activity. It is possible that the PH2 mutant variants

possessed catalytically activity that was suppressed by the lack of purity and the

presence of the His-tag.

1.3.3 GO

Human glycolate oxidase catalyzes the oxidation of glycolate to glyoxylate using FMN

as a cofactor. It is also capable of further oxidizing glyoxylate to oxalate in a second

reaction (93). GO is a member of the well-characterized α-hydroxy acid oxidase family

that includes such members as spinach glycolate oxidase (GOX) and the flavin-binding

domain of flavocytochrome b2 (FCB2) (94, 95). Each family member exhibits the

canonical β8/α8 barrel fold and share several active site residues. Much biochemical

and structural work has been devoted to elucidating the roles of these residues in

catalysis.

The high degree of similarity between α-hydroxy oxidases suggests a common

mechanism for substrate binding and oxidation as well as flavin reduction. The second

half-reaction involves transfer of the electrons to either molecular oxygen, forming

hydrogen peroxide, as is the case for GO, or to other electron acceptors such as

cytochromes (96). Study of the human enzyme was limited to cellular extracts until

recently when the gene was cloned (37). GO is unique among homologous enzymes
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in that it is able to oxidize small molecules (e.g. glycolate and glyoxylate) as well as

long-chain acids, such as 2-OH octanoate (2-OH-8) and 2-OH palmitate (2-OH-16).

Previous work with GOX and homologous enzymes has helped explain the role of

various active site residues in activity and substrate specificity. In particular, the size

of the amino acid at position 110 in the human enzyme (human GO sequence) has

been hypothesized to determine the size of the substrate (97–101). This is seen for

GOX, which also has a Trp at position 110 and is not active toward larger substrates

(37). Enzymes such as mandelate dehydrogenase (MDH), which operate on large,

bulky substrates most often have small amino acids such as alanine in this position

(102). However, the large Trp side chain at this position in the human enzyme would

seem to exclude larger substrates and only allow small, two-carbon molecules, such

as glycolate and glyoxylate. Therefore the activity of GO shows that hypotheses

correlating the size of the residue at position 110 to the size of the substrate are not

sufficient to account for substrate specificity in the human enzyme.

Several crystal structures are available of α-hydroxy acid oxidases, including GOX

(57% identity) (94). However, there is no structure of GOX bound to either substrate

or product, and GOX does not exhibit the broad substrate specificity of GO. Struc-

tures of other homologous enzymes, such as FCB2 and MDH are useful for determining

the roles of active site residues and elucidating trends in substrate specificity. How-

ever, they do not provide information on unique substrate preferences of GO or help

elucidate the role it plays in oxalate production (96, 101).

Another poorly characterized area of low sequence identity among α-hydroxy acid
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oxidases lies within an insert between β-strand 4 and α-helix 4 in the β8/α8 barrel

motif, termed loop 4. The region is thought to play a variety of roles in homologous

enzymes. In MDH loop 4 forms the membrane-spanning domain and in FCB2 the

loop provides a subdomain interface (103, 104). The sequence of loop 4 in GO is

most similar to that of GOX and rat long chain hydroxy acid oxidase (LCHAO).

In LCHAO modification of loop 4 was shown to affect the catalytic efficiency of the

enzyme. Despite the apparent importance of the insert to catalysis, the variability

in the visibility of the loop in available crystal structures has made determining any

possible role in GO activity difficult. Any potential links between the substrate-

determining residue at position 110 and loop 4 are also unclear with present data.

The role of human GO in oxalate production remains largely unclear. In the

peroxisome, GO is believed to be the primary producer of glyoxylate, which feeds to

AGT for glycine production (40, 105). However, the contribution of GO to cellular

oxalate through the oxidation of glyoxylate has been controversial (2). In hepatic

cells, both GO and l-LDH are able to catalyze the oxidation of glyoxylate to oxalate.

Analysis of crude cell extract from rat livers seems to indicate that the oxidation of

glyoxylate by GO has unfavorable kinetic parameters when compared to l-LDH (106).

However, the cellular concentration of lactate is much greater than glyoxylate and may

saturate l-LDH, preventing it from oxidizing glyoxylate (106, 107). Additionally,

inhibitors of GO, such as phenyllactate and n-heptanoate, inhibit oxalate production

from glyoxylate in isolated rat livers (108). However, the fact that glyoxylate is a

much poorer substrate for GO than glycolate and that intercellular concentrations of
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Figure 1.5: Core enzymes responsible for glyoxylate metabolism and oxalate production.

glycolate are higher has led several to conclude that l-LDH is the primary enzyme

responsible for glyoxylate oxidation to oxalate (40, 109).

1.4 AGT, GO, and GRHPR Lie at the Intersection of the
Major Pathways of Glyoxylate Metabolism

Each of the three enzymes accepts substrates or generates products that play a role

in every major metabolic pathway for glyoxylate metabolism or oxalate production

(Figure 1.5). AGT catalyzes the transamination of glyoxylate that is produced by the

activity of GO, metabolism of hydroxypyruvate, and glycine breakdown through the

activity of DAO. AGT also produces hydroxypyruvate from serine, which may feed

into glycolate production (the major substrate for GO) or is itself a primary substrate

of GRHPR. In addition to reducing the hydroxypyruvate produced by AGT, GRHPR

is active on glyoxylate from the aforementioned pathways. The glycolate produced
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by GRHPR can then feed to GO to be converted back to glyoxylate and act as a

substrate for AGT. In the event of a defect or functional absence of either AGT or

GRHPR, l-LDH will act on their substrates when they reach sufficient levels.

The overall hypothesis of this work is that glyoxylate processing is accomplished

through a tightly regulated metabolic system and that GRHPR and GO play essen-

tial roles in glyoxylate detoxification and supressing oxalate production in healthy

cells. Additionally, studies of the effects of PH2 mutations on GRHPR activity will

lead to further insight into abnormal glyoxylate metabolism leading to oxalate pro-

duction. While most major pathways have been determined, the contributions of the

various sources to glyoxylate metabolism and oxalate production remain in question.

Additionally, the relative affinity of GRHPR and GO for their substrates is unknown.

This is crucial information for several reasons:

• GRHPR competes with l-LDH for glyoxylate. Knowledge of their affinities

for substrates and cofactors and the rates of these reactions is necessary to

understand this relationship in healthy cells and metabolically aberrant cases

such as those caused by PH2.

• The well-established structure-function relationships for wild-type AGT and

the identified PH1 mutants have led to a better fundamental understanding of

the various causes of PH1 and to new proposed treatments that may be more

effective for individuals. The applications of such lines of thinking to PH2 may

lead to new and more effective treatments as well as to a superior understanding

of the causes of the observed aberrant metabolism.
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• GO plays a role in the oxalate-producing pathways both by generating gly-

oxylate and possibly by producing oxalate directly. A defect in AGT causes

the glyoxylate from GO to be converted to oxalate by l-LDH. Additionally,

it is unknown whether GO contributes significant amounts of oxalate directly

and therefore exacerbates the problems evident in PH patients. These features

may make GO an ideal drug target in efforts to reduce glyoxylate and oxalate

synthesis for PH patients and those with idiopathic oxalate over-production.

This work seeks to address the above issues in the following ways:

• Determining the kinetic parameters for wild-type GRHPR will facilitate an im-

proved understanding of the fundamental role it plays in glyoxylate metabolism.

Specifically, knowledge of the affinity of the enzyme and catalytic efficiencies for

glyoxylate and hydroxypyruvate and the cofactor, NADPH, will help elucidate

the role the enzyme plays in regulating the flux of glyoxylate and hydroxypyru-

vate through the relevant metabolic pathways. Such information will also illus-

trate the cooperative and competitive interplay of the various enzymes involved

in glyoxylate metabolism. For instance, GRHPR produces glycolate, which is

the primary substrate for GO and the enzyme may also compete with l-LDH

for glyoxylate.

• The currently available structure of wild-type GRHPR was published while

methods of improving the quality of the crystals were still under development.

Incorporating these new techniques to improve the diffraction data will help ad-

dress the issues of data quality and cofactor and product occupancy and, there-
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fore, offer a higher quality model for future analysis. This may also provide the

opportunity to study the binding mode of other substrates and products. Sec-

ondly, developing a more robust method of obtaining diffraction-quality crystals

of GRHPR will not only improve model quality but increase the rate at which

these structures can be solved. This might be done more rapidly and without

requiring synchrotron radiation or extensive screening of multiple crystals. The

new techniques may even facilitate solving the crystal structures of GRHPR

with the PH2 mutations. Knowledge of the effects of those mutations on the

activity and structure of the enzyme would aid those efforts. Detailed kinetic

analyses of the PH2 mutants is the first step in such an analysis.

• Determining the kinetic parameters for the three missense PH2 mutations will

further the understanding of the causes of abberant glyoxylate metabolism in

PH2. Similar work with AGT has shown that this can lead to more effective

and personalized application of available treatments and can foster development

of new, more effective methods of disease management and possible cures.

• Ascertaining the kinetic parameters of GO will help elucidate the role it plays

both in normal cells where it produces glyoxylate, a primary substrate for AGT,

and in cases of aberrant metabolic function where it may be a direct producer

of oxalate.

• A combination of kinetic analyses and solving the X-ray crystal structure of

human GO will shed light onto the structural basis for the unique substrate

specificity of the enzyme. This will have an impact on the general study of
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α-hydroxy acid oxidases where current theories are not sufficient to describe

the activity of GO and on the study of glyoxylate metabolism, where GO plays

in important role. It may also help elucidate the role that GO plays in other

metabolic systems. Additionally, the structure may serve as the basis for efforts

to seek inhibitors of GO through rational drug design.
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Abstract

Glyoxylate reductase/hydroxypyruvate reductase (GRHPR) utilizes NADPH in the

reduction of glyoxylate to glycolate. It is also able to reduce hydroxypyruvate to

d-glycerate. A defect or functional absence of the enzyme leads to primary hyperox-

aluria type 2 (PH2), characterized by a buildup of glyoxylate, which is oxidized to

oxalate by l-lactate dehydrogenase (l-LDH). The calcium salt of oxalate is insoluble

and precipitates throughout the renal system as kidney stones. In an effort to pro-

mote a more fundamental understanding of the disease state caused by mutations in

the gene encoding GRHPR, we have undertaken a detailed kinetic analysis of both

the wild-type enzyme and three missense mutations identified in patients with PH2.

Comparison of the kinetic parameters of the mutant variants to wild-type GRHPR

shows that the mutations have varied effects on the catalytic activity of the enzyme.

Additionally, we have solved the X-ray crystal structure of GRHPR in complex with

an unknown molecule using a crystal contact mutation that leads to alternate packing

within the crystal. The structure was solved in-house and unlike previous structures

did not require synchrotron radiation. We believe that this will facilitate more rapid

structural analysis of wild-type and mutant enzymes and will lead to an improved

structural model for normal and aberrant enzyme activity.
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2.1 Introduction
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Figure 2.1: Reactions of GRHPR and l-LDH with
hydroxypyruvate and glyoxylate. Hydroxypyru-
vate can be reduced to d-glycerate by GRHPR
with NADPH or to l-glycerate by l-LDH and
NADH. Glyoxylate may be reduced to glycolate
by GRHPR with NADPH or oxidized to oxalate
by l-LDH utilizing NAD+.

The human liver enzyme glyoxy-

late reductase/hydroxypyuvate re-

ductase (GRHPR)1 catalyses the

NAD(P)H dependent reduction of

glyoxylate to form glycolate (Figure

2.1) (1). It is also able to reduce hy-

droxypyruvate to d-glycerate. Gly-

oxylate is a highly reactive two-

carbon anion produced primarily by

the metabolism of glycine and glyco-

late (37, 39, 110). Hydroxypyruvate

is produced in the peroxisome during

the breakdown of serine (111).

GRHPR and the peroxisomal

enzyme, alanine:glyoxylate amino-

transferase (AGT) play vital roles in the removal of glyoxylate from hepatic cells.

An inherited defect or a functional absence of either of these enzymes leads to a

buildup of cellular glyoxylate. At sufficient concentrations glyoxylate is oxidized to

1Abbreviations: AGT, alanine:glyoxylate aminotransferase; d-GDH, d-glycerate dehydrogenase;
d-LDH, d-lactate dehydrogenase; GRHPR, glyoxylate reductase/hydroxypyruvate reductase; l-
LDH, l-lactate dehydrogenase; NADH, nicotinamide adenine dinucleotide; NADPH, nicotinamide
adenine dinucleotide phosphate; PDH, phosphoglycerate dehydrogenase; PH1, primary hyperox-
aluria type 1; PH2, primary hyperoxaluria type 2
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oxalate by l-lactate dehydrogenase (l-LDH) using NAD+ (2, 60). The primary hy-

peroxalurias are characterized by a buildup of urinary oxalate levels. The calcium salt

of oxalate is highly insoluble and readily precipitates throughout the renal system as

kidney stones.

Primary hyperoxaluria type 1 (PH1) is caused by a deficiency or absence of AGT

while primary hyperoxaluria type 2 (PH2) is due to mutations in the gene encoding

GRHPR (1, 30). Under normal conditions the competition between GRHPR and l-

LDH for glyoxylate appears to be regulated by the cellular concentration of NADPH,

which is a cofactor for GRHPR but not for l-LDH (2, 45). In the case of PH2, the

buildup of glyoxylate caused by defects in the gene coding for GRHPR shifts the

equilibrium to favor the formation of oxalate by l-LDH.

AGT has been well studied and many PH1 mutations have been correlated with

their effects on enzyme structure and activity (67, 68, 70, 75, 112, 113). These

analyses have shown a surprising variety of effects on the enzyme. Changes have

been shown to cause accelerated degradation, alterd cofactor and substrate binding,

as well as a unique cellular mistargeting of the enzyme from the peroxisome to the

mitochondria (67, 69, 78, 114). This has fundamentally improved understanding of

the relationship between the mutations and the disease phenotype and led to several

proposed treatments (30, 31, 115). However, the links between mutations causing

PH2 and their effects on GRHPR structure and catalytic activity have not been

studied. Additionally, the limited data on the kinetic activity of wild-type GRHPR

has hampered understanding of the role it plays in glyoxylate metabolism.
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Several mutations have been identified in GRHPR that lead to PH2 (1, 15, 59,

61, 92, 116). Most are frameshift mutations that result in premature stop codons and

likely produce a rapidly degraded polypeptide. However, several missense mutations

have been identified in PH2 patients that may lead to catalytically active enzyme.

The mutations are spread throughout the sequence (Figure 2.2). There have been

preliminary efforts to biochemically characterize the wild-type human enzyme (45).

Additionally, activity assays with crude cell extracts of recombinant protein or trans-

fected COS cells have indicated that the missense mutations identified in PH2 patients

lead to GRHPR with very little to no activity (61, 117). To date, there has been no

detailed kinetic characterization of any of the PH2 mutants and no comparison of

their activity to the wild-type enzyme.

This analysis of the effects of PH2 mutations on the activity of GRHPR will lead

to greater insight into the consequences of altered GRHPR activity on glyoxylate

metabolism. It is crucial to understand the underlying molecular etiology of diseases

such as PH2 in order to develop treatments appropriate for the particular enzymatic

deficiency of the patient. Additionally, we have solved the X-ray crystal structure of

GRHPR in complex with an unknown molecule using a crystal contact mutation that

leads to alternate packing within the crystal. The structure was solved in-house and

unlike previous structures did not require synchrotron radiation. We believe that in

the future this will facilitate more rapid structural analysis of wild-type and mutant

enzymes and will lead to an improved structural model for normal and aberrant

enzyme activity.
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1                           10        20        30        40        50

GRHPR MRPVRL....................MKVFVTRRIPAEGRVALARAADCEVEQWDSDEPIPAKELERGVA
D-GDH K...KKILIT...........................................WPLPEAAMARARESYDV
D-LDH MTKIFAYAIREDEKPFLKEWEDAHKDVEVEYTDKLLTPETVALAKGADGVVVYQQL..............
PDH  MANLRKVLISDSLDPCCRKILQDGG.LQVVEKQNLSKEELIAELQDCEGLIVRSAT..............

                           60        70        80        90       100 

GRHPR                                                     G D          G                                                                        V GAHG...................LLCLLSDHVDKRILDAAGANLKVISTMSV I HLALDEIKKR IR G
D-GDH                                                     G D          G                                                                        V IAHGDDPKITIDEMIETAKSVDALLITLNEKCRKEVIDRIPENIKCISTYSI F HIDLDACKAR IK G
D-LDH                                                     G D          G                                                                        I .............................DYIAETLQALADNGITKMSLRNV V NIDMAKAKEL FQ T
PDH                                                      G D          G                                                                        V .............................KVTADVINAAE..KLQVVGRAGT V NVDLEAATRK IL M

      110       120       130       140       150       160       170 

GRHPR   P       AE                           W      G        G  G G IG                                                              I             YT DVLTDTT  LAVSLLLTTCRRLPEAIEEVKNGGWTS KPLWLC YGLTQSTV  I L R  QAIARR
D-GDH   P       AE                           W      G        G  G G IG                                                              I             NA HGVTVAT  IAMLLLLGSARRAGEGEKMIRTRSWPG EPLELV EKLDNKTL  Y F S  QALAKR
D-LDH   P       AE                           W      G        G  G G IG                                                              V             NV VYSPNAI  HAAIQAARIL.RQDKAMDEKVARHDLR APT..I REVRDQVV  V T H  QVFMQI
PDH    P       AE                           W      G        G  G G IG                                                              I             NT NGNSLSA  LTCGMIMCLARQIPQATASMKDGK... ERKKFM TELNGKTL  L L R  REVATR

      180        190       200       210       220       230       240

GRHPR    F                                             P      N             LKP GVQRFLYTGRQPRP.EEAAEFQAEFVSTPELAAQSDFIVVACSLT ATEGLC KDFFQKMKETAVF
D-GDH    F                                             P      N             AQG DMDIDYFDTHRASSSDEASYQATFHDSLDSLLSVSQFFSLNAPST ETRYFF KATIKSLPQGAIV
D-LDH    F                                             P      N             MEG GAKVITYDIFRN.P.ELEKKGYYV.DSLDDLYKQADVISLHVPDV ANVHMI DESIAKMKQDVVI
PDH     F                                             P      N             MQS GMKTIGYDPIIS.P.EVSASFGVQQLPLEEIWPLCDFITVHTPLL STTGLL DNTFAQCKKGVRV

       250       260       270       280                    290       

GRHPR  N  RG  V        L  G       DV   E                         N    P     I                                                                       IS  DV NQDDLYQA AS KIAAAGL  TSP PLPTNHP.............LLTLK CVIL HIGSA
D-GDH  N  RG  V        L  G       DV   E                         N    P     V                                                                       TA  DL DNELVVAA EA RLAYAGF  FAG P.NINEG.............YYDLP TFLF HIGSA
D-LDH  N  RG  V        L  G       DV   E                         N    P     V                                                                       VS  PL DTDAVIRG DS KIFGYAM  YEG VGIFNEDWEGKEFPDARLADLIARP VLVT KTAFY
PDH   N  RG  V        L  G       DV   E                         N    P     V                                                                       CA  GI DEGALLRA QS QCAGAAL  FTE P.PRDRA.............LVDHE VISC HLGAS

300       310       320                                               

GRHPR THRTRNTMSLLAANNLLAGLRGEPMPSELKL                                       
D-GDH ATQAREDMAHQANDLIDALFGGADMSYALA.                                       
D-LDH TTHAVRNMVVKAFDNNLEL............                                       
PDH  TKEAQSRCGEEIAVQFVDMVKGKSLTG....                                       

Figure 2.2: Sequence alignment of GRHPR and homologues enzymes. Human GRHPR
was aligned with d-glycerate dehydrogenase (d-GDH, 34% identity) (118, 119), d-lactate
dehydrogenase (d-LDH, 25% identity) (120), and phosphoglycerate dehydrogenase (PDH,
34% identity) (91, 121). Green stars indicate active-site residues while blue triangles de-
note locations missense mutations in the gene encoding GRHPR identified in PH2 patients
(Gly165, Arg302, and Met322).
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2.2 Experimental Procedures

2.2.1 Human GRHPR Purification

The full-length human GRHPR gene was subcloned into the pET28b vector (Novagen,

Madison, WI) (1). GRHPR (residues 1–323) was expressed in C41(DE3) Escherichia

coli with 0.1 mM IPTG induction overnight at 16 ◦C. The N-terminal, His-tagged

fusion protein was eluted from a NTA affinity column using a 5–250 mM imidazole

gradient (122). The fractions containing GRHPR were dialyzed against 20 mM TRIS

pH 7.5 at 4 ◦C overnight. GRHPR was then loaded onto a Q-Sepharose HP column

and eluted with a linear 0–500 mM NaCl gradient. The fractions were pooled and

biotinylated thrombin (Novagen) was added to the enzyme solution at 0.1 U mg−1 to

cleave the His-tag at 16 ◦C. Cleavage of the His-tag was verified by mass spectrometry.

The next day the protein was concentrated to ∼4 mL prior to loading on to a HiLoad

Superdex 200 gel filtration column (GE Healthcare Life Sciences, Piscataway, NJ).

The column was pre-equilibrated with a buffer solution composed of 20 mM TRIS,

100 mM NaCl, 5 mM DTT, and 5% glycerol. The fractions containing GRHPR were

pooled and concentrated to 20.1 mg mL−1, flash frozen with liquid nitrogen, and

stored at −80 ◦C. Protein concentrations were determined by the BCA assay (Pierce,

Rockford, IL).

The G165N, R302C, and M322R GRHPR PH2 mutant constructs were generated

using the QuikChange Site-directed Mutagenesis kit from Stratagene (La Jolla, CA).

Primers were ordered from Operon (Huntsville, Al). The primers used were: 5′-

GCT GGG GCG CAT AGA TCA GGC CAT TGC TCG-3′; and 5′-CGA GCA ATG
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GCC TGA TCT ATG CGC CCC AGC-3′ for G165N; 5′-CCA CCC ACA GAA CCT

GCA ACA CCA TGT C-3′; and 5′-GAC ATG GTG TTG CAG GTT CTG TGG

GTG G-3′ for R302C; and 5′-GAG AGG GAG CCG CGC CCT AGT GAA CTC-3′;

and 5′-GAG TTC ACT AGG GCG CGG CTC CCC TCT C-3′ for M322R. Each

GRHPR variant was purified in a similar manner as the wild-type protein. For these

constructs thrombin was added to the enzyme during the dialysis into TRIS 8.5 before

loading onto the Q-column. G165N was concentrated to 4.1 mg mL−1 and R302C

was concentrated to 5.5 mg mL−1 before being aliquoted, flash frozen and stored at

−80 ◦C. Expression of GRHPR M322R was very low compared to the other constructs

as described in the results.

The GRHPR S36R/E38R crystal contact mutant was generated by first altering

Ser36 to Arg using the primer sequence 5′-GTG GAG CAG TGG GAC CGT GAT

GAG CCC ATC CCT G-3′ and 5′CAG GGA TGG GCT CAT CAC GGT CCC ACT

GCT CCA C-3′. The E38R mutation was then introduced using 5′-GAG CAG TGG

GAC CGT GAT CGT CCC ATC CCT GCC AAG GAG C-3′ and 5′-CCT CCT TGG

CAG GGA TGG GAC GAT CAC GGT CCC ACT GCT C-3′. Purification was the

same as for wild-type GRHPR.

2.2.2 Enzyme Analyses

Enzyme activity was determined by monitoring the decrease in absorbance of NAD(P)H

at 340 nm in a Varian Cary50 spectrophotometer (Varian, Palo Alto, CA) thermally

regulated at 37 ◦C. Substrate and stock solutions were prepared fresh the same day

and kept on ice until needed. An extinction coefficient of 6220 M−1 cm−1 was used
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to calculate the rate of enzyme activity as µmoles of NADPH consumed per minute.

The reaction was started by adding 150 µL of the enzyme/NADPH solution to 60 µL

of the substrate mixture, bringing the contents to their final concentrations. Both

the substrate and enzyme/NADPH solutions were preincubated for five minutes at

37 ◦C before mixing.

Steady-state kinetic parameters for NADPH, glyoxylate, and hydroxypyruvate

were obtained for wild-type GRHPR. A two-substrate approach was used in which

both substrates were simultaneously varied. Kinetic parameters with 50–700 µM

glyoxylate were determined using 10–150 µM NADPH. The study of hydroxypyru-

vate used 15–100 µM NADPH and 2.5–80 µM hydroxypyruvate. All rates were

determined in triplicate by following the reaction for at least two minutes. Data

were analyzed using non-linear regression analysis with SigmaPlot version 9.1 curve-

fitting program (Systat, San Jose, CA). The results were fit using the equation

v = (Vmab)
(KiaKMB)+(KMBa)+(KMAb)+(ab)

(123), allowing the determination of the KM for

each substrate (KMA = KM(NADPH); KMB = KM(substrate); a = [NADPH], b = [sub-

strate]; KiA is the disassociation constant of the EA complex). The kcat value was

determined from Vm by dividing by the enzyme concentration (2.5 nM).

It was not possible to obtain the full kinetic parameters for the G165N mutant

because NADPH was not saturable within the linear range of either the spectropho-

tometer or a Cary Eclipse fluorimeter (Varian, Palo Alto, CA). The assay was also not

possible with a 0.2 cm pathlength cuvette. Instead, a range of glyoxylate concentra-

tions of 100–4000 µM was analyzed at 100 µM NADPH and 2.5 nM GRHPR G165N.
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This allowed us to determine the apparent kinetic parameters for glyoxylate using

non-linear regression as implemented in the enzyme kinetics module of SigmaPlot or

by secondary plot analysis. The apparent kinetic parameters were also determined at

a single concentration of NADPH (100 µM) using 5–160 µM hydroxypyruvate and 20

nM enzyme.

Full kinetic parameters were obtained for the R302C PH2 mutant using 20 nM

enzyme. For these studies, 5–600 µM NADPH was analyzed with 250–2000 µM

glyoxylate. The kinetic parameters were obtained as for wild-type GRHPR. Apparent

kinetic parameters for glyoxylate and hydroxypyruvate were determined for wild-type

and M322R GRHPR at 100 µM NADPH to facilitate comparison with the G165N

mutant.

The specific activity of each GRHPR construct with glyoxylate and NADH or

NADPH was determined to see how the PH2 mutants affect the enzyme activity with

respect to the two possible cofactors. Each analysis used 3 mM glyoxylate and 200

µM NADPH or NADH. NADPH and NADH were analyzed with 3 and 30 nM wild-

type GRHPR, respectively. G165N was analyzed with 7 and 30 nM enzyme, while

R302C was studied with 7 nM for both cofactors.

2.2.3 Human GRHPR Crystallization

Crystals of the S36R/E38R crystal contact mutant were grown by first incubating the

protein with 2.4 mM NADPH and 1.2 mM glycolate (10-fold and 5-fold over protein

concentration, respectively) for 30 minutes. Crystals were obtained by the vapor

diffusion method by mixing an equal volume of protein (8.5 mg mL−1 in storage
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buffer) and well solutions containing 100 mM sodium citrate pH 5.0 and 12–20%

PEG 8000. These crystals grew overnight but formed very thin plates that diffracted

poorly.

The crystals formed above were used as the seed stock for microseeding (124).

Seeds were transferred to sitting drops created by mixing equal volume of protein at

8.0 mg mL−1 and well solution containing 100 mM sodium citrate, 2.4 mM NADPH

and glycolate, and 12 or 14% PEG 8000. Seed transfer was accomplished by touching

a hair from a horse tail to the crystal and moving it through successive protein drops

to distribute seeds. Crystals appeared overnight as rods and reached full size after

4–5 days. The crystal was then soaked for approximately one hour in a mother liquor

solution containing 100 mM sodium citrate pH 5.0, 17% PEG 8000, 2.4 mM glycolate

and NADPH, and 15% glycerol.

2.2.4 Data Collection and Structure Determination

X-ray diffraction data were collected on an in-house Rigaku/MSC RUH-32 gen-

erator with and R-Axis IV image plate detector. Data sets were processed with

d*Trek (Rigaku/MSC, The Woodlands, TX) (125) or HKL2000 (HKL Research,

Charlottesville, VA) (126). The crystals exhibited P21 symmetry (a = 60.8, b = 121,

c = 107.7 Å, β = 104.3 ◦) (Table 2.1) with two dimers in the asymmetric unit. Initial

phases were obtained by molecular replacement using PHASER (version 1.3.2) and the

wild-type GRHPR structure (PDB code 1GCG) as the search model (88, 127–129).

Using an entire dimer or a single subunit failed to produce a molecular replacement

solution. Instead a dimer consisting of just the cofactor domains of each subunit was
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Table 2.1: Crystallographic Data Collection and Refinement
Collection and Processing Statistics

Spacegroup P21

Unit Cell (Å) a=60.8, b=121.0, c= 107.7, β=104.3
Resolution Range (Å)a 52.95–2.55 (2.64–2.55)
Number of unique reflections 49,228
I/σa 9.6 (2.9)
Rmerge

a (%) 7.9 (31.1)
Completnessa (%) 100 (100)

Refinement Statistics
Rcryst 22.8
Rfree

b 29.0
rmsd bond length (Å) 0.014
rmsd bond angle (deg) 1.59
average B-factor (Å2)

protein 30.6
solvent 44.1
NADPH 51.7

Ramachandran Analysis (Å2)
most favored regions (%) 96.4
additional allowed regions (%) 3.2
disallowed regions (%) 0.4

aHighest shell in parentheses. b Rfree calculated using a 5% test set of reflections.

used. This allowed the rest of the protein to be unambiguously built. The molecular

replacement solution was subjected to rigid-body refinement, simulated annealing,

B -value, and positional refinement using CNS (130). The modification and extension

of the model were performed with COOT (131). The final cycles of refinement were

performed with REFMAC5 and 16 TLS groups (4 per chain) (132, 133). The result-

ing model contained residues 6–327 for chain A, 7–326 for chain B, 6–328 for chain

C, and 6–326 for chain D.

2.3 Results

2.3.1 Kinetic Analysis of Wild-Type GRHPR and PH2 Mu-
tants

Wild-type human GRHPR and PH2 variants were expressed as recombinant proteins

in E. coli and the His-tag was removed from the dimeric protein by thrombin cleavage



42

A B

Figure 2.3: Determination of the kinetic parameters for NADPH, glyoxylate, and hydrox-
ypyruvate with wild-type GRHPR. (A) Glyoxylate and NADPH, concentrations of gly-
oxylate used were 50, 100, 200, 400, and 700 µM (in order of increasing activities). (B)
Hydroxypyruvate and NADPH, concentrations of NADPH used were 15, 20, 50, 75, and
100 µM. The kinetic parameters were determined through non-linear regression. Figures
of both plots were generated with SigmaPlot using the appropriate non-linear regression
model.

(data not shown). This is in contrast to previous studies by others that did not

remove the tag. The buffer conditions used were 100 mM sodium phosphate pH 7.5

at 37 ◦C. This buffer condition was chosen to facilitate comparison to previous work

with GHRPR and other enzymes involved in glyoxylate metabolism (38, 45, 68). The

reduction of glyoxylate and hydroxypyruvate obeyed Michaelis-Menten kinetics for the

substrate concentrations tested, although hydroxypyruvate showed strong substrate

inhibition at concentrations greater than 100 µM (data not shown). This has been

seen for wild-type GRHPR and other homologous enzymes (45, 81, 84).

The reduction of glyoxylate and hydroxypyruvate by wild-type GRHPR were ana-

lyzed by simultaneously varying both the substrate and the cofactor (Figure 2.3A and
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Table 2.2: Kinetic Parameters for Wild-Type GRHPR and PH2 Mutations

true kinetic paramaters

enzyme substrate KM(NADPH) (µM) KM(substrate) (µM) kcat (sec−1) kcat
KM(substrate)

(mM−1 sec−1)

WT glyoxylate 28 ± 7 220 ± 44 40 ± 3 180 ± 36
hydroxypyruvate 24 ± 5 8 ± 2 28 ± 2 3597 ± 900

R302C glyoxylate 86 ± 14 3600 ± 500 13.7 ± 0.7 4.0 ± 0.5
apparent kinetic paramaters with 100 µM NADPH

WT glyoxylate 284 ± 26 33 ± 1 117 ± 11
hydroxypyruvate 8 ± 2 24 ± 1 3117 ± 780

G165N glyoxylate 361 ± 115 8.8 ± 0.5 14 ± 4
hydroxypyruvate 75 ± 12 48 ± 3 633 ± 101

R302C glyoxylate 1100 ± 100 7.1 ± 0.4 6.7 ± 0.6
hydroxypyruvate 201 ± 37 4.6 ± 0.4 28 ± 4

B). The kcat, KM(NADPH), KM(glyoxylate) and kcat/KM values determined for glyoxylate

were 40 ± 3 sec−1, 28 ± 7 µM, 220 ± 44 µM, and 180 ± 36 mM−1 sec−1 (data sum-

marized in Table 2.2). The kcat, KM(NADPH), KM(hydroxypyruvate) and kcat/KM values

determined for hydroxypyruvate were 28 ± 2 sec−1, 24 ± 5 µM, 8 ± 2 µM, and 3597

± 900 mM−1 sec−1, respectively. The apparent kinetic parameters were also deter-

mined for glyoxylate and hydroxypyruvate using the 100 µM NADPH curve from the

above experiments. This was to facilitate comparison with the G165N PH2 mutant.

The kappcat , Kapp
M(substrate) and kappcat /Kapp

M were 33 ± 1 sec−1, 284 ± 26 µM, and 117 ± 11

mM−1 sec−1 for glyoxylate and 24 ± 1 sec−1, 8 ± 2 µM, and 3117 ± 780 mM−1 sec−1

for hydroxypyruvate.

It was not possible to analyze the activity of GRHPR G165N using full two-

substrate kinetics. Utilizing a 1 cm cuvette we could only study up to 200 µM

NADPH, which is below the KM(NADPH) (Figure 2.4A). A 0.2 cm cuvette allowed

for NADPH concentrations up to 2 mM, which was sufficient to characterize the

full Michaelis-Menten curve for NADPH at saturating glyoxylate concentrations of 3

mM (Kapp
M approximately 1 mM) (Figure 2.4B). However, we could not characterize
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A B

C D

1 cm pathlength cuvette 0.2 cm pathlength cuvette

Figure 2.4: Determination of the apparent kinetic parameters for glyoxylate and hydrox-
ypyruvate at 100 µM NADPH with the GRHPR G165N PH2 mutant. (A) Rates with
various concentrations NADPH (20–200 µM) with 3 mM glyoxylate in a 1 cm cuvette. (B)
Rates with various concentrations NADPH (0.06–2.0 mM) with 3 mM glyoxylate in a 0.2
cm cuvette. (C) Determination of apparent kinetic parameters for glyoxylate with 100 µM
NADPH. (D) Determination of apparent kinetic parameters for hydroxypyruvate with 100
µM NADPH.
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lower substrate concentrations because the rates became too low to measure accu-

rately. We therefore determined the apparent kinetic parameters for glyoxylate and

hydroxy-pyruvate at 100 µM NADPH (Figure 2.4C and D). This provides a basis

of comparison between the wild-type and mutant enzymes. Kapp
M(glyoxylate) was 361 ±

115 µM with a kappcat of 8.8 ± 0.5 sec−1 and a kappcat /Kapp
M of 14 ± 4 mM−1 sec−1. The

kappcat , Kapp
M(hydroxypyruvate) and kappcat /Kapp

M were 48 ± 3 sec−1, 75 ± 12 µM, and 633 ± 101

mM−1 sec−1.

True kinetic parameters were obtained for GRHPR R302C with glyoxylate. The

kcat, KM(NADPH), KM(glyoxylate) and kcat/KM values determined were 13.6 ± 0.7 sec−1,

86 ± 14 µM, 3600 ± 500 µM, and 4.0 ± 0.5 mM−1 sec−1 (Figure 2.5A). Again, appar-

ent kinetic parameters were also determined for glyoxylate and hydroxypyruvate at

100 µM NADPH (Figure 2.5B and C). Kapp
M(glyoxylate) was 1100 ± 100 µM with a kcat of

7.1 ± 0.4 sec−1 and a kappcat /Kapp
M of 6.7 ± 0.6 mM−1 sec−1. The kappcat , Kapp

M(hydroxypyruvate)

and kappcat /Kapp
M were 4.6 ± 0.4 sec−1, 201 ± 37 µM, and 28 ± 4 mM−1 sec−1.

Repeated attempts to express the GRHPR M322R mutant were unsuccessful.

Expression trials included several different cell lines and multiple expression temper-

atures. In one case, enough protein was expressed to determine that it was rapidly

degraded during expression and purification. The identity of the major cleavage site

was Arg191, which is 131 residues upstream of the site of the mutation.

We measured the specific activity of wild-type GRHPR and the two isolatable PH2

mutants to confirm the previously reported ability of GRHPR to utilize NADH as a co-

factor and determine how the PH2 mutants affect the relative activity with one cofac-
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A B

C

Figure 2.5: Determination of the true and apparent kinetic parameters of the GRHPR
R302C PH2 mutant. (A) Glyoxylate and NADPH, concentrations of NADPH used were
5, 10, 20, 150, and 300 µM (in order of increasing activity). (B) Glyoxylate with 100 µM
NADPH. (C) Hydroxypyruvate with 100 µM NADPH.
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tor versus the other (Table 2.3 and Figure 2.6). The specific activity of wild-type with

NADPH was 66 ± 4 µmoles min−1 mg−1 compared to 9.5 ± 0.5 µmoles min−1 mg−1

Figure 2.6: Comparison of the specific activities
of wild-type, G165N, and R302C GRHPR with
NADPH and NADH.

with NADH. The G165N mutant

had a specific activity of 40 ± 2

µmoles min−1 mg−1 with NADPH

and 0.20 ± 0.02 ± µmoles min−1

mg−1 with NADH. Finally, the

R302C variant construct had an

activity of 11 ± 1 µmoles min−1

mg−1 with NADPH and 0.40 ± 0.03

µmoles min−1 mg−1 with NADH.

The effects of the mutations on the

activity of GRHPR appear to differ

depending on the cofactor present. For example, G165N operated with a specific

activity that was 60% that of wild-type when both were examined with NADPH.

However, with NADH, G165N was only 2.4% as active. The trend holds for the

R302C variant although the effects are less pronounced.

2.3.2 Crystal Structure of the S36R/E38R Crystal Contact
Mutant

Attempts to crystallize wild-type GRHPR led to thin, plate-like crystals, which

diffracted poorly in-house (Figure 2.7A). Using a synchrotron beamline others have

been able to use these crystals to solve the structure of the enzyme (88). However,
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Table 2.3: Summary of the Specific Activities of Wild-Type, G165N, and R302C GRHPR
with NADPH and NADH.

specific activity (µM min−1 mg−1) % wild-type activity
WTa

NADPH 66 ± 4 100
NADH 9.5 ± 0.5 100

G165N b

NADPH 40 ± 2 60
NADH 0.20 ± 0.02 2.4

R302Cc

NADPH 11 ± 1 17
NADH 0.4 ± 0.03 4

a3nM enzyme used, b30 nM enzyme used, c7 nM enzyme used, all analyses were performed with 3 mM glyoxylate

the data set was of lower quality resulting in a relatively high Rmerge, limited com-

pleteness, and low occupancy of the bound cofactor and product. Examining the

resulting structure showed that there were extensive crystal contacts between adja-

cent asymmetric units of the unit cell including the area of Ser36 and Glu38 on the

substrate-binding domain. Both these residues were mutated to Arg in an attempt to

disrupt the crystal packing and force the enzyme to pack in a new lattice arrangement.

A B

Figure 2.7: Comparison of crystal morphology of wild-type GRHPR and the S36R/E38R
crystal contact mutation after microseeding. (A) Wild-type GRHPR crystals grew as thin
plates with unit cell dimensions a = 76.6, b = 66.9, c = 149.8 Å, β = 98.22 ◦. (B) Crystals of
S36R/E38R crystal contact mutant after microseeding grew as rods with unit cell dimensions
a = 60.8, b = 120.9, c = 107.7 Å, β = 104.3 ◦.
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The S36R/E38R mutant exhibited activity equivalent to the wild-type enzyme (data

not shown). Crystals obtained from this variant after microseeding indeed showed

different morphology and cell parameters from those of the wild type (Figure 2.7B).

This new construct diffracted with sufficient quality to allow us to solve the structure

of GRHPR S36R/E38R in-house.

GRHPR S36R/E38R is a homodimer in solution (as determined by size exclusion

chromatography). The asymmetric unit contains two dimers of GRHPR. Each subunit

of the dimer binds a molecule of NADPH (Figure 2.8A). The overall fold of the

crystal contact mutant is identical to the previously reported wild-type structure.

Each monomer is composed of two α/β/α domains conforming to the d-2-hydroxy-

acid dehydrogenase family. The smaller of the domains, residues 1–106 and 299–

328, is formed from a five-stranded central β-sheet flanked by five α-helices. The

larger, cofactor-binding domain, is made of residues 107–298 and exhibits a canonical

Rossmann fold common in NAD(P) binding enzymes. There is an insertion to the

Rossmann fold motif consisting of residues 123–149 that makes an extended loop

that reaches across the dimer interface into the active site of the adjacent subunit.

This loop contributes active site residue Trp141′ . The dimerization interface is also

stabilized by the insertion. There is additionally a long α-helix composed of residues

123–136 that further extends the dimer-dimer interface.

As expected, the coenzyme-binding site is located at the interface between the

substrate and cofactor binding domains. NADPH is present to approximately the

same occupancy in all four binding sites in the asymmetric unit, as judged by the
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NADPH

S82

V83 S296

W141’

E274

H293

R245

S82

V83

NADPH

R245
E274

H293

W141’

M322
G165

R302

Figure 2.8: Overall fold and active site structure of human GRHPR S36R/E38R crystal
contact mutant to 2.4 Åresolution. (A) Dimer of GRHPR. Subunit A is colored blue and
subunit B is green. The NADPH cofactor for each subunit is shown as sticks. Atom colors
are as follows: blue, nitrogen; yellow, carbon; red, oxygen. The locations of the three PH2
mutation sites are highlighted. (B) Comparison of the active sites of GRHPR S36R/E38R
with wild-type GRHPR (d-glycerate not shown for clarity). Atom colors are as follow for
S36R/E38R: blue, nitrogen; red, oxygen; carbon, cyan. The NADPH is colored with yellow
carbon atoms. Atom colors for wild-type are the same except carbons are colored magenta.
The NADPH is colored with green carbon atoms. (C) Active site of GRHPR S36R/E38R
displaying electron density for the unknown molecule. Backbone atoms for W141′, R245,
E274, and H293 have been omitted for clarity. The simulated-annealing, Fo −Fc omit map
contoured at 3σ is shown. The map is colored grey for the active site residues and green
for the unknown molecule.
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B -values which are consistent for the four NADPH molecules in the model. This may

explain why there is less variation in subunit arrangement within this structure than

in the structure of GRHPR in complex with NADPH and d-glycerate (see Discussion).

The arrangement of the active site residues of the S36R/E38R crystal contact

mutant is similar to the previously reported complex with NADPH and d-glycerate

(Figure 2.8B). The differences that are present may be due to the change in the

orientation of the cofactor-binding domain relative to the substrate-biding domain,

particularly in the binding mode of the NADPH cofactor. The active site residues all

lie in similar conformations when compared to other copies in the asymmetric unit

and to the previously reported structure. Ser82, Val83, and Gly84 form backbone

interactions with the carboxyl group of the product. Arg245 forms a bifurcated

interaction with one oxygen atom of the carboxyl group and the carbonyl group

on the α-carbon that undergoes reduction. His293 is believed to be the active site

acid/base, activated by Glu274. In the previously reported structure, Trp141′, from

the other subunit in the dimer, forms a hydrogen bond to an active site water molecule

that, in turn, interacts with the nicotinamide ring of the NADPH cofactor (88). This

water is not present in the structure of the S36/E38R mutant and it does not appear

to cause any change in the conformations of Trp141 or the cofactor.

The large area of positive density in the active site could not be attributed

to any likely molecule (Figure 2.8C). The region is much larger than can be ac-

counted for by the two-carbon glycolate or the slightly larger hydroxypyruvate or

d-glycerate. Other molecules present in the crystallization solution including TRIS,
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glycerol, and citrate also did not fit the density. The density adopts a bent “Y”

shape and sits to the back of the active site pocket away from Arg245 and His293.

Figure 2.9: Structural alignment of GRHPR
S36R/E38R crystal contact mutant with d-GDH
and wild-type GRHPR in complex with NADPH
and d-glycerate. GRHPR S36R/E38R (green) was
aligned with d-GDH (pink, PDB ID 1GDH) and
wild-type GRHPR (orange, PDB ID 2GCG). Su-
perposition of the cofactor domains illustrates the
variability in the angle between the cofactor do-
main and the substrate domain.

It may form interactions with the

backbone nitrogen of Val83 and the

side chain sulfur of Met305.

It has been reported that bend-

ing at the hinge region between the

cofactor and substrate-binding do-

mains accompanies NADPH bind-

ing. There is very little variation

in the spatial orientation between

two domains of the four mutant

GRHPR monomers in the asymmet-

ric unit. Each overlays with an

RMSD that varies from 0.38–0.65 Å.

Superimposing the cofactor-binding

domains of GRHPR S36R/E38R

with wild-type GRHPR in complex

with NADPH and d-glycerate and

the apo-structure of the homologous

enzyme, d-GDH from Hyphomicrobium methylovorum shows the range of inter-

domain bending. The variability in the angle between the cofactor binding domain
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and the substrate-binding domain is clear (Figure 2.9). The structure of GRHPR

S36R/E38R adopts the most “open” conformation of the three and is most similar

to that of the d-GDH apo-enzyme with an RMSD of 1.97 Å. The ternary complex

of GRHPR with NADPH and d-glycerate is the most “closed” of the three with a

difference of approximately 10 degrees and a RMSD of 2.4 Å.

Both wild-type and S36R/E38R GRHPR had similar unit-cell dimension and both

grew in spacegroup P21. Their unit cells were approximately 760,000 Å3 in volume

and were composed of about 77% solvent. However, the packing of the dimers within

the asymmetric unit changed significantly. The two dimers in the wild-type GRHPR

pack approximately 90 ◦ relative to each other along the 2-fold symmetry axis (Fig-

ure 2.10A). This crystal packing is extended partially through interactions between

substrate domains of adjacent asymmetric units near Ser36 and Glu38. Disrupting

A B

Figure 2.10: Comparison of the asymmetric unit of wild-type GRHPR with the S36R/E38R
crystal contact mutant. (A) Interactions within the wild-type asymmetric unit. One dimer
is colored purple and the other green. Each is orientated approximately 90 ◦ relative to each
other (B) Interactions within the S36R/E38R asymmetric unit. The dimers orient in the
same direction and stack in a staggered fashion.
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this interface forced GRHPR to adopt a new packing arrangement (Figure 2.10B).

The two dimers pack approximately 15 ◦ relative to each other and the crystal lat-

tice features multiple interactions between asymmetric units that are not present in

structures from the wild-type crystals.

2.4 Discussion

2.4.1 Comparison of Wild-Type Steady-State Kinetic Param-
eters

The steady-state kinetic analyses of wild-type GRHPR reported here expand upon

earlier results. Hydroxypyruvate shows strong substrate inhibition at higher con-

centrations, which forced others to estimate the kinetic parameters from secondary

plots at low substrate concentrations. Here, we were able to obtain enough consistent

data to fully characterize the Michaelis-Menten curve at a variety of hydroxypyruvate

concentrations. This allowed us to obtain the KM(NADPH) with each substrate, gly-

oxylate and hydroxypyruvate. In this case, the same KM of approximately 25 µM was

obtained. Based on an ordered ternary mechanism this is expected; NADPH binds

first, independent of the second substrate.

The KM(glyoxylate) is approximately 25 times larger than that for hydroxypyruvate.

However, once the Michaelis complex is formed, the reaction proceeded with similar

kcat values. Consequently, the specificity constant for hydroxypyruvate is much larger

than that for glyoxylate. This has been observed for homologous enzymes (59, 81, 83–

85). One possible explanation for this seeming disparity in substrate binding is that

the pool of glyoxylate available for reduction by GRHPR is small relative to the total
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amount of the substrate. In solution glyoxylate exists both in the unhydrated form

(-O2C-CHO) (Figure 1), which is the substrate for GRHPR, and as a hydrated gem-

diol (-O2C-CH(OH2). The equilibrium constant for the conversion (Keq = 163) greatly

favors the hydrated form, leaving only 0.38% of the glyoxylate available for GRHPR

(134, 135). Using this value to correct the KM(glyoxylate), we arrive at approximately 1

µM, which is of the same order of magnitude as the KM(hydroxypyruvate). Consequently,

GRHPR utilizes each of the substrates with approximately equal efficiency. The

unhydrated form of glyoxylate is also the substrate for oxidation by l-LDH (134).

Both GRHPR and l-LDH operate on glyoxylate with approximately equal efficiencies.

The ability of GRHPR to utilize the more abundant NADPH compared to NAD+

for l-LDH drives the reaction to favor reduction by GRHPR under normal cellular

conditions. Disruptions in the cellular concentrations of NADPH relative to NAD+ or

a change in the ability of GRHPR to efficiently use NADPH would drive the reaction

to oxidation by l-LDH with NAD+.

2.4.2 The G165N PH2 Mutation Primarily Affects Cofactor
Binding

Gly165 sits within the glycine-rich phosphate-binding loop that connects the C-

terminus of strand β1 with the N-terminus of helix α1 in the β/α/β-binding motif

of the Rossmann fold (136, 137) (Figure 2.11A). Gly165 is the third glycine in the

GXGXXG motif region, highly conserved in NAD(P)H binding enzymes. The role of

the third glycine is thought to allow the close association of β1 with α1 to promote

the favorable interaction of the diphosphate of NAD(P)H with the positively charged
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E274

NADPH
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Figure 2.11: Locations of G165N and R302C PH2 mutations and their structural context
(A) G165N. (B) R302C. Figures made with PDB ID 2GCG to show the location of sub-
strate/product in relation to the PH2 mutation (88).

macrodipole of α1 (77, 138–140). Another disease, peroxisomal d-hydroxyacyl-CoA

dehydrogenase deficiency, is attributed to mutations in the GXGXXG region (141).

Given the importance of the GXGXXG fingerprint motif to NADPH binding, it

is not surprising that the apparent specificity constant for glyoxylate dropped nearly

ten-fold when compared to the wild type enzyme. However, the Kapp
M for glyoxylate

is the same within error while the kappcat decreased by a factor of nearly four. Although

the Kapp
M for hydroxypyruvate followed a similar pattern, the kcat actually increased

slightly. It is clear that the primary change in enzyme activity for the G165N muta-

tion lies in the increased Km of the cofactor, NADPH. The Kapp
M(NADPH) at saturating

concentrations of glyoxylate is approximately 40 times higher than the true KM de-

termined for wild-type GRHPR. The smaller changes in Kapp
M for the substrates and

the kcat indicate that once the cofactor binds the reaction proceeds similar to that of
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the wild-type enzyme.

2.4.3 The R302C PH2 Mutation Alters Substrate-Binding
Properties

Arg302 lies proximal to the active site of GRHPR and has interactions that may af-

fect both subunits (Figure 2.11B). As discussed, Trp141′ is contributed by the other

subunit of the GRHPR homodimer. The indole nitrogen of the side chain interacts

with a conserved water molecule. This water makes interactions with the rest of the

enzyme including the amide oxygen of the nicotinamide moiety of NADPH and the

side-chains of Ser296 and Arg302. The change of Arg302 to Cys would easily disrupt

the orientation of the conserved water molecule within the active site. Additionally,

the crystal structure shows that Arg302 forms hydrogen-bonding interactions with the

backbone carbonyl of Pro139′. This interaction may help anchor the flexible dimer-

ization loop and position Trp141′ to interact with the conserved water. Therefore,

the change of Arg302 to Cys would not only interrupt the interactions with the water

molecule but may alter the shape of the active-site binding pocket. Consistent with

this idea, it is also believed that the bulky, hydrophobic side-chain of Trp141′ helps

to exclude larger organic acids that might otherwise be substrates for GRHPR (88).

In earlier reports, the activity of the R302C mutant with glyoxylate was 5% that of

wild-type but the activity with hydroxypyruvate was nearly abolished (61). It is not

clear why the enzyme from that study had such low activity while the same mutant

purified in this study was significantly active. One possibility for this discrepancy is

that the mutant variant used in the previously published experiments did not have
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the His-tag cleaved whereas the His-tag was removed for the experiments reported

here. It is possible that there is a inhibitory interaction between the His-tag and the

rest of the enzyme.

Despite the fact that the conserved water molecule interacts with the NADPH

cofactor, the R302C mutation did not affect the cofactor binding, as inferred from

the KM value, to a great extent. The Km(NADPH) increased only 3.5-fold over that

of wild-type. It is possible that the extensive hydrogen bonding network keeps the

water in place despite any potential changes to Trp141′ caused by changes in the

nearby Arg302. Additionally, the value for kcat with glyoxylate is only decreased by a

factor of three. The primary effect is seen on the Km(glyoxylate), which is increased to

nearly 4 mM. The effect is even more pronounced for hydroxypyruvate where the Kapp
M

increased by a factor of 25. Interestingly, while the KM for both substrates increased

dramatically, the apparent specificity constant for hydroxypyruvate decreased over

100-fold. The specificity constant with glyoxylate showed a less dramatic decrease.

Apparently, this particular mutation can affect the catalytic efficiency differently for

each of the two substrates. It is possible that the bulky side-chain of Trp141′ is

necessary to orient the hydroxymethyl moiety of hydroxypyruvate away from the

catalytic histidine for reduction to occur. This moiety is not present on glyoxylate and

the effect of a mutation that alters the position of Trp141′ should be less pronounced,

as observed.
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2.4.4 Specific Activities Show Preference for NADPH and
Lower Activity of the PH2 Mutants

Even though the cofactors were not at saturating concentrations, comparing the

specific activity of wild-type GRHPR with NADPH and NADH demonstrates that

GRHPR has a higher level of activity with NADPH as the cofactor. The activity

is seven-fold lower with NADH (Figure 2.6). This is in agreement with previous

comparisons (59, 84). Interestingly, although both the G165N and R302C mutants

showed decreased activity with both cofactors the effects were more pronounced with

NADH. The specific activity of G165N for NADPH was 40% lower than that of wild-

type while the activity with NADH was decreased by 98% (Table 2.3). The activity

of R302C with NADPH decreased by a factor of six while the decrease with NADH

was 24-fold. The different interactions within the cofactor-binding site for NADH

and NADPH elicited by a mutation may disrupt those interactions with NADH more

than NADPH.

2.4.5 The M322R PH2 Mutation May Have Varied Effects
on GRHPR

The GRHPR M322R PH2 mutant could not be purified because it was proteolytically

degraded soon after expression. It is possible that the mutation causes the enzyme to

become less stable than wild-type GRHPR. This may expose regions to proteolytic

cleavage that are internal in the native protein. This has been seen for several PH1

mutations in AGT (68, 75). Further experimentation is necessary to produce enough

full-length protein for analysis.
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2.4.6 The S36R/E38R Crystal Contact Mutation Alters the
Crystal Packing of GRHPR

Crystallographic analysis of wild-type and mutant GRHPR bound to a variety of

substrates, cofactors, and inhibitors has been difficult. Such analyses could provide

insight into the mechanisms of enzyme activity and the causes behind the aberrant

metabolism of glyoxylate in PH. Crystals of wild-type GRHPR readily grow as flat

plates that required synchrotron radiation to diffract to sufficient resolution for struc-

ture solution. Additionally, the data set obtained from such crystals was of low

quality, incomplete, and showed low occupancy for the NADPH cofactor and the

product, d-glycerate (88).

Crystals grown with the S36R/E38R crystal contact mutant were thicker, rod-

shaped, and diffracted to significantly higher resolution in-house. This was further

enhanced by microseeding. The identity of the molecule creating the density in the

active-site of GRHPR remains to be determined. Although this molecule does not

appear to be from the protein storage buffer or crystallization solution, it may be

a molecule brought from the cell during expression and maintained during purifi-

cation. Further soaking experiments with glycolate or glyoxylate are necessary to

determine if the unknown molecule can be substituted. The high occupancy of the

NADPH cofactors within the crystal structure relative to the structure of wild-type

GRHPR indicates that the unknown molecule may not be bound tightly as it would

have to leave the active site to allow the cofactor to bind. It is also possible that,

once identified, this molecule may be utilized as an inhibitor of GRHPR for further
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biochemical studies and that analyzing the binding mode may lead to insight into

substrate binding and recognition.

2.4.7 Comparison of Wild-Type GRHPR to the PH2 Mu-
tants Indicate a Highly Regulated Metabolic System

Each of the PH2 mutants analyzed appears to affect different steps of the catalytic

cycle of GRHPR. The G165N mutant primarily affects cofactor binding while R302C

shows effects in substrate binding. These differences are masked when comparisons are

based only on the enzyme activity. Both GRHPR and l-LDH compete for glyoxylate

and have similar catalytic efficiencies. It is hypothesized that the availability of

their cofactors is what drives the substrate to reduction by GRHPR and NADPH

rather than oxidation by l-LDH and NAD+. There is a higher proportion of NADPH

relative to NADH in the cytosol (87). Additionally, the ratio of NAD+/NADH is

approximately 1000:1 while the ratio of NADP+/NADPH is 1:100 (142). This would

seem to greatly favor reduction reactions with NADPH. However, the preference may

be slight and a disruption in the ability of GRHPR to utilize NADPH may drive the

reaction to oxidation by l-LDH with NAD+. The resultant increase in endogenous

oxalate levels leads to the symptoms that characterize PH2.

Although the R302C mutation has only a relatively small effect on cofactor bind-

ing, the effects on substrate binding are apparently significant enough to increase the

concentration of glyoxylate to levels sufficient for oxidation by l-LDH with the less

abundant cofactor, NAD+. The differences between the two mutants illustrate the

necessity to understand the effects of a mutation on a molecular level. Treatments
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for PH2 that are useful to patients with a particular mutation in the gene encoding

GRHPR may not affect patients with a different mutation. It is common to treat PH1

patients with supplements of the cofactor for AGT, pyroxidal phosphate. Approxi-

mately 20% of PH1 cases are due to mutations that respond favorably to pyroxidal

therapy (143). It is not difficult to envision a similar approach being useful for pa-

tients with the G165N mutation whose ability to bind NADPH is decreased. However,

this would most likely not be useful for enzymes such as R302C, which have nearly

normal cofactor binding but are deficient in substrate binding, and possibly for other

mutations that have not yet been identified.

Additionally, the ability to grow diffraction quality crystals relatively easily and

solve them with in-house equipment provides a platform for further exploration into

the catalytic activity GRHPR and the role it plays in PH. The techniques presented

here may provide structural insight into the changes caused by the PH mutations

and link changes in the structure of the enzyme to changes in the catalytic cycle.

Moreover, it may now be possible to determine the structure of GRHPR in complex

with NADH, and glyoxylate or glycolate. Further co-crystallization or crystal soaking

experiments may be necessary to either determine the identity of the unknown density

in the active site or to replace it with a desirable substrate or inhibitor. Learning

the identity of the unknown molecule may lead to a potential novel inhibitor of the

enzyme for further biochemical work and reveal new information about the structural

basis of substrate discrimination in GRHPR.
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Abstract

Human glycolate oxidase (GO) catalyzes the FMN-dependent oxidation of glycolate to

glyoxylate and glyoxylate to oxalate, a key metabolite in kidney stone formation. We

report herein the structures of recombinant GO complexed with sulfate, glyoxylate,

and an inhibitor, 4-carboxy-5-dodecylsulfanyl-1,2,3-triazole (CDST), determined by

X-ray crystallography. In contrast to most α-hydroxy acid oxidases including spinach

glycolate oxidase, a loop region, known as loop 4, is completely visible when the GO

active site contains a small ligand. The lack of electron density for this loop in the

GO-CDST complex, which mimics a large substrate, suggests that a disordered to

ordered transition may occur with the binding of substrates. The conformational

flexibility of Trp110 appears to be responsible for enabling GO to react with α-

hydroxy acids of various chain lengths. Moreover, the movement of Trp110 disrupts

a hydrogen bonding network between Trp110, Leu191, Tyr134 and Tyr208. This

loss of interactions is the first indication that active site movements are directly

linked to changes in the conformation of loop 4. The kinetic parameters for the

oxidation of glycolate, glyoxylate, and 2-hydroxy octanoate indicate that the oxidation

of glycolate to glyoxylate is the primary reaction catalyzed by GO, while the oxidation

of glyoxylate to oxalate is most likely not relevant under normal conditions. However,

drugs that exploit the unique structural features of GO may ultimately prove to be

useful for decreasing glycolate and glyoxylate levels in primary hyperoxaluria type 1

patients who lack the ability to convert peroxisomal glyoxylate to glycine.
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3.1 Introduction

The human liver enzyme glycolate oxidase (GO)1, also known as the HAOX gene

product, is a member of the well-characterized FMN-dependent α-hydroxy acid oxi-

dase enzyme family (144, 145). This family includes Pseudomonas putida mandelate

dehydrogenase (MDH, 32% sequence identity), the flavin-binding domain of yeast

flavocytochrome b2 (FCB2, 38%), rat long chain hydroxy acid oxidase (LCHAO,

74%), and spinach glycolate oxidase (GOX, 57%). Each enzyme exhibits the canon-

ical β8/α8 fold and several conserved active site residues, suggestive of a common

mechanism for the oxidation of the substrate and the reduction of the flavin ring in

the first half reaction. The second half-reaction involves the transfer of electrons from

the reduced flavin to either molecular oxygen or other electron acceptors including

cytochromes.

In contrast to GOX and the other enzymes, GO exhibits broad substrate specificity

and is capable of oxidizing glycolate, glyoxylate, and long chain α-hydroxy acids

(Figure 3.1) including 2-hydroxy octanoate (2-OH-8) and 2-hydroxy palmitate (2-

OH-16) (37). Moreover, the substrate specificity of GO is markedly different from the

kidney isozyme, HAOX2, a possible homolog of LCHAO. The ability of GO to oxidize

glyoxylate to oxalate, a key metabolite in kidney stone formation, is of particular

importance for individuals with primary hyperoxalaria type 1, as a consequence of

1Abbreviations: 2-OH-8, 2-hydroxy octanoate; 2-OH-16, 2-hydroxy palmitate; DCIP,
2,6-dichloroindophenol; AGT, alanine-glyoxylate aminotransferase; CDST, 4-carboxy-5-
dodecylsulfanyl-1,2,3-triazole; FCB2, flavin-binding domain of flavocytochrome b2; FMN, flavin
mononucleotide; GO, human glycolate oxidase; GOX, spinach glycolate oxidase; GRHPR,
glyoxylate-hydroxypyruvate reductase; LCHAO, long chain hydroxyl acid oxidase; l-LDH, l-
lactate dehydrogenase; LOX, lactate oxidase; MDH, mandelate dehydrogenase; PH, primary hy-
peroxaluria
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their inability to convert glyoxylate to glycine in the peroxisome (30).
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Figure 3.1: Substrates, products and an in-
hibitor of human GO. The progression of gly-
colate to oxalate via GO oxidation is indicated
by arrows.

Despite the overall similarity of the

α-hydroxy acid oxidases, the variable se-

quences (Figure 3.2) and structures near

the active site have been used to explain

differences in activity and substrate pref-

erences. In particular, the size of the

amino acid side chain represented by po-

sition 110 of human GO has been hy-

pothesized to determine the type of sub-

strate oxidized (97–101, 146). Another

region of low sequence identity is found

as an insert between β-strand β4 and α-helix α4 known as loop 4. Loop 4 has

been shown to influence the activity of LCHAO, to provide a subdomain interface in

FCB2, and to form a membrane-spanning domain of MDH (101, 103, 104, 147, 148).

However, the variability in the visibility and conformation of loop 4 in the crystal

structures of GOX, the chimeric MDH-GOX, lactate oxidase (LOX) from Aerococ-

cus viridans, and LCHAO have made discerning the role of loop 4 in GO difficult

(101, 148–151). How Trp110 and loop 4 may generate the substrate selectively of

GO is not known since the crystal structure of the enzyme alone or in complex with

ligands has not been described in the literature.

In an effort to understand the structure-function relationships of human GO, we
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                  1       10        20        30        40        50  

HAOX1                                     L K         A D      N          P ..................MLPRLICINDYEQHAKSV P SIYDYYRSG N EETLAD IAAFSRWKLY R
GOX                                      L K         A D      N          P ....................MEITNVNEYEAIAKQK P MVYDYYASG E QWTLAE RNAFSRILFR R
FCB2                                     L K         A D      N          P GETKEDIARKEQLKSLLPPLDNIINLYDFEYLASQT T QAWAYYSSG N EVTHRE HNAYHRIFFK K
LCHAO                                     L K         A D      N          P ................MP....LVCLADFKAHAQKQ S TSWDFIEGE D GITYSE IAAFKRIRLR R
MDH                                      L K         A D      N          P ..................MSQNLFNVEDYRKLRQKR P MVYDYLEGG E EYGVKH RDVFQQWRFK K

      60        70        80         90         100       110         

HAOX1  L             G     P     T          G     R             S     S E                           V                                             M RNVAETDLSTSVL QRVSM IC GA AMQRMAHV.D ELATV ..ACQSLGTGMML SWATS I EVA
GOX   L             G     P     T          G     R             S     S E                           I                                             I IDVTNIDMTTTIL FKISM IM AP AMQKMAHP.E EYATA ..AASAAGTIMTL SWATS V EVA
FCB2  L             G     P     T          G     R             S     S E                           V                                             I VDVRKVDISTDML SHVDV FY SA ALCKLGNPLE EKDVA GCGQGVTKVPQMI TLASC P EII
LCHAO  L             G     P     T          G     R             S     S E                           I                                             Y RDMSKVDTRTTIQ QEISA IC SP AFHSIAWP.D EKSTA ..AAQEANICYVI SYASY L DIV
MDH   L             G     P     T          G     R             S     S E                           I                                             R VDVSRRSLQAEVL KRQSM LL GP GLNGALWP.K DLALA ..AATKAGIPFVL TASNM I DLA

120         130       140       150       160       170       180       

HAOX1             QLY           V      G      T D    G R  D                 EAGPEA..LRWL   IYKDREVTKKL RQAEKM YKAIFV V TPYL N LD VRNRFKLPPQLRMKNFE
GOX              QLY           V      G      T D    G R  D                 STGPG...IRFF   VYKDRNVVAQL RRAERA FKAIAL V TPRL R EA IKNRFVLPPFLTLKNFE
FCB2             QLY           V      G      T D    G R  D                 EAAPSDKQIQWY   VNSDRKITDDL KNVEKL VKALFV V APSL Q EK MKLKFSN....TKAGPK
LCHAO             QLY           V      G      T D    G R  D                 AAAPEG..FRWF   MKSDWDFNKQM QRAEAL FKALVI I TPVL N RR KRNQLN.....LEANIL
MDH              QLY           V      G      T D    G R  D                 RQCDGD...LWF   VIH.REIAQGM LKALHT YTTLVL T VAVN Y ER LHNRFKIPMSYSAKVVL

                190       200       210       220       230       240 

HAOX1                                             S  W     L          KG    T................STLSFSPEENFGDDSGLAAYVAKAIDP IS EDIKW RRLTSLPIVA  ILRG
GOX                                              S  W     L          KG    G................IDLGKMDKAN...DSGLSSYVAGQIDR LS KDVAW QTITSLPILV  VITA
FCB2                                             S  W     L          KG    A................MKKTNVEESQ.....GASRALSKFIDP LT KDIEE KKKTKLPIVI  VQRT
LCHAO                                             S  W     L          KG    L................KDLRALKEEK.....PTQSVPVSFPKA FC NDLSL QSITRLPIIL  ILTK
MDH                                              S  W     L          KG    DGCLHPRWSLDFVRHGMPQLANFVSSQTSSLEMQAALMSRQMDA FN EALRW RDLWPHKLLV  LLSA

      250       260       270       280            290       300      

HAOX1  D          G   SNHG RQLD        L                 V  D G R G D  KAL L             I                                                 V      D AREAVKHGLN  LV    A    GVPATIDV PEIVEAVEG.....KVE FL G V K T  L   A 
GOX   D          G   SNHG RQLD        L                 V  D G R G D  KAL L             I                                                 V      E ARLAVQHGAA  IV    A    YVPATIMA EEVVKAAQG.....RIP FL G V R T  F   A 
FCB2  D          G   SNHG RQLD        L                 V  D G R G D  KAL L             V                                                 V      E VIKAAEIGVS  VL    G    FSRAPIEV AETMPILEQRNLKDKLE FV G V R T  L   C 
LCHAO  D          G   SNHG RQLD        L                 V  D G R G D  KAL L             I                                                 V      E AELAMKHNVQ  VV    G    EVSASIDA REVVAAVKG.....KIE YM G V T T  L   A 
MDH   D          G   SNHG RQLD        L                 V  D G R G D  KAL L             V                                                 I      E ADRCIAEGAD  IL    G    CAISPMEV AQSVAKTGK.......P LI S F R S  V   A 

 310       320       330       340       350       360            370 

HAOX1 GA     GR         G  GV                  G                                V                                                                   KA FV  PIVWGLAFQ EK  QDVLEILKEEFRLAMALS CQNVKVIDKTLVRK.....NPLAVSKI.
GOX  GA     GR         G  GV                  G                                V                                                                   AG FI  PVVFSLAAE EA  KKVLQMMRDEFELTMALS CRSLKEISRSHIAADWDGPSSRAVARL.
FCB2 GA     GR         G  GV                  G                                V                                                                   KG GL  PFLYANSCY RN  EKAIEILRDEIEMSMRLL VTSIAELKPDLLDL......STLKAR..
LCHAO GA     GR         G  GV                  G                                I                                                                   RC FL  PILWGLACK ED  KEVLDILTAELHRCMTLS CQSVAEISPDLIQF......SRL.....
MDH  GA     GR         G  GV                  G                                V                                                                   EA LL  ATLYGLAAR ET  DEVLTLLKADIDRTLAQI CPDITSLSPDYLQNEGVTNTAPVDHLIG

                                                                      

HAOX1 .....                                                                 
GOX  .....                                                                 
FCB2 .....                                                                 
LCHAO .....                                                                 
MDH  KGTHA                                                                 

Figure 3.2: Sequence alignment of human GO and several homologous proteins for which
structures have been determined. Human GO was aligned with GOX from spinach (57%
identity), the flavin-binding domain of FCB2 Saccharomyces cerevisiae (38%), rat LCHAO
(74%), and MDH from Pseudomonas putida (32%). Conserved active site residues are de-
noted with black triangles. Variable active site residues are highlighted with green triangles.
Loop 4 is highlighted with magenta shading.
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have determined the structure of recombinant GO in complex with sulfate, glyoxylate,

and a potent inhibitor, 4-carboxy-5-dodecylsulfanyl-1,2,3-triazole (CDST), by X-ray

crystallography. The kinetic parameters for the oxidation of glycolate, glyoxylate, and

2-OH-8 have also been determined to facilitate comparisons to other enzymes involved

in determining the level of these metabolites and oxalate. The data presented herein

provide insight into the role of GO in oxalate formation and the unique structural

features of GO that may be exploited to develop therapeutic interventions for PH

patients.

3.2 Experimental Procedures

3.2.1 Human GO Purification and Crystallization

The human GO gene (Haox1 ) within the pET28a vector (Novagen, Madison, WI) was

kindly provided by the laboratory of Dr. Stephen J. Gould (37). GO, residues 1–371,

was expressed in C41(DE3) Escherichia coli with 0.5 mM IPTG induction overnight

at 16 ◦C. The N-terminal, His-tagged fusion protein was eluted from a NTA affinity

column using a 5–250 mM imidazole gradient (122). The fractions containing GO were

dialyzed against 20 mM HEPES pH 7.5, 100 mM NaCl, 10% glycerol, and 0.1 mM

EDTA at 4 ◦C. Biotinylated thrombin (Novagen) was added directly to the dialysis

solution at 0.1 U mg−1 to cleave the His-tag. Release of the His-tag was verified

by mass spectrometry. The following day 20 mM HEPES pH 7.5 containing 2.5 M

NaCl was added to bring the salt concentration to 500 mM. This step was necessary

to ensure that the protein did not precipitate during concentration to ∼4 mL prior

to loading onto a HiLoad Superdex 200 gel filtration column (GE Healthcare Life
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Sciences, Piscataway, NJ). The relevant fractions were pooled and dialyzed overnight

against 4 L of 20 mM HEPES pH 7.5 at 4 ◦C. Finally, GO was loaded onto an SP

Sepherose HP ion exchange column and eluted with a linear 0–500 mM NaCl gradient.

Pure GO was dialyzed overnight against 4 L of a storage buffer containing 20 mM

HEPES pH 7.5, 250 mM NaCl, and 10% glycerol. The protein concentration was

determined by the bicinchoninic acid (BCA) assay (Pierce, Rockford, IL). GO was

concentrated, aliquoted, flash frozen with liquid nitrogen and stored at −80 ◦C.

Initial crystallographic and spectrophotometric analyses indicated that the first

preparation of GO was∼80% loaded with FMN (see text for details). In all subsequent

preparations, GO was incubated with a 10-fold excess of FMN for one hour prior to

loading onto the gel filtration column. This protocol modification resulted in 100%

flavin occupancy as judged by comparing the protein concentration via the BCA

assay with the flavin concentration determined by measuring the absorbance at 450

nm (ε = 12,500 M−1cm−1) after denaturing the protein with 0.2% SDS.

Crystals of GO were obtained by the vapor diffusion method by mixing an equal

volume of protein (7–12 mg mL−1 in storage buffer) and various well solutions with

incubation at 20 ◦C for 7–10 days as hanging or sitting drops. Crystals of the GO-

sulfate complex were grown with protein from the first preparation and well solutions

composed of 100 mM HEPES pH 7.5, 25–35% PEG 600 and 100 mM Li2SO4. The

crystals were then soaked overnight in a synthetic mother liquor containing 100 mM

HEPES pH 7.5, 25–35% PEG 600, 100 mM Li2SO4, and 5 mM glyoxylate. Glycolate

was present in the solution in an attempt to soak the substrate into the active site.
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However, as described in the results section, this concentration of glyoxylate was not

sufficient to replace a bound sulfate molecule. To obtain a structure of GO in complex

with a ligand other than sulfate, as well as to maximize the occupancy of the FMN,

a variety of preincubation and crystallization conditions were tried using GO from

the improved purification protocol. The following proved to be optimal. The protein

was incubated with 21 mM FMN in storage buffer for 30 min, which caused slight

precipitation. The supernatant was then used to setup crystallization drops with

well solutions where 10 mM glycolate was used in place of Li2SO4 from the original

condition.

To obtain a structure representing the open state of the active site, GO was

co-crystallized with the inhibitor 4-carboxy-5-dodecylsulfanyl-1,2,3-triazole (CDST),

kindly provided by Syngenta. The CDST complex was preformed by incubating

GO with 3 mM of the inhibitor and 1.5% DMSO for 30 min. A small amount of

precipitate was removed by centrifugation prior to setting up the crystallization trays.

The resulting crystals were then soaked in a mother liquor containing 20 mM HEPES

pH 7.5, 27% PEG 600, 5% DMSO, and 5 mM CDST for 24–48 hr to ensure full

occupancy.

3.2.2 Data Collection and Structure Determination

In all three complexes presented herein, the PEG 600 concentration was sufficient to

act as a cryoprotectant. X-ray diffraction data for the sulfate complex were collected

on beamline X4A at the National Synchrotron Light Source (Upton, NY) using an

ADSC Quantum-4 CCD detector. The GO-sulfate crystals exhibited I422 symme-
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try (a = b = 143.7 Å, c= 110.5 Å) (Table 3.1) with one subunit of the tetramer

in the asymmetric unit. Data for the other ligand complexes were collected on an

in-house Rigaku/MSC RUH-32 generator with an R-Axis IV image plate detector.

Both of these complexes were in spacegroup I4 (a = b = 97.4 Å, c = 80.5 Å) with

one subunit per asymmetric unit. All three data sets were processed and scaled

with d*Trek (Rigaku/MSC, The Woodlands, TX) (125). Initial phases for the sul-

fate complex were obtained by molecular replacement using PHASER (version 1.3)

and the GOX structure (PDB code 1GOX) as the search model (94, 127–129). The

non-conserved residues of GOX, however, were pruned back to common Cα or Cβ

atoms by CHAINSAW (152). The molecular replacement solution was subjected to

simulated annealing, B -value, and positional refinement using CNS (130). The mod-

ification and extension of the model were performed with COOT (131). The final

cycles of refinement were performed with REFMAC5 and five TLS groups (132, 133).

The resulting model contained residues 4–362. Molecular replacement solutions for

the glyoxylate and CDST complexes were determined using the GO-sulfate structure

as the search model. Residues 198–226, the FMN molecule, and active site residues

(Tyr26, Trp110, Tyr132, Arg167, Lys236, His260 and Arg263) were removed to min-

imize possible model bias. CNS and REFMAC5 parameter and topology files for the

ligands were obtained using the PRODRG server (153). Refinement proceeded as for

the sulfate complex. The resulting electron density was used to unambiguously build

residues 3–362 within the glyoxylate complex. For the CDST complex only residues

1–175 and 205–363 were observed in the electron density. All molecular graphics
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Table 3.1: Crystallographic Data Collection and Refinement Statistics
sulfate glyoxylate CDST

Data Collection
space group I422 I4 I4
unit cell (Å) a = b = 143.7, c = 110.5 a = b = 97.4, c = 80.5 a = b = 96.3,c = 79.2
wavelength (Å) 0.9793 1.54 1.54
resolution (Å)a 28.2–1.95 (2.02–1.95) 30.8–1.65 (1.71–1.65) 48.2–1.95 (2.02–1.95)
no. unique reflections 38911 44625 25585
I/σa 18.9 (4.2) 11.6 (2.7) 9.9 (3.2)
Ra

merge (%) 50 (22.5) 7.3 (41.2) 8.1 (38.0)
completenessa (%) 92.6 (86.6) 98.8 (88.8) 96.8 (97.7)
redundancya 4.8 (2.6) 4.6 (3.0) 4.0 (4.0)

Refinement Statistics
Rcryst 19.7 18.1 17.7
Rb

free 23.5 21.2 22.3

rmsd bond lengths (Å) 0.014 0.014 0.014
rmsd bond angles (deg) 1.6 1.4 1.5
average B-factor (Å2)

protein 14.2 12.4 16.1
solvent 31.2 24.2 28.1
FMN 40.8 15.7 22.5
ligand 31.8 29.7 41.1

favored (%) 96.7 96.4 96.4
additionally allowed (%) 3.0 3.3 3.3
disallowed (%) 0.3 0.3 0.3
aHighest shell in parentheses. b Rfree calculated using a 5% test set of reflections.

images were generated with PYMOL (154).

3.2.3 Kinetic Analyses

The specific activity of GO for glycolate, glyoxylate, l-lactate, 2-OH-octanoate, and

2-OH-palmitate (all from Sigma) was determined with an assay similar to that of

Schuman and Massey (155). The DCIP assay was chosen to facilitate comparison

between the kinetic parameters determined here and those of homologous 2-hydroxy-

acid oxidases. The 0.21 mL reactions were monitored at 37 ◦C and contained 100

mM potassium phosphate pH 7.5, 40 µM 2,6-dichloroindophenol (DCIP), 30 nM

enzyme and 75 µM of each substrate. The addition of more DCIP (up to 150 µM)

did not increase the rate of the reaction or result in the inhibition of GO activity

(data not shown), in contrast to a previous report (156). This observation supports
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that the rate of the second half reaction (re-oxidation of the flavin by DCIP) is

not rate limiting and that the rates measured in these experiments were the rates

of substrate oxidation, as determined for GOX (157). It is important to note here

that GO in buffer (200 µL) and the DCIP/substrate/buffer mixture (60 µL) were

thermally equilibrated separately from each other for 5 min before mixing. If GO

was preincubated with DCIP, significant inhibition of activity was observed (data not

shown). The reaction was started by transferring 150 µL of the enzyme solution to the

substrate mixture, bringing the contents to their final concentrations. The reaction

rate was determined by monitoring the decrease in absorbance at 600 nm using a

Varian Cary50 spectrophotometer (Varian, Palo Alto, Ca). The rates were converted

to mM sec−1 using the extinction coefficient of 21 mM−1 cm−1 for DCIP (155).

Steady-state kinetic parameters for glycolate, glyoxylate, and 2-OH-octanoate

were obtained using the same DCIP assay. The reactions were started by the ad-

dition of 40 µM DCIP/substrate solution containing either 0–6000 µM glycolate,

0–15,000 µM glyoxylate, or 25–1000 µM 2-OH-octanoate. The concentration of en-

zyme used for the assay of glycolate was 15 nM, while 100 nM was used for the other

two substrates. Since the l-form of the 2-OH-octanoate and 2-OH-palmitate are the

substrate for GO, all calculations assumed a 50% composition of each enantiomer

(158, 159). The kcat, KM , and kcat/KM values for glycolate and 2-OH-octanoate were

determined using nonlinear regression as implemented in the enzyme kinetics module

of Sigmaplot 9.0 (Systat Software, San Jose, Ca). These results were verified by ex-

amining Lineweaver-Burk reciprocal plots. Since glyoxylate showed strong substrate
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inhibition at concentrations greater than 4000 µM, the kinetic parameters were deter-

mined from a reciprocal plot using only the glyoxylate concentrations from 50–4000

µM. The Ki value for CDST was estimated by preincubating 30 nM GO with either 0,

12, or 20 nM CDST and 0.1% DMSO at 37 ◦C for 5 min. The reaction was started by

the addition of 40 µM DCIP and 50–3000 µM glycolate. CDST exhibited a complex

inhibition pattern that could not be modeled using competitive, uncompetitive, or

noncompetitive inhibition patterns.

3.3 Results

3.3.1 GO-Sulfate Complex

Human GO was expressed in E. coli as previously described (37) with several mod-

ifications. In this study, the His-tag was removed from the tetrameric protein (data

not shown) by thrombin cleavage. Additionally, high salt concentrations were nec-

essary throughout the purification to prevent protein precipitation. The optimized

crystallization conditions contained 100 mM HEPES pH 7.5, 30% PEG 600, and 100

mM Li2SO4. The crystal symmetry was I422 with one subunit in the asymmetric

unit (Table 3.1). A modified model of GOX was used as a search model for molecular

replacement. The final model contained residues 4–362. The structure of GO exhibits

the same canonical β8/α8-barrel fold of other enzymes in the α-hydroxy acid oxidase

family (Figure 3.3). Importantly, an insert known as loop 4, residues 169–212, was

fully visible in the electron density.

The GO active site contains the conserved residues Tyr26, Trp110, Tyr132, Arg167,

Lys236, His260, and Arg263 (Figures 3.2 and 3.3). Co-crystallization and soaking ex-



75

A

C

B Arg167
Arg263

His260

Tyr26

Trp110

Tyr132

Lys236

Arg167
Arg263

His260

Tyr26

Trp110

Tyr132

Lys236

Arg167
Arg263

His260

Tyr26

Trp110

Tyr132

Lys236

Arg167
Arg263

His260

Tyr26

Trp110

Tyr132

Lys236

Arg167
Arg263

His260

Tyr26

Trp110

Tyr132

Lys236

Arg167
Arg263

His260

Tyr26
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Figure 3.3: Human GO and its interactions with sulfate and glyoxylate. (A) Overall fold
of GO in complex with sulfate. The α-helices and β-strands are colored purple and green,
respectively. The FMN and sulfate (SO4) molecules are shown as sticks. Atom colors are
as follows: yellow, carbon atoms for FMN; blue, nitrogen; red, oxygen; gold, phosphorous.
The sulfur atom of the sulfate molecule is also colored yellow. (B) The active site of
the GO-sulfate complex. The simulated-annealing, Fo − Fc omit map contoured at 3σ is
shown on the left in stereo. The map is colored wheat, blue, and green for the active
site residues, and the FMN and sulfate molecules, respectively. The carbon atoms of the
active site residues are colored purple. The hydrogen bonding interactions between the
active site residues and the sulfate molecule (2.5–2.9 Å) are also shown in green on the
far right. (C) Active site of the GO-glyoxylate complex. Electron density for the active
site residues has been omitted for clarity. The simulated-annealing, Fo − Fc omit electron
density contoured at 3σ and the carbon atoms for the glyoxylate molecule are colored green
and peach, respectively. The hydrogen bonding interactions are highlighted in green as in
panel B.
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periments with 5 mM glycolate or glyoxylate were performed in an effort to capture

a substrate or product complex. In all the crystals examined, the electron density

indicated a well-defined sulfate molecule on the si face of the flavin molecule, ∼3.3 Å

from the N5 atom of the isoalloxazine ring. Sulfate has been shown, along with other

inorganic ions, to bind tightly to the active site of pig liver GO and to alter the visible

absorption spectrum of the enzyme (155). The oxygen atoms of the sulfate hydrogen

bond to Tyr26, Arg167, His260, and Arg263. In contrast to the sulfate molecule, the

electron density for the FMN cofactor was broken indicating low occupancy. This ob-

servation is consistent with previous observations (37). Spectrophotometric analysis

of the protein in solution indicated that the FMN occupancy was less than 80%. The

manipulation of the crystals for data collection may have reduced the occupancy fur-

ther. Therefore, all subsequent preparations of GO included an FMN preincubation

step that resulted in 100% flavin occupancy (data not shown). Excess FMN was also

added to the crystallization experiments as a precaution.

3.3.2 Human GO-Glyoxylate Complex

Attempts to co-crystallize or soak glycolate, glyoxylate, or oxalate into the improved

GO crystals were also unsuccessful and resulted in the sulfate complex. However,

substitution of 10 mM glycolate for the Li2SO4 present in the original crystallization

condition resulted in crystals that exhibited a new space group, I4, also containing one

subunit per asymmetric unit. The electron density and the similar B-factors for the

FMN molecule and the surrounding residues indicated complete occupancy (Figure

3.3C and Table 3.1). Moreover, 3σ positive density in a simulated annealing Fo − Fc
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omit map was readily apparent for a ligand hovering above the FMN ring in a coplanar

fashion. There were three possibilities for the molecule to be modeled. In the first,

glycolate could be modeled and would indicate that turnover of the substrate had not

occurred. Second, if a single turnover had occurred, glyoxylate should be modeled.

Third, since glyoxylate is also a substrate of GO, oxalate, the fully oxidized molecule,

could be present. Upon examination of the electron density, it was apparent that

oxalate was not present as there was no density for the second oxygen atom bound

to the α-carbon (Figure 3.1). As the electron densities of glyoxylate and glycolate

would be indistinguishable from each other, glyoxylate was modeled based on the

assumption that at least one turnover reaction had occurred. This assumption is

supported by the rapid oxidation of glycolate under aerobic conditions, the ability

of glyoxylate to inhibit GO, as described below, and the product complexes of LDH

(96, 160).

The glyoxylate molecule binds in the same location as the sulfate molecule (Figure

3.3C). Additionally, all active site residues maintain the same side chain conformation

as in the GO–sulfate complex. The carboxyl group of glyoxylate is oriented such that

it is coordinated by hydrogen bonds to Tyr26, Arg167, and Arg263. The α-carbon

atom is 3.0 Å from the N5 atom of the FMN cofactor. The keto-oxygen atom of

glyoxylate, i.e. the former hydroxyl group of glycolate, interacts with the NE2 atom

of His263 with a distance of 2.5 Å. Tyr132 also interacts with this oxygen atom with

a distance of 2.6 Å. It important to note that the six-membered portion of the indole

ring of Trp110 is oriented towards the α-carbon atom of glyoxylate.
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3.3.3 Occlusion of the GO Active Site

A three-dimensional structural alignment of the GO-glyoxylate complex with spinach

GOX (Figure 3.4A) demonstrates that there are significant conformational differences

in two regions near the active site (94, 150). The entire loop 4 region of GO, residues

169–212, is visible. In contrast, residues 189–198 of the GOX loop 4 were not visi-

ble in the electron density, suggesting that this loop is quite mobile. Moreover, the

part of the loop 4 that is visible is in a different conformation. The αE helix of GO

(GOX nomenclature), residues 204–212, is also rotated approximately 35 ◦ relative to

its counterpart in GOX, residues 199–206. The disorder of loop 4 in GOX appears

to allow access to the FMN molecule and the active site (Figure 3.4B). The solvent

accessible surface of GO shows that loop 4 completely occludes the active site (Figure

3.4C). Based on these observations, we hypothesized that a shift in the orientation of

αE occurs upon substrate binding that serves to close off the active site. Many at-

tempts were made to obtain the apoenzyme structure by soaking crystals in solutions

that did not contain sulfate, but contained high concentrations of smaller inorganic

anions such as chloride. In each case a sulfate molecule or another anion were found in

the active site and the αE helix had not moved. Therefore, we undertook a different

approach, described in the next section, in an effort to force the active site into the

open conformation.

3.3.4 Human GO-CDST Complex

Spinach GOX has been crystallized with several heterocyclic compounds including 4-

carboxy-5-(1-pentyl)hexylsulfanyl-1,2,3-triazole (TACA) (150). In these studies the
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Figure 3.4: Structural differences between human GO and spinach GOX near the active site.
(A) Superposition of GO (purple) and the visible portion of loop 4 from GOX (green, PDB
code 1GOX) (94). The Cα backbone rmsd was 1.7 Å; the remainder of GOX is omitted for
clarity. Loop 4 from GO is highlighted in red. The asterisks on the GOX structure denote
the residues 189–198 that were not observed in the electron density. The αE helix and coil
regions of loop 4 exhibit different conformations between the two structures. (B) Solvent
excluded surface representation of GOX illustrating an open channel to FMN molecule. (C)
Solvent excluded surface of GO showing that the entrance to the active site is closed.
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αE helix stayed in the same location and the rest of loop 4 was disordered. In an effort

to identify inhibitors of human GO for potential hyperoxaluaria treatment, a panel of

related triazole compounds from Syngenta was screened against GO purified from liver

homogenate (unpublished data). The compound 4-carboxy-5-dodecylsulfanyl-1,2,3-

triazole (CDST, Figure 3.1) was found to be the most potent. Given the previous

observation that GO can oxidize larger substrates, we rationalized that the long hy-

drocarbon tail of CDST might prevent GO from adopting the closed state. Thus,

the large inhibitor may give insight into the structural transitions that occur during

substrate entry and binding to the active site.

CDST was bound to the active site of GO in a similar manner to glyoxylate (Figure

3.5A). The electron density for the FMN cofactor, the active site residues, the ring

portion of CDST, and the first three atoms of the lipid-like tail including the sulfur

atom were unambiguous. Spurious density was seen, however, for the remainder of

the tail, suggesting that this portion of the inhibitor is mobile. When the protein

backbones of the structures are superimposed, the carboxyl groups of the two ligand

molecules overlay (Figure 3.5B). The N1 atom of the triazole ring also overlays the

keto-oxygen group of glyoxylate. Thus, CDST resembles a GO substrate, which

clearly plays a role in its potent inhibitory capacity with an apparent Ki of ∼15 nM.

Moreover, the potency of CDST is consistent with the observed increase in inhibition

of porcine GO with monocarboxylic acids of longer alkyl chain length (155). One

major difference between the active site residues of these complexes is the side chain

orientation of Trp110. This side chain is rotated approximately 180◦ relative to the
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Figure 3.5: GO-CDST complex: (A) Stereo image of the binding mode of CDST to GO.
The simulated-annealing, Fo−Fc omit map is shown around the FMN and CDST molecules
contoured at 3σ. The GO and CDST carbon atoms are colored cyan and white, respectively.
(B) Comparison of glyoxylate and CDST binding. (C) Loop 4 differences between the
glyoxylate and CDST complexes of GO. The surface of the CDST complex is shown in cyan
with the inhibitor in stick rendering. The secondary structure of loop 4 within the glyoxylate
complex is shown in purple. The corresponding residues 174–204 in the CDST complex were
not visible in the electron density. (D) Conformational transitions upon CDST binding that
include Trp110 and influence Loop 4. The residues of the glyoxylate and CDST complexes
are colored as in panels A–C. Glyxoylate and CDST are not shown for clarity.
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glyoxylate and sulfate complexes. It appears that the side chain moves in order to

accommodate the hydrocarbon tail of CDST. Moreover, the presence of the tail seems

to cause a disordering of loop 4 and the loss of electron density for residues 175–204,

including helix αD and part of helix αE (Figure 3.5C).

3.3.5 Kinetic Analyses of Human GO

Figure 3.6: Substrate specificity of human
GO. Each substrate was tested in triplicate
with 30 nM GO and 75 µM of each substrate.
A substrate concentration higher than this
value was not tested in this experiment be-
cause of the limit of solubility of 2-OH-palmi-
tate in the reaction buffer.

A panel of possible GO substrates was

reevaluated as the original report uti-

lized enzyme that was only ∼20% ac-

tive (37). When the various substrates

were analyzed with the same concentra-

tion of GO, glycolate showed the high-

est rate of reactivity followed by 2-OH-

16, glyoxylate, and 2-OH-8 (Figure 3.6).

Lactate did not appear to be a substrate

of GO. These results are consistent with

those reported previously for GO, but

the specific activity is significantly higher

in each case (37).

A detailed kinetic analysis of glycolate, glyoxylate and 2-OH-8 was performed us-

ing the same buffer and temperature conditions (100 mM potassium phosphate pH

7.5, 37 ◦C) used by other laboratories for the characterization of GRHPR and LDH,

in order to facilitate comparisons (45, 68). The oxidation of glycolate by GO obeyed
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Michaelis-Menten kinetics (Figure 3.7A) for the substrate concentrations tested. The

kcat, KM and kcat/KM values determined for glycolate were 4.1 ± 0.1 sec−1, 141 ±

16 µM and 29 ± 3 mM−1sec−1, respectively. The analysis of glyoxylate required a

higher concentration of GO in the reaction and exhibited substrate inhibition at con-

centrations above 4 mM (Figure 3.7B). In this instance, the kinetic parameters were

extrapolated from the linear portion of the reciprocal plot for the substrate concentra-

tions less than 4 mM. The kcat, KM and kcat/KM values determined for glyoxylate were

0.7 ± 0.1 sec−1, 2200 ± 360 µM and 0.32 ± 0.05 mM−1sec−1, respectively. The kinetic

parameters for glycolate and glyoxylate are directly comparable to those determined

under nearly identical conditions and the KM value for glycolate agrees well with that

originally reported (37, 156). The 2-OH-8 analysis also obeyed Michaelis-Menten ki-

netics (Figure 3.7C). The kcat, KM and kcat/KM values determined for 2-OH-8 were

0.08 ± 0.003 sec−1, 40 ± 5 µM and 1.9 ± 0.2 mM−1sec−1, respectively.

3.4 Discussion

The present study was undertaken in part to evaluate the structural features of hu-

man GO that enable the enzyme to oxidize short chain and long chain α-hydroxy acid

substrates. It is hoped that the new crystallographic information, the kinetic data,

and the comparisons presented below will foster a renewed interest in drug develop-

ment for targeting this enzyme in the treatment of hyperoxaluria and other patients

with kidney stones.
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Figure 3.7: Determination of kinetic parameters for GO substrates. (A) Glycolate. (B)
Glyoxylate. The kinetic parameters were estimated from the intercepts of the reciprocal plot
for substrate concentrations up to 4.0 mM to eliminate the effects of substrate inhibition.
(C) 2-OH-octanoate. Figures of both the primary and reciprocal plots were generated
with SigmaPlot using the appropriate (Michaelis-Menten or substrate inhibition) non-linear
regression model.
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3.4.1 Active Site Comparisons

The crystal structures of human GO in complex with sulfate, glyoxylate, and the

inhibitor CDST (Figures 3.3, 3.4, and 3.5 ) allow for the first time a comparison

between human GO and other α-hydroxy acid oxidases and their ligand complexes.

Much work has been done with enzymes of this family to elucidate the roles of key

active site residues in binding and catalysis. For example, Arg residues typically

bind the carboyxlate group, e.g. Arg167 and Arg263 of GO bind glyoxylate and

the corresponding residues interact with pyruvate in FCB2 (Figure 3.8A and B).

While the residues equivalent to Arg167 in GO can have different conformations

(94, 96), mutation of these residues in GOX, FCB2, and MDH (Figure 3.8C) results

in increased KM values (161–164). Tyr26 of GO is also located near the carboxyl

group of glyoxylate and thought to be involved in substrate binding and orientation

(100, 165, 166). Further support for this residue function is the necessity of Phe23

at this position of rat LCHAO (Figure 3.8D) (147). As described in more detail

below, the residue at position 110 of GO is variable within this family and influences

substrate selectivity.

In a widely accepted mechanism for the reductive half reaction of 2-hydroxy acid

oxidases, His260, activated by Asp160, removes the proton from the 2-hydroxy moiety

of the substrate while a hydride is transferred from the α-carbon to the FMN molecule

(167). The positively charged Lys236 is thought to lower the pKa of the N5 nitrogen

atom of the isoalloxazine ring, thereby facilitating hydride transfer (161). Mutagenesis

studies with residues equivalent to Tyr132 indicate that it plays a role in stabilizing
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Figure 3.8: Active site comparison of GO to other α-hydroxy acid oxidases. (A) Superpo-
sition with spinach GOX as in Figure 3.4A. The carbon atoms of GOX are colored green.
(B) Overlay with FCB2 in complex with pyruvate (PDB code 1FCB, 1.0 Å RMSD) (96).
The carbon atoms for the active site residues and the ligand for this complex and those
in panels B–D are colored grey. (C) Comparison to MDH-GOX chimera in complex with
sulfate (PDB code 1HUV, 1.2 Å RMSD) (101). (D) Superposition with rat LCHAO in
complex with acetate (PDB code 1TB3, 0.9 Å RMSD) (147).
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the transition state of the reaction (162, 168, 169). For the oxidases GOX, GO,

and LCHAO, molecular oxygen is the electron acceptor in the oxidative half-reaction

resulting in the formation of hydrogen peroxide. A comparison of the FMN molecule

within the GO-glyoxylate complex to the non-liganded GOX structure (Figure 3.8A)

shows that the flavin ring is tilted by approximately 20 ◦ (94). Consequently, the O4

atom of the GOX flavin ring hydrogen bonds to Tyr129, Tyr132 of GO, in the active

site. There is also a water molecule bound to the N5 atom in what was suggested to

be the putative dioxygen binding site for GOX (94). In the GO complexes presented

here, the flavin N5 nitrogen interacts with the backbone nitrogen of Ala81. This

observation is similar to the structures of other oxidases (Figure 3.8B–D) where the

dioxygen binding site is absent. Thus, the GO structures do not give any additional

insight into the binding of O2.

It should also be noted here that the analysis of the binding of glyoxylate to GO is

compounded by the fact that glyoxylate (-O2C-CHO) exists in solution almost entirely

as its hydrate, gem-diol (-O2C-CH(OH)2) form. This latter form is most likely the

substrate for GO, as it is for LDH (46). In solution, the fraction of glyoxylate in the

unhydrated form, determined from the equilibrium constant (Keq = 163), is 0.0038

(134, 135). However, only the unhydrated form is visible in the crystal structure.

Since glycolate was added to these crystals, the glyoxylate formed appears to be able

to stay bound to the active site, preventing it from being hydrated. This suggestion

is consistent with the observed inhibition by glyoxylate at very high concentrations

(Figure 3.7 ) where there is some of the unhydrated form present. Upon release of
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the glyoxylate from the active site, it is readily hydrated.

3.4.2 Residue 110, Substrate Specificity, and Loop 4 Modu-
lation in GO

Both GO and GOX, which primarily operate on small, two carbon substrates, contain

a bulky tryptophan side chain at residue 110 and 108 (Figure 3.8A), respectively. In

contrast, FCB2 (Figure 3.8B) has a leucine at this position and primarily oxidizes

lactate. The side chain at this position is further truncated to alanine in MDH

(Figure 3.8C), which oxidizes the larger, benzene-containing mandelate. Therefore,

there appears to be a clear correlation between the size of the substrate and the

residue at position 110 in GO. This trend is supported by the results of mutational

analyses of this residue in several of the other enzymes (97–100, 146).

Given the apparent structural basis for substrate specificity, it is somewhat sur-

prising, as shown in this work and the initial characterization, that human GO is also

active on the much larger substrates 2-hydroxy-octanoate and 2-hydroxy-palmitate

(37). The crystal structure of GO bound to CDST shows that the side chain of

Trp110 can rotate to make room for a long hydrocarbon tail (Figure 3.5B). Since this

inhibitor strongly mimics a substrate, the location of the tail most likely approximates

the hydrophobic chain of an α-hydroxy acid substrate. Thus, for GO Trp110 rotates

into the active site for a small substrate, but has the ability to rotate out of the active

site for the oxidization of a large substrate. It is also of interest to note that while the

active sites of GOX and GO are absolutely conserved in sequence, the conformation

of Trp110 differs. Trp108 in the apo-structure of GOX is rotated ∼90◦ relative to
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the glyoxylate-bound GO structure so that the nitrogen atoms of the indole ring are

3.8 Å apart (Figure 3.8A). It is unclear at this time why GOX cannot accommodate

larger substrates like GO.

A closer inspection of the GO complexes reveals a connection between the rotation

of Trp110 and the loss of order for loop 4. In the glyoxylate complex, Tyr208, a

conserved residue in GO and GOX, hydrogen bonds to the hydroxyl group of Tyr134

and the backbone carbonyl of Leu191. Tyr134 is also hydrogen bonded to the side

chain nitrogen atom of Trp110 (Figure 3.5D). However, in the CDST complex the

movement of Trp110 breaks the interaction with Tyr134, which shifts down nearly

2 Å and rotates slightly. This movement breaks the hydrogen bond with Tyr208.

Additionally, the rotation of Trp110 causes a steric clash with Tyr208, which results

in its interaction with solvent (Figure 3.5D). Leu205 also rotates by ∼180◦ between

the two structures. Interestingly, both Leu205 and Tyr208 lie on the edge of the

visible density for loop 4 in the inhibitor structure. It is possible that in the closed,

glyoxylate complex, Tyr208 locks loop 4 into position through the hydrogen-bonding

network described above. The movement of Trp110 between the closed and open

structures breaks the network and allows loop 4 to become mobile, opening the active

site to solvent. The conservation of Tyr134, Leu205 and Tyr208 in GOX (Figure 3.2)

may indicate a conserved mechanism of loop motion between GOX and GO.

3.4.3 Structural Comparisons of Loop 4

As expected, GO exhibits the same β8/α8 fold seen in GOX, the flavin binding

domain of FCB2, MDH and LCHAO. While the overall structures of these proteins
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are quite similar, differences are observed in the function, structure and occupancy of

loop 4. For example, loop 4 exhibits a high degree of conformational flexibility and is

susceptible to proteolytic cleavage in FCB2 (104). The nicking or removal of the loop

in FCB2 resulted in a 65–70% reduction in specific activity. Loop 4 was also shown

to modulate the catalytic activity of LCHAO and was hypothesized to interact with

the active site (103). This loop also anchors MDH to the membrane enabling the

enzyme to associate with the electron transport chain (101). Until now, it has not

been possible to directly compare the ordered and disorded forms of loop 4 within

the same enzyme.

Besides the glyoxylate and sulfate complexes of GO reported here, loop 4 is vis-

ible in three other structures. The first structure is the chimeric enzyme MDH-

GOX (101, 148). In this case, the 39 residue membrane-spanning region compris-

ing loop 4 in MDH (Figure 3.9A) was replaced with resides 176–195 from GOX.

The transplanted loop, however, does not adopt the same conformation as in GO

or the visible portion of the loop in GOX (Figure 3.4A) (94). In particular, the

αE helix has swung out almost 90◦ relative to the position in the spinach enzyme.

Loop 4 is also visible in the structure of lactate oxidase (LOX) (Figure 3.9B) from

Aerococcus viridans (17). Although the active sites of GO and LOX are both oc-

cluded from solvent, loop 4 is not in the same conformation. Finally, in the crystal

structure of LCHAO (Figure 3.9C), electron density was only observed for residues

181–188 of loop 4 (147). In this case as well, these residues do not align with the

visible residues of GOX and GO, nor do they align with the chimeric portion of
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Figure 3.9: Comparison of loop 4 in GO to
other α-hydroyxy acid oxidases. (A) Super-
position with MDH-GOX (PDB code 1HUV).
Loop 4 of GO is colored red as in Figure 3.4A
and shown as a ribbon representation. Loop
4 for MDH-GOX and for panels B and C are
colored grey. (B) Superposition with LACOX
(PDB code 1DU2). (C) Superposition with
LCHAO (PDB code 1TB3). The asterisks
indicate the ends of the visible amino acids
within loop 4. The αE helix of GO is indi-
cated only in panel A.

MDH-GOX. Thus, it appears that the

possible communication between the ac-

tive site and loop 4 via residue 110

may be restricted to GO and potentially

GOX. As stated earlier, however, it is

unclear why GOX cannot effectively uti-

lize an ordered to disordered transition

in loop 4 to accommodate and oxidize

larger substrates.

3.4.4 Role of GO in Oxalate
Production

Renal oxalate deposition and its resul-

tant pathology in primary hyperoxaluria

patients is a consequence of aberrant gly-

oxylate metabolism in the liver. Mu-

tation of the peroxisomal enzyme AGT

and the cytoplasmic enzyme GRHPR are

thought to lead to an increase in glyoxy-

late levels in PH patients (8, 23, 30).

The glyoxylate produced can be con-

verted to oxalate through the action of

LDH or GO. GO oxidizes glycolate with a specificity constant, kcat/KM value, of



92

29 mM−1sec−1. This value is similar to that determined for GOX, 20 mM−1sec−1

(157). Moreover, these values are in line with those of LDH, GRHPR, and AGT for

glyoxylate, 100, 110, and 196 mM−1 sec−1, respectively (45, 170). The specificity

constant for glyoxylate, 0.3 mM−1sec−1, is significantly lower. Therefore, it appears

that in the normal metabolic state GO does not play a major role in converting gly-

oxylate to oxalate. Nonetheless, the increase in the level of glyoxylate that occurs in

the peroxisomes of primary hyperoxaluria patients may enable GO to produce some

oxalate, particularly if the peroxisomal membrane is impermeable to glyoxylate as

suggested by one proposal (171). A determination of the concentration of enzymes

and metabolites within each compartment is clearly needed to ascertain how these

levels and the pH of the compartment could influence the flux of metabolites. The

latter is particularly true for LDH as its pH optimum is significantly greater than pH

7 (45, 172).

In summary, the molecular insights gleaned from the first inhibitor complex of

GO suggest that the design of specific inhibitors for PH treatment may be possible,

particularly if these compounds exploit the extended binding pocket including Trp110

and the structural rearrangements of loop 4. The inactivation of GO could result in a

significant decrease in the production of oxalate via glyoxylate. Future tissue culture

studies with GO inhibitors and analysis of the GO knockout mouse will be necessary

to test this proposal.
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Calcium oxalate kidney stone formation is a common problem in the developed

world, affecting five percent of the population (173). The associated health care and

medical costs are serious for the patient and result in significant economic loss (174).

The cellular pathways responsible for the metabolism of glyoxylate, the major oxalate

precursor, are diverse and highly regulated. However, three hepatic enzymes sit at

essential intersections for these pathways and control the flux of glyoxylate (32).

Alanine:glyoxylate aminotransferase (AGT), glyoxylate reductase/hydroxypyruvate

reductase (GRHPR), and glycolate oxidase (GO) link products from amino acid,

carbohydrate, and sugar metabolism, and feed into pathways such as gluconeogenesis

and the pentose phosphate pathway (32, 49, 109).

Mutations in the genes that code for AGT and GRHPR give rise to primary hyper-

oxaluria (PH). Primary hyperoxaluria type 1 (PH1) is caused by a defect or functional

absence of AGT, while primary hyperoxaluria type 2 (PH2) derives from mutations

in the gene encoding GRHPR (1, 112). These diseases highlight the importance of

maintaining the flux of metabolites through the glyoxylate-processing pathways. The

consequences of the disruptions caused by PH1 and PH2 shed light into the cellular

events that lead to calcium oxalate stone formation in PH patients and in those who

suffer from kidney stones but do not have PH (idiopathic oxalosis).

PH1 is an example of the possible advances in disease treatment that come from

an understanding of the molecular etiology of a disease (50). AGT catalyzes the

transfer of an amino group from alanine to glyoxylate, forming pyruvate and glycine.

The enzyme can also transfer an amino group from serine to pyruvate to reform
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alanine and produce hydroxypyruvate. A defect in AGT activity causes glyoxylate

concentrations to increase to the point that the molecule is oxidized by l-lactate de-

hydrogenase (l-LDH). Data from X-ray crystallographic studies have been used with

detailed biochemical analyses to link mutations causing PH1 to cellular mistargeting,

cofactor binding, dimerization effects, and structural stability (67–69, 75, 175). This

has allowed for a more detailed understanding of the biological mechanisms behind

current treatments and has informed their application to newly diagnosed PH1 pa-

tients (176). Additionally, the detailed knowledge provided by such analyses has led to

new proposed treatments including gene therapy and the use of molecular chaperones

to enhance enzyme stability (30, 31).

Application of such lines of thought to treatments for PH2 remains in its infancy.

GRHPR catalyzes the reduction of glyoxylate and hydroxypyruvate, forming glycolate

and d-glycerate, respectively, using NADPH (1). Mutations in the gene encoding

GRHPR lead to buildups of glyoxylate and hydroxypyruvate, which are converted

by l-LDH to l-glycerate and oxalate. Most identified mutations in PH2 patients are

thought to lead to rapidly degraded peptides. However, several mutations have been

identified that may lead to GRHPR with reduced enzymatic functionality (61, 92).

Rationalizing the effects of these mutations is hampered by the lack of data on the

kinetic parameters of the wild-type enzyme and the fact that no detailed kinetic

analysis had been done with the PH2 mutations.

A more detailed enzymological understanding of wild-type GRHPR activity as

described in Chapter 2 has helped elucidate the competition of GRHPR and l-LDH
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for glyoxylate and demonstrated how changes caused by the PH2 mutations alter

that equilibrium. Data from the analysis of those mutations will help determine

which steps in the catalytic pathway of the enzyme are affected and may help in

the development of treatments specific for those defects. Additionally, improving

on current methods of obtaining crystal structures of GRHPR will enable the more

rapid solution of structures with new substrate, product, and cofactor combinations

and may help in obtaining crystal structures of enzymes with PH2 mutations.

The full kinetic parameters for GRHPR with hydroxypyruvate and glyoxylate

largely agree with data obtained from cellular extracts and from homologous enzymes.

The preliminary kinetic parameters for l-LDH have been reported (45). Both GRHPR

and l-LDH have similar KM values for glyoxylate with their respective cofactors

(NADPH for GRHPR and NAD+ for l-LDH). The reduction of glyoxylate is driven

to GRHPR under normal cellular conditions by the higher availability of NADPH

compared to NAD+. However, changes in cellular concentrations of NADPH relative

to NADH could drive the reaction to the oxidation of glyoxylate to oxalate by l-LDH.

The wild-type kinetic parameters also provide a basis of comparison for the data

obtained from the PH2-causing missense mutations. The true kinetic parameters

of G165N could not be determined. However, the apparent KM for glyoxylate and

hydroxypyruvate did not change significantly from wild-type when measured with

100 µM NADPH. Instead, analysis at saturating glyoxylate indicates that the KM for

the cofactor, NADPH has increased dramatically. This can be rationalized with the

crystal structure because Gly165 lies in a highly conserved region of the NADPH-
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binding pocket. In contrast, when the R302C mutation was analyzed the KM for

NADPH did not change nearly as much as for G165N. Instead, the KM for glyoxylate

increased nearly twenty-fold. The data indicate that the primary effect of the R302C

mutation is on substrate binding and that cofactor binding and the kcat of the reaction

are not largely affected.

The data show the importance of understanding the metabolic causes that lead to

disease phenotype. Trends toward personalized treatment of disease require a detailed

understanding of the metabolic basis of the condition. The two PH2 mutations that

could be analyzed in this study affect different steps in the catalytic cycle. Treatments

that are effective for patients with one mutation may not be effective for the other.

For instance, a hypothetical treatment that enhanced the ability of GRHPR to bind

NADPH would most likely not be beneficial for patients with the R302C mutation.

The data also indicate that other mutations may have different effects than either

G165N or R302C. The M322R PH2 variant could not be purified after recombinant

expression due to proteolytic cleavage. This may be due to backbone instability

caused by the mutation, which marks the protein for proteolytic degradation. Such

effects also need to be considered in understanding the molecular etiology of PH2.

The X-ray crystal structure of the S36R/E38R crystal contact mutation provides

a framework for future analysis of GRHPR. This is the first crystal structure of the

enzyme that did not require synchrotron radiation. The combination of altering the

crystal contacts though rational mutagenesis and microseeding produced crystals that

diffracted well and resulted in a higher quality structure than previously possible.
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Additionally, the speed of structure solution was enhanced. Fewer crystals of the

S36R/E38R mutation needed to be screened during data collection before one of

sufficient quality was found. In comparison, wild-type GRHPR crystals required

extensive screening. Application of these new techniques may make it easier to solve

the structure of GRHPR in complex with other substrates, products, and cofactors

as well as to solve the structure of GRHPR with the PH2-causing mutations.

The third key enzyme in the pathways of glyoxylate metabolism, GO catalyzes

the FMN-dependent oxidation of glycolate to glyoxylate in the peroxisome (37) and

is described in Chapter 3. GO can also catalyze a second oxidation reaction, further

oxidizing glyoxylate to oxalate. Several questions remain unanswered before the role of

GO is fully understood. Determining the kinetic parameters of GO for glycolate versus

glyoxylate will give insight into the relative importance of the enzyme in endogenous

oxalate production. Additionally, GO displays a much wider substrate selectively

than other homologous enzymes. It is active on small two-carbon substrates such

as glycolate and glyoxylate as well as much larger α-hydroxy acids such as 2-OH-

palmitate. Exploring the unique substrate specificity of GO will provide insight into

substrate discrimination by the α-hydroxy acid dehydrogenase family. This will help

improve the prevailing hypotheses on the structural basis of substrate discrimination

for the enzyme family, which currently cannot account for the activity of GO. Finally,

detailed structural analysis of loop 4, which has not been visible in structures of

homologous enzymes, will help elucidate the role it plays in enzyme catalysis and

determine any link between the loop and events in the active site.
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The kinetic data presented for GO represent the first kinetic analysis with human

GO and various substrates. The results indicate that oxidation of glycolate is highly

favored over oxidation of glyoxylate. The high KM for glyoxylate compared to the

much lower KM of l-LDH shows that GO is most likely not contributing to cellular

oxalate production. However, the role of GO in PH cannot be ignored. The product

of glycolate oxidation is glyoxylate, which is removed by AGT. When AGT is enzy-

matically defective, GO contributes a significant amount of glyoxylate to the cellular

pool that is oxidized by l-LDH. Therefore, GO cannot be discounted as a possible

drug target. Inhibition of the enzyme may significantly reduce glyoxylate and oxalate

accumulation in PH1 patients through substrate depletion.

The data in Chapter 3 also confirm the ability of GO to oxidize substrates much

larger than the two-carbon glycolate or glyoxylate. In fact, the catalytic efficiency

with 2-OH-palmitate, which is sixteen carbons long, was over five-times greater than

with glyoxylate. Current hypotheses of substrate discrimination point to the size of

the residue at position 110 in GO. This residue is believed to act as a “gate keeper”

to the active site. Enzymes such as spinach glycolate oxidase (GOX) act on small

two-carbon substrates and have a bulky tryptophan at this position. Enzymes such

as mandelate dehydrogenase (MDH) act on larger substrates and have a much smaller

alanine at this position. However, GO is an anomaly in that it has a bulky tryptophan

at position 110 but is still active to large substrates.

Comparison of the crystal structures of GO in the “bound” state in complex

with glyoxylate and in the “open” state represented by the complex with the large
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inhibitor, CDST reveals the structural basis of substrate specificity. The tryptophan

residue at position 110 is able to swing away from the active site to make more room

for incoming and bulky substrates. The tryptophan in GOX has different hydrogen

bonding interactions and may not be able to change conformations. This leads to a

modification of the hypothesis of substrate discrimination amongst α-hydroxy oxidase

family. The size of the residue at position 110 is not sufficient to determine substrate

specificity. Instead, the ability of that residue to adopt multiple conformations must

also be taken into account.

The X-ray crystal structures also provide a possible role for loop 4 in the α-

hydroxy acid oxidase family. In the closed structure loop 4 is ordered and visible.

Residue Tyr208, which sits at the C-terminal end of the loop, forms hydrogen bonding

contacts with the side chain of Tyr134 and may serve to lock the loop into place. In

the open, unbound representation in complex with CDST, the loop is no longer visible

and the swinging out of Trp110 displaces Tyr134. This observation leads to a new

hypothesis for the role of loop 4. In the unbound state, Trp110 is swung out and

prevents Tyr208 from coordinating with the rest of the protein. Consequently, loop

4 is disordered. When glycolate binds Trp110 changes conformation and Tyr208

can interact with Tyr134. This causes a conformational change in loop 4, which

becomes ordered and serves to close off the active site from solvent. Knowledge of

the conformation shifts required for catalysis may be exploited in drug design efforts

to find molecular inhibitors of GO. This may represent a novel method for treatment

of PH and idiopathic oxalosis.
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The work presented herein sought to determine the roles that GRHPR and GO

play in the metabolic pathways of glyoxylate in human liver cells. The true kinetic

parameters were determined for GRHPR with hydroxypyruvate and glyoxylate with

NADPH. Additionally, kinetic analysis was performed with two of the three PH2-

causing missense mutations. This helped determine the effects the mutations have on

the catalytic cycle of GRHPR. A new method for obtaining diffraction-quality crystals

of human GRHPR was also developed that may be useful in future experiments to

elucidate the structural basis of substrate and cofactor specificity as well as exploring

the structural effects of the PH2 mutations. GO was also analyzed biochemically

to determine the kinetic parameters for several substrates. The structures of GO

in complex with several different molecules reveals the basis of the unique substrate

specificity and for the first time, shows the conformational changes in loop 4 that

affect catalytic activity and links those effects to changes in the active site that occur

upon substrate binding.

The kinetic parameters for GRHPR and GO reported here fill in significant gaps in

understanding for the enzymes crucial to glyoxylate metabolism (Figure 4.1). AGT,

GRHPR, and l-LDH all have similar KM and specificity constant values for gly-

oxylate. This indicates that AGT and GRHPR operate with similar efficiencies in

their respective compartments. Additionally, their relative importance to glyoxylate

metabolism is not due to the differences in the ability to detoxify glyoxylate. In-

stead, it is more likely due to differences in glyoxylate production in the peroxisome

versus the cytosol. The kinetic parameters of GO for glycolate are similar to the



103

Peroxisome
Ala

Pyruvate

Glyoxylate

Gly

AGT

Ser

Hydroxypyruvate

AGT

Hydroxypyruvate

GRHPR

D-Glycerate

Glyoxylate

Glycolate

LDHL-glycerate

Cytoplasm

LDH Oxalate

Glycolate

GO

Oxalate GO

LDH Oxalate

0.23/19631/1.4

0.18/100

0.18/100

0.14/29

0.75/430

0.220/1800.008/3600

3/0.3

Figure 4.1: Interplay of enzymes responsible for controlling the flux of metabolites in gly-
oxylate and oxalate production. Where known, the kinetic parameters for each reaction are
provided. The first number in black is KM in mM and the second number in red is the
catalytic efficiency in mM−1 sec−1.

other enzymes in the system for glycolate. This supports the hypothesis that under

normal conditions the enzymes involved in this metabolic system are regulated pri-

marily through compartmentalization and cofactor availability rather than enzymatic

efficiency. However, these conclusions assume that the enzymes are found in similar

concentrations within the cell and their substrates are freely diffusible across com-

partmental membranes. Further analysis is necessary and is addressed in the future

directions discussion below.

Although there has been no full kinetic analysis of l-LDH, there are preliminary

kinetic data available (45). The data also support the notion that cofactor availability

regulates the metabolic flux of metabolites through this system. This more complete

picture of glyoxylate metabolism reveals the consequences of the PH2 mutations. The
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decreased cofactor binding of the G165N mutant and lower substrate binding of the

R302C cause their catalytic efficiencies to be an order of magnitude lower than wild-

type GRHPR. This is sufficient to alter the flux in favor of l-LDH despite the lower

concentration of NAD+ relative to NADPH in hepatic cells.

Future Directions

• Work is currently progressing to identify the source of the unknown density in

the crystal structure of the GRHPR S36R/E38R crystal contact mutant. Ion

coupled mass spectrometry (ICMS) techniques are being utilized to analyze the

protein crystals (including buffer and crystallization solutions) and the sub-

strate and cofactor stocks for possible contaminants. Identifying the source of

the density will be useful in determining how it can best be removed and re-

placed with a substrate or product. Efforts are also being made to displace the

unknown molecule by exposing the crystals to high concentrations of glycolate

or glyoxylate. Once identified the molecule can be analyzed for possible use as

an inhibitor of GRHPR in cell studies.

The improved techniques for obtaining the crystal structure of GRHPR

should be utilized to further explore the binding modes of different substrates

and products as well as the differences in the binding of NADH and NADPH.

This will provide insight into the structural basis of substrate specificity and

catalysis. The work here shows that the recombinant expression of at least two

of the PH2 missense mutations is possible. This could be used to solve the crys-

tal structures of these mutants. This may provide information useful in further



105

understanding the basis of the altered kinetic parameters observed in this study.

• Continued analysis of the missense PH2 mutants will provide further insight

into the molecular basis of primary hyperoxaluria. The studies here addressed

the changes in the kinetic parameters caused by the mutations. Further analysis

into changes in the stability of the enzymes would prove useful. It is also not

known what percentage of the enzyme is degraded by the cellular quality-control

mechanisms such as ubiquitination followed by proteasomal degradation. This

is a common post-translational fate for enzymes that fold improperly. This is

especially relevant for the M322R mutation in continued efforts to express the

recombinant enzyme for biochemical analysis.

• The crystal structures of GO reported here would be useful in future drug

design efforts. The kinetic analysis of the enzyme indicates that it is not a

primary producer of oxalate. However, it does efficiently produce glyoxylate,

the primary precursor of oxalate. A suitable inhibitor of GO activity may serve

to lower the cellular oxalate pool through substrate depletion. This would be

useful for patients suffering from PH1 as the glyoxylate that builds up due to

the defective AGT may primarily come from the activity of GO. Additionally,

those suffering from idiopathic oxalosis may benefit from an inhibitor of GO for

the same reasons. Lowering the cellular glyoxylate concentrations may lead to

lower oxalate levels.

The crystal structure of GO bound to the inhibitor CDST may be a start-

ing point in the design of successful inhibitors in the future. While the work



106

presented here indicates that CDST itself is a potent inhibitor, it suffers form

poor bioavailability when administered to cells (Knight and Holmes, unpub-

lished data). However, the interactions with the active site as revealed in the

crystal structure can be used as a molecular scaffold to form the basis of the

design of other small molecules.

• Recent data have indicated that the breakdown of hydroxyproline in the mi-

tochondria may significantly contribute to the cellular concentrations of gly-

oxylate and oxalate. Hydroxyproline is generated from the metabolic break-

down of collagen found in animal tissue. The pathway from hydroxyproline

to glyoxylate is poorly understood but is known to involve hydroxyproline oxi-

dase (HPOX), 1P5C dehydrogenase, aspartate aminotransferase, and 2-keto-4-

hydroxy-glutarate aldolase (KHGA). Of these, HPOX and KHGA are unique

to the hydroxyproline metabolic pathway.

Work to determine the extent of the contribution of hydroxyproline metabol-

ism to cellular glyoxylate and oxalate would be useful in furthering understand-

ing the role of the system in contributing substrates for AGT and GRHPR

(41, 43, 177, 178). The data presented here show that determining this flux

of metabolites in the systems is key to understanding the cause of their build-

up. Of the enzymes involved in hydroxyproline metabolism, HPOX and KHGA

may represent ideal drug targets in efforts to eliminate oxalate production, as

they are unique to the pathway and their inhibition would not interfere with

other metabolic systems. Structural and biochemical characterization of these
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enzymes to determine their contribution to glyoxylate production could serve

as the foundation in the search from small molecule inhibitors. These efforts

are currently underway in the Holmes and Lowther laboratories at Wake Forest

University School of Medicine.

• Little is known about the concentrations of GRHPR, AGT, GO, and l-LDH

or their metabolites in hepatic cells. It is clear that the liver plays a central

role in glyoxylate metabolism and oxalate production. Knowledge of the con-

centration of metabolites such as glyoxylate, glycolate, alanine, glycine, and

hydroxypyruvate as well as their compartmentalization would complement the

enzyme kinetic data obtained. Similar analyses of hepatic cells from patients

suffering from hyperoxaluric conditions such as PH would provide insight into

the molecular nature of the diseases. The buildup of various metabolites may

also indicate new enzymes that might be targeted with drug intervention.

The long-term outlook for those suffering from hyperoxaluria depends on the con-

tinual analysis and improved understanding of the enzymes and systems involved in

glyoxylate metabolism. The future directions outlined above expand upon and com-

plete the analyses presented here. The ultimate goal of such work is a fundamental

understanding of the metabolic pathways of glyoxylate metabolism and the roles that

AGT, GRHPR, and GO play in their regulation. Such understanding of the molecular

etiology of PH provides the best prospects for treatments and eventual cures. The

conclusions from these studies further recent trends to the personalization of medical

treatments for PH that have already been shown to be effective for PH1 and are now
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beginning to be applied for patients with PH2.
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Abstract

Sufiredoxins (Srx) repair the inactivated forms of typical two-Cys peroxiredoxins (Prx)

implicated in hydrogen peroxide-mediated cell signaling. The reduction of the cys-

teine sulfinic acid moiety within the active site of the Prx by Srx involves novel sulfur

chemistry and the use of ATP and Mg2+. The 1.65 Å crystal structure of human Srx

(hSrx) exhibits a new protein fold and a unique nucleotide binding motif containing

the Gly98-Cys99-His100-Arg101 sequence at the N-terminus of an α-helix. HPLC

analysis of the reaction products has confirmed that the site of ATP cleavage is be-

tween the β- and γ-phosphate groups. Cys99 and the γ-phosphate of ATP, modeled

within the active site of the 2.0 Å ADP product complex structure, are adjacent to

large surface depressions containing additional conserved residues. These features and

the necessity for significant remodeling of the Prx structure suggest that the inter-

actions between hSrx and typical two-Cys Prxs are specific. Moreover, the concave

shape of the hSrx active site surface appears to be ideally suited to interacting with

the convex surface of the toroidal Prx decamer.
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A.1 Introduction

The ubiquitous peroxiredoxins (Prx)1 have garnered much attention given the roles

of family members in the detoxification of peroxides and the regulation of hydro-

gen peroxide-mediated cellular signaling. Work from several laboratories has shown

that these seemingly disparate roles are interrelated despite the differences in perox-

ide concentrations involved. For example, the typical 2-Cys Prxs reduce hydrogen

peroxide, alkyl hydroperoxides, and peroxynitrite via two conserved cysteine (Cys)

residues per active site located on different subunits of an obligate dimer (Figure

A.1) (1, 2). The peroxidatic Cys residue (Cys-SPH) attacks the -O-O- bond of the

substrate, producing the first product (e.g. H2O or ROH) and an oxidized, sulfenic

acid (Cys-SPOH) intermediate. During normal catalysis, the resolving Cys residue

(Cys-SRH) from the adjacent subunit reacts with the sulfenic acid group to form a

disulfide bond. Cellular thiol-containing redox donors such as thioredoxin (Trx) re-

turn the Prxs to the activated state through thiol-disulfide exchange reactions (1, 4).

During a transient intracellular burst of peroxide or oxidative stress conditions, the

Cys-SPOH intermediate can react, however, with another molecule of peroxide to

yield the inactive, sulfinic acid form (Cys-SPO−2 ) of the Cys-SPH residue (Figure A.1)

(5–8). The susceptibility of eukaryotic Prxs to this type of inactivation appears to

stem from two conserved sequence and structural motifs in the vicinity of the active

1Abbreviations: AMPPNP, adenylyl imidodiphosphate; Cys-SP H, peroxidatic Cys residue; Cys-
SRH, resolving Cys residue; Cys-SP OH, Cys sulfenic acid; ET-hSrx, engineered truncation of
hSrx; FL-hSrx, full-length hSrx; GSH, glutathione; HEPES, 4-(2-Hydroxyethyl)piperazine-1-
ethanesulfonic acid; hPrx2, human Prx2; Prx, peroxiredoxin; SeMet, selenomethionine; Srx, sul-
firedoxin; hSrx, human sufiredoxin; Trx, thioredoxin; TT-hSrx, trypsin-truncated hSrx.
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Figure A.1: The interrelationships between the catalytic and inactivation pathways of Prxs
and the proposed mechanism of Srx. In the upper part of the figure, the Cys-SPH and
Cys-SRH residues of the Prx dimer (each from one subunit of the dimer; indicated by the
divided rectangle) reduce peroxides, e.g. H2O2, through the formation of a sulfenic acid
intermediate (Cys-SPOH) and an intermolecular disulfide bond which is ultimately reduced
by a disulfide reductase (1, 2). Reaction of the Cys-SPOH moiety with another molecule
of substrate results in the formation of Cys sulfinic acid (Cys-SPO−2 ) and consequently the
inactivation of the Prx molecule. The proposed mechanism of Srx (dashed box) begins with
the activation of the sulfinic acid group by reaction with ATP (3). Additional steps include
the thiol-dependent (R-SH) resolution of a sulfinic phosphoryl ester (Cys-SPO2PO3

2−) and
thiosulfinate (Prx-Cys-SPO-S-Cys-Srx) intermediates. The second subunit of the Prx dimer
and the Cys-SRH residue are not shown in the Srx mechanism for clarity. See text for further
details.
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site. The lack of these features in most microorganisms may account, at least in part,

for the differing biological roles of Prxs in various organism (9).

The ability of the yeast protein sulfiredoxin (Srx1) to repair or retroreduce (a term

coined by the Rabilloud group) the yeast 2-Cys Prx called Tsa1 (3) was unexpected, as

Cys sulfinic and sulfonic acid generation was considered to be biologically irreversible

(10, 11). Purified Srx1 was able to reduce overoxidized Tsa1 in the presence of ATP

and Mg2+ or Mn2+ (3). A reductant, either dithiothreitol or thioredoxin, was also

required for the reduction of Tsa1-SO−2 to the Tsa1-SH form. Given the requirement

for ATP hydrolysis, generation of a sulfinic phosphoryl ester (Cys-SPO2PO2−
3 ) inter-

mediate was proposed (Figure A.1). The inactivity of the Cys84Ser mutant also led

Toledano and coworkers to further hypothesize the nucleophilic attack of Cys84-SH

of Srx1 on the phosphorylated intermediate, resulting in formation of a thiosulfinate

bond (i.e., a disulfide mono-oxide, Prx-Cys-SPO-S-Cys-Srx). Resolution of this com-

plex with reductant (e.g. Trx or glutathione) in this proposed mechanism would then

return both enzymes to their reduced states through putative Prx-Cys-SPOH and

Srx1-S-S-R intermediates.

In an effort to discern the molecular basis for the novel sulfur chemistry of Srx

and its interactions with Prxs, we have determined the crystal structures of human

Srx (hSrx) in complex with phosphate and in complex with ADP, a product of the

reaction. The structures reveal a new protein fold and a novel nucleotide binding

motif. Biochemical analysis has also confirmed the site of ATP cleavage during the

first step of the catalytic reaction. The overall concave shape of the hSrx active
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site surface suggests that hSrx is ideally suited to interact with the overoxidized,

doughnut-like Prx decamer.

A.2 Materials and Methods

A.2.1 Human Srx Purification and Crystallization

The full-length (FL-hSrx, residues 1–137) and engineered (ET-hSrx, residues 32–137)

constructs of hSrx were overexpressed in C41(DE3) E. coli using a modified form

of the pET19 vector (Novagen, Madison, WI) that contained an N-terminal His-tag

fusion and an intervening PreScission protease (Amersham Biosciences, Piscataway,

NJ) cleavage site. Upon elution of the protein from a nickel affinity resin, 2 mM

EDTA, 15 mM DTT and 10 U mg−1 PreScission protease were added sequentially

and incubated overnight at 4 ◦C. Removal of the His-tag in each case was verified by

mass spectrometry. The resulting proteins contained four additional residues (Gly-

Pro-His-Met) at the N-terminus left over from the protease cleavage site. The proteins

were further purified and buffer exchanged into 20 mM HEPES, pH 7.5, 100 mM

NaCl by passage through a HiLoad Superdex 75 gel filtration column. The proteins

were concentrated, aliquoted, flash frozen with liquid nitrogen, and stored at −80 ◦C.

FL-hSrx was treated with trypsin (1:50 w/w) to generate the TT construct (TT-

hSrx, residues 38–137). The Leu46Met, Leu49Met, Leu82Met triple mutant and the

Cys99Ser mutant of ET-hSrx were generated using the QuikChange Site-directed

Mutagenesis Kit from Stratagene and the proteins purified in the same manner as the

wild-type protein. Selenomethionine (SeMet) was incorporated into the Met triple

mutant by the growth of cells in minimal media and the repression of endogenous
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Met synthesis prior to induction (12). Crystals of the wild-type and the SeMet forms

of ET-hSrx were obtained by the vapor diffusion method. Equal volumes of protein

(14.5–16.7 mg mL−1 in 20 mM HEPES pH 7.5, 100 mM NaCl, with or without 5

mM DTT) and well solutions (1M sodium-potassium phosphate pH 8.5 and 6-10%

(±)-2-methyl-2,4-pentanediol) were mixed and incubated at 20 ◦C for 3–10 days as

sitting drops. Cryoprotectant (20% ethylene glycol, 1M sodium-potassium phosphate

pH 8.5, 10% (±)-2-methyl-2,4-pentanediol) was slowly added to the crystal drop over

a six hour period. Cryoprotectant for the ADP-bound structure also contained 200

mM ADP and 10 mM MgCl2.

A.2.2 Data Collection and Structure Determination

A three-wavelength MAD data set was collected on crystals of the Leu to Met

variant of SeMet-labeled ET-hSrx on beamline X12C at the National Synchrotron

Light Source (Upton, New York). The crystals exhibited P3221 symmetry (a=67.43,

b=67.43, c=51.07) with one molecule in the asymmetric unit. Native and ADP

data sets were collected on an in-house Rigaku/MSC MicroMax-007 generator with a

Saturn-92 CCD detector. Data were merged and scaled with d*Trek (Rigaku/MSC,

The Woodlands, TX). Three of the four potential selenium sites were found using

SOLVE (13). The phases were improved by solvent flattening and maximum like-

lihood density modification with RESOLVE (13). The resulting 1.9 Å resolution

electron density maps were unambiguous and the autobuild feature of RESOLVE was

able to generate 91% of the starting model. The chain trace and sequence register

were independently verified by examining 1σ and 5σ experimental electron density
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maps generated by refining the SeMet sites with MLPHARE and solvent flattening

with DM within the CCP4 program suite (14, 15). A comparison of the experimental

and composite omit electron density maps facilitated the modification and extension

of the model using O (16) and CNS (17). The SeMet-generated structure was used as

the starting model for the molecular replacement solution of the native data set. The

native structure required little rebuilding, but we did notice that Cys99, in contrast to

the two other data sets, was not oxidized to the sulfinic acid. The native structure was

used as the starting model for the ADP complex. At the initial stages of building for

the ADP complex, the electron density for the ADP molecule was clearest upon ex-

amination of a 3Fo− 2Fc map. The electron density for the ADP molecule gradually

improved with refinement. All models were initially refined with CNS using alter-

nating cycles of simulated-annealing, positional, and B-factor refinement. The final

cycles of refinement were performed with REFMAC5 (18). The final Rwork and Rfree

values for the native (Rwork/Rfree = 21.4/25.8) and ADP (Rwork/Rfree = 21.8/27.1)

structures are only slightly elevated from the average values observed in the Protein

Data Bank (18.5/23.0 and 19.0/25.0 for 1.6 Å and 2.0 Å resolution, respectively) (19).

Moreover, the Rfree values are similar to the expected values (26.4 and 26.8 for the

native and ADP structures, respectively) based on the reported correlation between

the Rwork and Rfree values.
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A.2.3 Oxidation of Human Prx2, Derivatization of hSrx, and
Analysis of Reaction Products

Human Prx2 was recombinantly expressed using the same vector system and expres-

sion strain as used for hSrx. The N-terminal His-tag was not removed after the nickel

column step. The protein was further purified by passage through anion exchange (Q

Sepharose HP) and size exclusion columns (HiLoad Superdex 200). The protein (20

µM) was oxidized to the sulfinic acid form by incubation (room temperature for 1 hr)

with a 500-fold molar excess of both H2O2 and dithiothreitol in 20 mM HEPES, pH

7.5, 100 mM NaCl. This treatment causes redox cycling of the hPrx2 with a fraction

of the enzyme being oxidized to the sulfinic acid form each cycle. The protein was

passed back through the Superdex 200 column to remove the excess H2O2 and dithio-

threitol. Complete oxidation of hPrx2 to the sulfinic acid form was confirmed by

thiol quantitation via reaction with 5,5-dithiobis(2-nitrobenzoic acid) (20) and mass

spectrometry.

A covalently blocked form of Cys99 within ET-hSrx was generated by incubation

of the thiol-containing protein with a 10-fold molar excess of iodoacetamide overnight

on ice (addition of -CH2CONH2, 57 Da). Complete derivatization was confirmed by

mass spectrometry.

The position of ATP cleavage was determined by eluting the reaction products

from a Mono Q anion exchange column with a 30 min linear gradient (1 ml min−1)

from 10 mM to 500 mM KH2PO4, brought to pH 6 with KOH, with monitoring at 254

nm. The AMP, ADP and ATP standards were injected at concentrations of 500 µM



145

each. The sulfiredoxin reactions contained: 25 mM HEPES pH 8.0, 100 mM NaCl,

500 M ATP, 1 mM MgCl2, 25 M wild-type, Cys99Ser, or iodoacetamide-derivatized

ET-hSrx, and 25 µM overoxidized hPrx2. The reactions were incubated for 1 hr at

37 ◦C. No ATP cleavage was observed for the reactions where hSrx or hPrx2 were

omitted from the reaction.

A.3 Results and Discussion

A.3.1 Protein Purification and Crystallization

The full-length human Srx gene (residues 1–137) was cloned into an expression vec-

tor (pET19b derivative) that resulted in the addition of an N-terminal poly-His tag

followed by an engineered recognition sequence for the PreScission protease (Amer-

sham Biosciences). Treatment of the recombinant hSrx with PreScission protease

and dithiothreitol (DTT) released the affinity tag. An analysis of sequence align-

ments, however, suggested that the N-terminal, glycine-rich sequence (35%; 13/37

residues) was unstructured and would prevent crystallization. Based on this analy-

sis the protein was also engineered with an N-terminal truncation up to residue 32

(engineered-truncation; ET-hSrx). Full-length hSrx was treated with trypsin in an

effort to identify additional sequences at the N- and C-termini that may also need to

be removed in order to facilitate crystallization. From the mass spectrometric analy-

sis of the resulting fragments, the core domain of hSrx (trypsin-truncation; TT-hSrx)

contains residues 38–137. Using this approach, 40–100 mg of the hSrx constructs

were prepared and screened using the vapor diffusion method of crystallization. All

three constructs showed similar activity (data not shown). Interestingly, only crys-
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tals of ET-hSrx could be obtained (see Materials and Methods). The largest crystals

diffracted to 1.5 Å resolution in house and were cryoprotected for data collection at

−170 ◦C by slow equilibration with a mother liquor containing 20% ethylene glycol.

The structure of ET-hSrx was solved using the multi-wavelength anomalous dis-

persion (MAD) method and selenomethionine (SeMet) incorporation (21, 22). In or-

der to use these methods, however, three conserved Leu residues (Leu36, Leu49 and

Leu 82) were mutated to Met since the wild-type, recombinant protein only contains

one Met residue left over from the PreScission protease cleavage site. This approach

Table A.1: Crystallographic Data, Phasing, and Refinement Statistics
SeMet L46,49,82M triple Mutant wild type wild type

peak inflection remote native ADP
Crystallographic Data

wavelength (Å) 0.9775 0.9778 0.9500 1.54 1.54
resolution range (Å) 33.7–1.9 38.5–1.9 38.4–1.9 38.7–1.65 29.6–2.0
no. of observed reflections 231032 232125 230540 118194 92049
no. of uniqe reflections 20516 20510 20507 16687 9562

Ra,b
sym 9.0 (29.9) 8.9 (28.4) 9.0 (29.6) 4.3 (23.4) 5.1 (28.8)

completenessa (%) 100 (100) 100 (100) 100 (100) 98.9 (92.2) 99.6 (95.3)
I/σa,c 18.4 (5.8) 18.8 (5.9) 18.0 (5.6) 24.3 (4.1) 30.9 (4.4)

Phasing
Overall Figure of Merit

Solve 0.60 (0.39)
Resolve 0.73 (0.43)

Refinement
Rd

cryst 21.4 21.8

Re
free 25.8 27.1

rms deviation
bond lengths (Å) 0.02 0.02
bond angles (deg) 1.57 1.83

Average B-factor (Å2)
protein 20.3 26.9
solvent 28.5 31.9
ligand (PO4, ADP) 18.2 46.7

Ramachandran analysis (%)
Most favored 95.6 95.6
Additionally allowed 4.4 4.4

aNumbers in parentheses refer to the highest-resolution shell:: SeMet data, 1.90–1.97 Å; native, 1.65–
1.71 Å; ADP complex, 2.00–2.07 Å. bRsym =

∑
|I− < t > |

∑
I where I is the observed intensity and

< I > is the average intensity of multiple symmetry-related observations of that reflection. cI/σ is the
value of the intensity measurments divided by their estimted standard rms deviation. dRwork =∑

hkl
|Fo − Fc/

∑
hkl
|Fo|, where Fo and Fc are the observed and calculated structure factors,

respectivly, for the 95% of the data used in refinement. Rfree is calculated as for Rwork with 5% of the
data excluded from refinement.
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often does not affect protein structure and affords phasing (12). All three engineered

SeMet sites were found during the phasing process using the program SOLVE (13).

The 1.9 Å resolution MAD-phased experimental electron density map was unambigu-

ous and the program RESOLVE was able to autobuild 91% of the model. The chain

trace and sequence register were independently verified as described in Materials and

Methods.

A.3.2 Overall Topology and Active Site

The SeMet structure was used to solve the 1.65 Å resolution structure of the wild-type

protein (Rwork/Rfree = 21.4/25.8%, Table A.1) by molecular replacement (Figure

A.2). As briefly mentioned above, crystals could only be obtained for ET-hSrx.

Analysis of the crystal contacts account for this phenomenon. Residues 29–37 project

away from the core of the protein at roughly a 170◦ angle to interact through two-

fold symmetry with residues 29–37 of another molecule (Figure A.3). Residues 54–59

from a third molecule add to these interactions forming a three-stranded, anti-parallel

β-sheet. FL-hSrx and TT-hSrx would not be able to form this unusual packing due

to steric restrictions and the loss of residues 29–37, respectively.

A DALI (24) search of the available structure database showed that the structure

of hSrx represents a new protein fold. The N-terminus of the protein (Figure A.2A)

leads into a five-stranded, mixed β-sheet. Helix α2 packs against the β-sheet with

its N-terminus oriented toward the center of the protein. Helices α1 and α3 cap the

ends of the structure. The preceding coil structure and helix α2 contain the signature

sequence for Srxs, Phe96-Gly/Ser97-Gly98-Cys99-His100-Arg101. This motif in the
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Figure A.2: Structure of human sulfiredoxin. (A) Overall fold of hSrx in complex with
phosphate. The α-helices (pink) and β-strands (blue) are numbered consecutively based on
the primary sequence. The N-terminal extension (residues 28–36) that protrudes from the
protein surface to establish an unusual crystal contact (see Supplemental Figure 1 online for
details) and the 310-helicies are not shown for clarity. Arg51, Cys99, His100, Arg101 and a
phosphate molecule (PO4) are shown in stick rendering to illustrate the relationship of the
active site structures to the novel protein fold. Atom colors are as follows: carbon, green;
nitrogen, blue; oxygen, red; sulfur, orange; phosphate, magenta. (B) Electron density
(simulated-annealing, Fo − Fc omit map contoured at 3.0σ) within the active site of the
refined model of wild-type ET-hSrx. Three water molecules (W1–W3) that interact with
the phosphate ion are also shown in red. (C) Molecular interactions between the conserved
GCHR motif of hSrx, phosphate, and solvent. Putative hydrogen-bonding interactions are
shown by dashed yellow lines. The phosphate molecule is bound by interactions with His100
and Arg101. The sulfur atom of the side chain of Cys99 is oriented outside the α2 helical
axis and is 3.5 Å from the NH2 atom of Arg51 (as shown in panel A and B). Panels A–C
generated with PYMOL (23).
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native structure coordinates a phosphate ion through multiple hydrogen bonding

interactions (Figure A.2B & C). Several water molecules (W1–W3) interact only with

the phosphate ion.

Figure A.3: Relationship between hSrx
molecules within the crystal lattice. Residues
28–36 of molecules A and B and residues
54–59 of molecule C generate a small
anti-parallel-β-sheet. This type of crystal
packing interaction would not be possible
wiht either full-length of TT (truncated after
residue 37) forms of hSRX. The phosphate is
observed in the selenomethionine and native
data sets are shown in CPK rendering.

The position of Cys99 at the N-

terminus of an α-helix is reminiscent of

many other proteins that use the α-

helix dipole to facilitate biological activ-

ity and phosphate binding [reviewed in

ref. (25)]. For example, thioredoxin and

its structural homologs, e.g. DsbA and

glutaredoxin, all contain a CXXC mo-

tif where the first Cys residue is located

at the N-terminus of the α-helix. The

analysis of model peptides and a wide

variety of site-directed mutants support

the activation of the thiol group, i.e. the

lowering of the pKa by several pH units

(26–28). In other enzyme systems, e.g.

papain and transglutaminase 3, the activated Cys residue is also part of a catalytic

triad containing an adjacent, non-contiguous His and Asp residues (29, 30). While

there is no apparent biochemical or structural relationship between hSrx and these

representative enzyme systems, the α-helix dipole motif most likely serves to activate
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Cys99 to the thiolate form (see discussion below). Arg51 which is located adjacent to

Cys99 (NH2 atom to Sγ atom distance of 3.5 Å) may further activate Cys99 as the

nucleophile of the reaction. This type of Arg-Cys interaction is also seen in Prxs and

methionine sulfoxide reductase B (2, 31).

A.3.3 ADP Complex, Novel Nucleotide Binding Motif, and
Site of ATP Cleavage

In an effort to determine the binding mode of ATP to hSrx, the solution bathing

the crystals of ET-hSrx was gradually exchanged with a synthetic mother liquor con-

taining ethylene glycol and 200 mM of a potential ligand, either ATP, ADP, or the

non-hydrolyzable ATP analog adenylyl imidodiphosphate, AMPPNP. Data sets were

collected and the structures solved by molecular replacement using the wild-type

structure as the search model. Only the 2.0 Å resolution ADP complex structure

(Table A.1) showed convincing electron density for the nucleotide (Figure A.4A). It

is unclear why the electron density for the other nucleotides was not observed, even

though one might expect ATP and its analog AMPPNP to be more likely to displace

the phosphate ion present in the active site of the native enzyme. A search for alter-

native crystallization conditions that do not contain phosphate and co-crystallization

experiments of wild-type and the inactive Cys99Ser mutant of ET-hSrx with ATP,

AMPPNP and ATP-γS are ongoing. As alluded to above, the β-phosphate group of

ADP replaced the phosphate ion seen in the native and SeMet structures via sim-

ilar interactions to His100 and Arg101 (Figure A.4A). The occupancy of the ADP

molecule was estimated with CNS to be 0.8. This value is consistent with the slightly
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Figure A.4: Structure of ADP bound to hSrx and the site of ATP cleavage. (A) Electron
density and molecular interactions between the enzyme, solvent, and ADP. Simulatedan-
nealing, Fo−Fc omit maps contoured at 2σ and 4σ for ADP (cyan) and the oxidized, sulfinic
acid form of Cys99 (Csd99, blue), respectively. Putative hydrogen-bonding interactions are
shown by dashed yellow lines. The adenine ring of ADP interacts with Ser64 and Thr68.
One of the oxygen atoms of the α-phosphate group interacts with Lys61. The oxygen atoms
of the β-phosphate group interact with His100, Arg101, W29 and W38. The backbone ni-
trogen atom of Arg101 also interacts with the oxygen atom (O1B) of the β-phosphate (not
shown). Additional hydrogen bonding interactions extend from water molecules W29 and
W38 to include Gly98, W52, W54, and Val56. Csd99 has interactions with the conserved
Arg51 and W18. (B) HPLC analysis of the site of ATP cleavage during the Srx reaction.
Nucleotide standards (black line) where eluted from the Mono Q anion exchange column
(see Materials and Methods) with monitoring at 254 nm. The Srx reaction was initiated
by mixing wild-type, overoxidized hPrx2, wild-type ET-hSrx, ATP and MgCl2 (red line).
After incubation at 37 ◦C for 1 hr, the samples were analyzed. Reactions were also carried
out where Cys99 of ET-hSrx was either pre-derivatized with iodoacetamide (green line) or
mutated to Ser (cyan line).
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higher average B-factor value (Table A.1) and the necessity to displace the phosphate

ion found in the active site of the native enzyme structure. Lys61, also a conserved

residue, was found to hydrogen bond to an oxygen atom of the α-phosphate group.

The only other hydrogen bonds to ADP were from Ser64 and Thr68 to the adenine

ring located within a shallow surface depression. A survey of the literature combined

with the DALI search results support the novelty of the Srx nucleotide-binding motif

(32, 33).

The phosphate-nucleotide binding motif of hSrx does, however, show some similar-

ity to protein tyrosine phosphatases and DNA ligases. For example, Srx and protein

tyrosine phosphatases (e.g. PTP1B) both contain a conserved Cys residue adjacent

to an Arg residue within a phosphate-binding motif. In PTP1B, however, the phos-

phate binding motif, (H/V)CX5R(S/T), replaces the His100 of Srx with several main

chain amide groups (34, 35). ATP- and NAD+-dependent DNA ligases connect two

DNA strands through a process where a conserved Lys residue that interacts with

the α-phosphate group becomes adenylated (36, 37). The presence of the Lys61-α-

phosphate interaction in hSrx (Figure A.4A) prompted us to confirm the nature of

ATP cleavage. ET-hSrx was incubated with the sulfinic acid form of recombinant

hPrx2 in the presence of ATP and Mg2+ (A.4B). The chromatographic separation

of the adenosine nucleotide standards and the Srx reaction products indicated that

cleavage occurred at the β-γ phosphodiester bond and not the α-β bond. This obser-

vation is the most reasonable given the proximity of the γ-phosphate to Cys99 and

the observed loss of activity when the yeast equivalent of Cys99 was mutated to Ser
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(3). Moreover, His100 is appropriately placed to stabilize the developing charge on

the bridging oxygen atom (Figure A.4A) (38). To determine whether ATP hydrolysis

was Cys99 dependent, the same reactions were performed with the Cys99Ser mutant

of ET-hSrx and wild-type ET-hSrx pre-treated with iodoacetamide. The alkylation

and mutation of Cys99 significantly reduced ATP hydrolysis, suggesting that Cys is

involved in this step of the reaction. It may be, however, that even the small alkyl

group added to the Cys99 residue or the subtle structural changes in the vicinity

of the mutation are significant enough not to allow the Cys-SO−2 group of the Prx

molecule to approach the γ-phosphate of ATP.

The electron density in the ADP-complexed form of hSrx also showed that Cys99

had been oxidized to the sulfinic acid form (Csd99, Figure A.4A) enabling a direct

hydrogen-bonding and salt bridge interaction with Arg51. The overoxidation of Cys99

was also observed in the SeMet crystals. In contrast to the native structure which

was collected on a freshly grown crystal, the latter structures were determined from

older crystals. This observation is similar to that found for DJ-1 (39). It is unclear

at this time whether the oxidation of Cys99 in hSrx has any biological relevance.

A.3.4 Model of the ATP Complex and Putative Interactions
with the Prx Decamer

The hSrx-ADP structure was used to generate an ATP complex model (Figure A.5A &

A.6). The γ-phosphate group could only be added to the ADP molecule in one orienta-

tion due to stereochemical constraints and potential collisions with active site residues

and the other phosphate oxygen atoms. In this model, the γ-phosphate propeller
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A B C

Figure A.5: hSrx surface features, hPrx2 active site, and model for the Srx:Prx interaction.
(A) Solvent contact surface representation (1.7 Å probe) of hSrx with ATP modeled within
the active site. Atom coloration is the same as in Figure 1. Residues highlighted by
black lines are strictly conserved. Gly98, Cys99, His100, Arg101, and Lys61 mediate ATP
binding. These residues along with Pro52, Asp58, Asp80, and Phe96 may also play a key
role in establishing the Srx-Prx macromolecular interface. Other residues that may also
contribute to the latter role are highlighted in red: Pro59, Ser64, Thr68, Lys116, Asp124,
Val127 and Tyr128. (B) Close-up view of the hPrx2 α2 dimer (purple and yellow chains)
on the perimeter of the sulfinic acid form of hPrx2 decamer (PDB code 1QMV) (40).
The hydrogen bonds between Csd51 (Cys51SPO−2 ) and Arg127 stabilize the active site.
Nearby within the same chain is the Gly-Gly-Leu-Gly (GGLG) motif, residues 93–96. The
Tyr-Phe (YF) motif within the C-terminal helix (residues 187–197) and the resolving Cys
residue, Cys172, are contributed from the adjacent subunit of the dimer. (C) Model for
the Srx:Prx interaction. (top) Edge-on view of four subunits of the Prx decamer before the
binding of Srx. The α2 dimer (blue) is shown in the center with the active sites and the
non-crystallographic, 2-fold axis colored yellow and red, respectively. Adjacent Prx subunits
within the decamer are indicated by the non-filled, black circles. (bottom) Srx molecules
(green) bound in an anti-parallel manner to the circumference of the Prx ring-like decamer.
Only the Srx molecules bound to the central Prx dimer are shown. The plus (+) symbol
is shown to indicate directionality. The Srx molecules may interact with each other and
adjacent Prx subunits.
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Figure A.6: Proposed binding mode of ATP
and the first step of the hSrx reaction. Pu-
tative hydrogen-bonding interactions between
hSrx and ATP (nucleotide and sugar struc-
tures denoted by A) are indicated by dashed
lines. The Cys sulfinic acid moiety of the Prx
molecule to be repaired is shown in bold. See
text for details.

makes a hydrogen-bonding interaction

with the backbone nitrogen atom of

Gly98 and is positioned above Cys99

which is located at the bottom of a sur-

face groove. Adjacent to the novel nu-

cleotide binding site are two other pock-

ets that presumably provide contacts to

the macromolecular substrate of hSrx,

the Prx doughnut-like decamer (1, 2).

The smaller of the pockets is proximalto

Cys99 and is lined by residues Arg51 to

Pro59. This region is separated from a

significantly larger pocket by Gly97-Gly98. Asp80 is prominently positioned within

the larger pocket lined by the side chains of Lys116, Tyr128, Asp124, Val127 and

Phe96. These features and the coil structures near the active site of Srx (Figure

A.2A) may not be as flexible as one might expect based on their surface location.

This is in part due to the presence of multiple conserved Pro residues and hydrogen-

bonding interactions. Based on the previous evidence that mammalian and bacterial

Prxs undergo dramatic structural changes in catalysis (2, 41), it is possible that Srx

may induce structural changes in the Prx decamer that it is repairing.

The overoxidation of hPrx2 results in the stabilization of the decameric form

of the enzyme (40). The five dimers within the (α2)5 decamer are arranged such
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that the active sites are oriented toward the outside of the toroidal structure in a

staggered fashion. A closer look at one hPrx2 active site (Figure A.4B) reveals that

the sulfinic acid form of Cys51 (Csd51, Cys-SPO−2 ), located on the N-terminal end of

a α-helix, interacts with a conserved residue, Arg127. As described by Wood et al.

(9), the GGLG and YF motifs are present only in peroxide-sensitive, typical 2-Cys

Prxs, including human Prx1-Prx4. These features are thought to slow the ability of

the Cys-SRH residue from the adjacent subunit of the dimer (>13 Å away, Cys172-

SRH in hPrx2) to form a disulfide bond with the Cys-SPOH intermediate during the

Prx reaction cycle (Figure A.1). Therefore, the sulfenic acid intermediate has more

opportunity to react with another substrate molecule, leading to formation of the Cys

sulfinic acid and Prx inactivation.

While the unique sequence and structural features of eukaryotic, typical 2-Cys

Prxs support the molecular basis for peroxide sensitivity and inactivation, they may

also impede access to the Cys-SPO−2 group that is to be repaired by Srx. Given the

dimensions of hSrx (∼25 × 25 × 50 Å, Figure A.5A), the symmetry and dimensions

of the hPrx2 dimer (∼50 × 50 × 60 Å), and the known compensatory changes that

occur in typical 2-Cys Prxs during catalysis (2, 41), a model for how one Srx molecule

could bind to each Prx chain of the dimer (Figure A.5C) was generated. The top

panel in Figure A.5C illustrates an edge-on view of four subunits of the Prx decamer

with the obligate dimer shown in the middle. As mentioned above, the Prx active

sites are oriented to the periphery of the decamer. Human Srx could dock to the

circumference of the Prx doughnut like a belt (Figure A.5C, bottom). The presence



157

of the non-crystallographic, 2-fold symmetry axis supports the idea that the Srx

molecules would have to bind such that their narrow dimensions are adjacent to each

other in an anti-parallel fashion, with the α1 and α3 helices functioning as molecular

calipers. It is unclear whether the Srx molecules will contact each other and adjacent

Prx dimers.

An analysis of the putative interface suggests that the displacement of the α-helix

containing the Prx YF motif and potentially the GGLG motif are compulsory. The

Prx α-helix containing the sulfinic acid group most likely also unwinds as observed

in other Prx structures (2). While it is premature to consider the specific details of

the Srx:Prx interactions without a structure of the complex, Asp80 of hSrx (Figures

A.5A) may play a key role in the remodeling of the Prx surface so that Cys99 of hSrx

can gain access to the buried Cys-SPO−2 moiety. It is tempting to speculate that Asp80

disrupts the stable Cys sulfinic acid-Arg interaction (Csd51-Arg127, Figure A.5A) of

hPrx2 by forming an interaction with Arg127. This interaction may facilitate the local

unfolding of the helix containing the Cys-SPO−2 moiety. Additional residues on the

surface of the Prx molecule may be important for Srx binding and catalysis. Chief

among these are residues that may interact with the unsatisfied hydrogen-bonding

sites of the ATP ribose ring and α-phosphate oxygen atoms (Figure A.4A) and the

small pocket adjacent to Cys99 generated by residues Pro52-Pro59 (Figure A.5A).
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A.3.5 The Putative Roles of Srx Residues in the Reaction
Mechanism

The crystal structures of hSrx presented herein and the biochemical data from the

yeast (3) and human Srxs (42, 43) suggest that the reaction begins with the attack

of the Cys-SPO−2 group on the γ-phosphate of ATP (Figure A.6). As described

above, however, considerable structural rearrangements most likely take place in Prx

for this step to occur. His100 and Arg101 of the novel nucleotide binding motif,

Lys61 (Figure A.2B), and potentially other residues at the Prx:Srx macromolecular

interface hold the ATP molecule in the correct register for catalysis. His100 most

likely functions to stabilize the developing negative charge on the oxygen atom that

bridges between the β- and γ-phosphates. While the nucleotide binding motif of hSrx

does remotely resemble the phosphate-binding motif of protein tyrosine phosphates,

the phosphorylation of Srx as the first step of the reaction seems unlikely given the

need to activate the stable sulfinic acid group. This latter possibility, however, cannot

be ruled out at this time.

Human Srx can also use GTP, dGTP and dATP as the phosphate donor in the

reaction (42). This is consistent with the hSrx structure as it can accommodate

the functional group differences between ATP and GTP. The ability of hSrx to use

the deoxyribose form of the nucleotides also suggests that an interaction with the

2′-oxygen atom is not essential for positioning the ATP molecule for catalysis or

mediating the Srx-Prx interface. The role of Mg2+ in the reaction is not apparent

since it was not observed in the ADP crystal structure even though 10 mM MgCl2
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was present during the crystal soaking experiment.

In the Srx mechanism proposed by the Toledano group (Figure A.1), the putative

attack on the ATP molecule leads to the formation of a sulfinic acid phosphoryl ester

on Prx. This activated intermediate is reminiscent of the activation of acyl groups by

ATP in a variety of enzyme systems (e.g. glutamine synthase, glutathione synthase, d-

Ala:d-Ala ligase, and the peptidoglycan synthetases MurC/MurD) (44–46). In these

systems the acyl phosphate intermediate is broken down by the addition of either

ammonia or the amine of an amino acid. The observation of DTT-reducible covalent

complexes between the yeast Prxs and Srx1 (3) suggests that the activated sulfinic

phosphoryl ester intermediate in the Srx reaction is broken down by the nucleophilic

attack of the sulfur atom of Cys99 of hSrx. The hSrx crystal structures suggest

that the pKa value of Cys99 is lowered by the α-helix dipole and an interaction with

Arg51. This proposal is consistent with the pKa of ∼7.3 for hSrx as determined by an

iodoacetamide titration (4). Based on the observation that DTT, glutathione (GSH)

and Trx can support the reaction (3, 42), the resulting thiosulfinate (a cystine-s-

monoxide) intermediate is broken down by the attack of a thiol on the Cys99 sulfur

atom. How GSH and Trx access the buried Cys99 residue in hSrx and in particular

the putative Srx-Prx complex is not obvious. Therefore, the apparent inefficiency of

hSrx (42) may be a consequence of the structural rearrangements needed to access the

sulfinic acid group at the beginning of the reaction, to release Srx from the Srx-Prx

intermolecular complex at the end of the reaction, or both.
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A.3.6 Biological Implications for Cys-SO−2 Formation and Re-
pair

Although this area is new to the field of protein repair, there is already some evidence

accumulating that Cys sulfinic acid formation and repair in proteins is not uncom-

mon (11). Indeed, several examples point to functional roles for Cys sulfinic acid

formation in the activation of nitrile hydratase (47) and matrix metalloproteinases

(48, 49). The Parkinsons disease protein DJ-1 is thought to be neuroprotective as a

consequence of its Cys sulfinic acid-driven mitochondrial targeting (50). Cys sulfinic

acid undoubtedly has additional roles in redox regulation, as well, although only a

few in vitro examples exist so far e.g., glutathione reductase inhibited by treatment

with NO-carriers (51), and the neutrophil S100A8 protein treated with hypochlorite

(52)]. These observations suggest that Cys sulfinic acid formation in proteins may

not just be inhibitory by removing thiols, but rather can modulate reactivity in a

more direct, functional way (53).

While the previous discussion may lead one to believe that hSrx may be a general

protein repair enzyme, the new crystal structures presented herein and the biochem-

ical data from the Rhee laboratory suggest the contrary. The novel fold of hSrx

generates an extended active site with large surface depressions near the catalytic

Cys99 residue (Figure A.5a). These surface features, the discrete placement of con-

served residues, and the apparent need for structural changes within the Prx substrate

suggest that the interactions of hSrx with typical 2-Cys Prxs (Prx1-Prx4) are specific.

This view is supported by the inability of hSrx to repair oxidized human Prx5 (an
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atypical 2-Cys Prx), Prx6 (a 1-Cys Prx) and glyceraldehyde-3-phosphate dehydro-

genase (GAPDH) (43). Moreover, hSrx was not able to repair Cys sulfinic acid of

the yeast typical 2-Cys Prx Tsa1, which is repaired by yeast Srx1, suggesting that

species-specific interactions may also be present. The unique 17 amino acid insert

found in yeast Srx, between α1 and β3 of hSrx, may be partly responsible for the

specific interaction between ySrx and Tsa1.

It will be intriguing to compare the substrate specificity of hSrx with the sestrins

(Hi95 and PA26) (54). The sestrins have also been shown to reduce Cys sulfinic acid in

a Cys-, ATP-, and Mg2+-dependent manner. The sestrins, however, are significantly

larger (∼60 kDa) than the Srxs and show no apparent sequence homology. Thus,

the sestrins may either preferentially repair the typical 2-Cys Prxs with currently

unknown structural and biochemical motifs or represent a more general repair enzyme.

The lack of sestrins within yeast, however, suggests that Srx in this organism may

have additional substrates.

A.4 Conclusion

Human Srx exhibits a new protein fold and a novel nucleotide binding motif containing

the consensus sequence Gly-Cys-His-Arg. In the first step of the reaction the ATP

molecule is cleaved between the β- and γ-phosphate groups. The γ-phosphate of

ATP and the essential active site Cys residue are located adjacent to large surface

invaginations containing additional conserved residues. These surface features and

the known conformational flexibility of the Prxs suggest that specific interactions

are made between hSrx and typical 2-Cys Prxs. The overall concave shape of the
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hSrx active site surface also suggests that the repair protein binds to the convex

perimeter of the Prx decamer. Additional interactions with adjacent subunits within

the decamer may further stabilize the macromolecular interactions.
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